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SUMMARY 
 

 

 The 3' to 5' exo-ribonucleolytic cleavage of RNA is involved in many 

processes, including precursor-RNAs trimming and mRNA degradation. In 

eukaryotes and archaea, the exosome is the major 3' to 5' exo-ribonucleolytic 

protein complex. Although structural information is available for different 

exosome complexes, the mechanism that regulates the degradation process 

remains unclear. Here, we used novel methods in NMR spectroscopy to study 

the exosome complex from the archaea Sulfolobus solfataricus, which has a 

relatively simple quaternary architecture. The archaeal exosome is composed 

of three Rrp41: Rrp42 dimers that form a hexameric ring, the catalytic core. 

Two additional cap proteins (Rrp4 and Csl4) bind this catalytic core and 

thereby provide substrate specificity. In this thesis, we addressed how the 

catalytic core interacts with the cap proteins and with substrate RNA. 

 

Molecular motions detected by nuclear magnetic resonance 

spectroscopy 

 

A combination of methyl group labeling and methyl-TROSY-based 

NMR experiments allows us to observe dynamic processes in the 180 KDa 

exosome core. First, we observed that the N-terminal helix of the Rrp42 

subunit exchanges between two conformations, reflecting unpredicted 

flexibility of the exosome core. The exchange rate between the two 

conformations is in the order of tens per second. We determined that one 

conformation is selected upon Rrp4 and RNA binding. In addition, we 

determined that the 3’end of the RNA inside the exosome core is highly 

mobile and jumps between the three active sites with rates in the order of 

thousands per second.  

 

Efficient degradation requires the exosome quaternary structure 

 

We demonstrated that the oligomerization of the exosome into a 

hexameric ring is important for the efficiency of the enzyme. First, this results 



  2 

in the formation of a neck that ensures processive degradation of the 

substrate RNA. Second, oligomerization creates a lumen with a high active 

site and RNA concentration. As a result, the low affinity between the RNA and 

the active site is compensated by local high concentration. Using a 

combination of biochemical and NMR experiments we could furthermore 

determine that about 100 RNA: active site encounters are required for one 

cleavage event to occur. 

 

In summary, this thesis provides unique and novel insights into the 

mode of action of the exosome complex. 
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ZUSAMMENFASSUNG 

 

 

Der exonucleolytische Abbau von RNA in 3'-5' Richtung ist in 

zahlreiche zelluläre Prozesse, wie z.B. den mRNA-Abbau oder die 

Prozessierung von vorläufigen RNAs, involviert. Der Exosomkomplex ist 

dabei die wichtigste 3'-5' Exoribonuclease in Eukaryoten und Archaeen. 

Obwohl die Struktur zahlreicher Exosomkomplexe aufgeklärt wurde, ist der 

Regulationsmechanismus des RNA-Abbaus weitgehend unverstanden. In 

dieser Arbeit wurden daher neuartige Methoden der NMR-Spektroskopie 

eingesetzt, um den Exosomkomplex aus dem Archaeon Sulfolobus 

solfataricus zu untersuchen, welcher eine vergleichsweise einfache 

Quartärstruktur aufweist. Der katalytische Kern archaeler Exosomkomplexe 

besteht aus drei Rrp41:Rrp42 Protein Dimeren, die einen hexameren Ring 

bilden. Substratspezifität wird durch zwei zusätzliche Proteine vermittelt (Rrp4 

und Csl4), die mit dem Exosomkern eine Verbindung eingehen. In der 

vorliegenden Arbeit wurde die Wechselwirkung des katalytischen Kerns mit 

Substrat- RNA sowie den Rrp4/Csl4 Proteinen untersucht. 

 

Untersuchung der Exosomdynamik mittels NMR 

 

Zur Untersuchung der Moleküldynamik des 180 kDa Exosomkerns 

wurde eine Kombination aus methylgruppenspezifischer Isotopenmarkierung 

und Methyl-TROSY-basierten NMR-Experimenten verwendet. Die Ergebnisse 

zeigen, dass die N-terminale Helix der Rrp42 Untereinheit in zwei 

unterschiedlichen Konformationen vorliegt, zwischen denen ein schneller 

Austausch im ms-Bereich erfolgt. Eine der beiden Konformationen wird dabei 

durch die Bindung von Rrp4 und RNA selektiert. Zudem konnten wir 

nachweisen, dass die Substrat-RNA im Exosomkern eine hohe Mobilität 

aufweist, und mit einer Rate von einigen tausend pro Sekunde zwischen den 

drei aktiven Zentren des Exosomkerns wechselt.  
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Die Quartärstruktur des Exosomes als Grundlage des effizienten RNA-

Abbaus 

 

Im Laufe dieser Arbeit konnte des Weiteren die Bedeutung der 

Oligomeren Struktur des Exosomes für die effiziente Katalyse gezeigt werden. 

Die Oligomerisierung führt zur Bildung einer Engstelle auf dem Weg in den 

katalytischen Kern des Exosomes, die für die Prozessivität des RNA-Abbaus 

entscheidend ist. Zudem entsteht durch die Oligomerisierung ein Hohlraum im 

inneren des Exosomes, der zu einer hohen lokalen Konzentration von RNA 

und katalytisch aktiven Zentren führt, wodurch die niedrige Affinität der 

katalytischen Zentren für RNA kompensiert wird. Durch die Kombination von 

biochemischen und NMR-Experimenten konnte außerdem gezeigt werden, 

dass ein RNA-Molekül in etwa 100-mal mit einem aktiven Zentrum in 

Verbindung treten muss, bevor es zur Katalyse kommt.  

 

Im Verlauf der Arbeit konnten somit zahlreiche neue Einblicke in die 

Funktionsweise des Exosomkomplexes gewonnen werden.  
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I. INTRODUCTION 

 

RNA degradation plays a central role in the regulation of RNAs levels. 

Indeed, defective RNAs and RNAs whose expression is no longer required 

are targeted to degradation. All types of RNA, from the stable functional RNA 

(such as ribosomal RNA or transfer RNA) to the more ephemeral messenger 

RNA are eventually subjected to degradation.  

 

The difference of stability between the various types of RNAs resides in 

their capacity to resist to the action of ribonucleases. Surprisingly, the 

maturation of many non-coding ribosomal RNAs involves the processing of 

precursors RNAs by endo- and/or exo-ribonucleases that are also involved in 

RNA decay (1). One notable example for such an enzyme is the exosome, the 

major 3’ to 5’ RNA degradation complex in eukaryotes. However, the 

regulatory mechanism that discriminates the partial degradation (trimming) 

from complete degradation remains unclear, despite the increasing amount of 

structures that are available of the complex. Structural studies of the exosome 

have benefitted from the discovery of the complex in Archaea (2) that harbors 

a simpler architecture than the eukaryotic one and, at the same time, shares 

similarities with the polynucleotide phosphorylase (PNPase), the counterpart 

of the exosome in bacteria (also found in mitochondria and chlorplasts). 

 

     1. The exosome-like complexes 

 

The PNPase, the archaeal and eukaryotic exosome are protein 

complexes composed of subunits that are evolutionary related to the bacterial 

RNase PH (figure 1). All these complexes form a barrel-like structure (3-7) 

that enables only single stranded RNA to enter in the ring chamber. Except for 

the eukaryotic exosome, these complexes harbor several active sites due to 

the intrinsic activity endowed in the subunits that form the catalytic core. As a 

result, the RNase PH possesses 6 active sites, where the PNPase and the 

archaeal exosome possess 3 active sites. Except for the eukaryotic exosome, 

these protein complexes also share a phospholytic activity (8) and are the 
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only enzymes that possess 3' to 5' phosphorolytic exoribonucleases that are 

known so far (6). In contrast to the RNase PH, the PNPase and the archaeal 

exosome also exhibit a polymerase activity, which is suspected to be the 

primary function from an evolutional point of view (9). The eukaryotic 

exosome evolved into a similar but asymmetric structure due to the fact that 

every polypeptide chain is different (5,10). Over evolution, none of its subunits 

conserved an active site and the eukaryotic exosome thus requires an 

additional subunit for its activity (11). The exosome-like complexes are 

involved in the majority of the 3' to 5' degradation RNA degradation pathways 

and are found in all domains of life. However, their implications in the RNA 3’ 

end degradation vary. The different functions of the PNPase, of the archaeal 

and eukaryotic exosome are described in the following paragraphs. 

 

 

 

Figure 1: Comparison of the exosome-like structures 

For each protein complex, the active sites are depicted with red spheres. The exosome and 

exosome-like complexes are sorted to visualize the progressive loss of active sites.  

A) The homo-hexameric RNase PH from Aquifex aeolicus (12). The six identical protein 

chains are colored in different shades of green (PDB: 1UDN). B) The home-trimeric PNPase 

from Streptomyces antibioticus (13). The three identical protein chains are colored in different 

shades of cyan (PDB: 1E3H). C) The archaeal exosome core complex from Sulfolobus 

solfataricus (4) that contains three Rrp41: Rrp42 dimers, colored grey and sand, respectively 

(PDB: 2BR2). D) and E) The eukaryotic exosome core structure (5) that contains six different 

protein chains (PDB: 2NN6). The three different proteins that form the cap of the complex are 

colored grey. The exosome from Arabidopsis thaliana seems to possess a single active site in 

Rrp41 (14) (D), in contrast to all the other eukaryotic exosomes that are inactive (E). 
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     2. The eukaryotic exosome 

 

The exosome is a protein complex involved in various RNA pathways, 

from maturation to decay (15,16). The exosome is the main 3' to 5' 

exoribonuclease in the nucleus and in the cytoplasm of all eukaryotes 

(animals, plants, yeasts and trypanosomes). In eukaryotes, the role of the 

exosome varies depending on its recruiting/assisting co-factors (17). The 

exosome participates in the maturation of rRNAs (18) by trimming the 3' end 

part of the pre-rRNA and by degrading the by-products during rRNA 

maturation. It is also involved in the maturation of other non-coding RNAs, 

such as snRNAs, snoRNAs or rRNAs (19). Abnormally folded non-coding 

RNAs (such as tRNAs) can be adenylated by the TRAMP complex prior to its 

degradation by the exosome. For degradation of RNA with secondary 

structures, the exosome requires the helicase activity of the ski complex. 

The exosome is also a key component in the mRNA surveillance. It 

degrades aberrant mRNAs (no-go decay, nonsense-mediated decay, non-

stop decay) and participates in the turnover of normal mRNAs as well. In 

eukaryotes, the poly(A) tail is essential for the integrity of the mRNA and 

ensures mRNA stability. It is bound to Poly(A) Binding Proteins (PABP) that 

offer protection against non-specific exonuclease activities. The poly(A) 

degradation is not initiated by the exosome but by the PAN2/PAN3 complex, 

followed by the CCR4/NOT complex. Then, the exosome removes the last 

nucleotides of the poly(A) tail and further degrade the mRNA (20). 

 

    3. The eukaryotic PNPase 

 

The exosome family also includes the polynucleotide phosphorylase 

(PNPase) that is present in bacteria, but also in chloroplasts and mitochondria 

of many eukaryotes. The PNPase seems to be important for the mammalian 

mitochondria homeostasis but the reason why is still unknown. Indeed, the 

PNPase is located in the mitochondrial intermembrane space where no RNA 

substrate has been detected yet (21). However, recent studies suggest that 

the PNPase, together with the RNA helicase hSuv3, are responsible for 

mtRNA decay in human (22). In Plant, the PNPase is found in the stroma of 
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the chloroplast where the RNA degradation is polyadenylation-dependent. 

There, the PNPase is able to add a heteropolymeric tail to the truncated 

transcripts in order to target them to degradation (23). In contrast to the 

mammalian mitochondria, the PNPase is located in the matrix of the plant 

mitochondria. Its function is very similar to one observed in chloroplast where 

it can behave as an exoribonuclease or as a polymerase for polyadenylation-

dependent RNA degradation (24).  

 

     4. The bacterial PNPase 

 

Despite a 5' to 3' degradation observed in B. subtilis (25), the main 

RNA degradation pathway in bacteria starts with the endonucleolytic cleavage 

of RNA which is facilitated by the 5' pyrophosphate removal (26). The 

resulting fragments then undergo a 3' polymerization that targets the RNA to a 

rapid 3' to 5' exoribonucleolytic degradation by either the PNPase, the RNase 

R and /or the RNase II. Although the polyadenylation is mainly carried out by 

the Poly(A) polymerase (PAP), the PNPase can also add heteroplymeric tails. 

This dual function seems to be regulated by the local concentration of ADP 

and Pi (27). The 3' end degradation of the RNAs is thus a balance between 

the action of PAP and the activity of PNPase, RNase II and RNase R (28).  

Alone, the PNPase can hardly degrade fragments with secondary 

structure. Nevertheless, in few cases, the PNPase is capable of nibbling the 

bottom of an hairpin and after several cycles of polydenylation followed by 

further nibbling by the PNPase, the hairpin could be completely degraded (29). 

The PNPase is often found associated with other proteins in the so-called 

degradosome. The degradosome is composed of the Rnase E, the RNA 

helicase B (RhIB), the enolase and the PNPase (30) together with other 

components in a sub stoichiometric amounts that modulate its activity (31).  

The importance of the PNPase varies between bacterial organisms. In 

cyanobacteria, PNPase appears to be the only polymerase and its deletion is 

lethal (32). But in E.coli, the deletion of PNPase is not lethal and results in a 

slower elimination of fragments resulting from mRNA decay (33). It implies 

that other enzymes with similar activities can compensate the lack of PNPase. 
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PNPase is shown to be also involved in degradation of stable RNA (34) but 

has not been observed to play a role in RNA maturation in bacteria. 

 

     5. The archaeal exosome 

 

In general, archaea show higher similarities to bacteria in term of 

morphology and higher similarities to eukaryotes at the molecular level. 

However, mRNA degradation in Archaea seems to be closer to that of 

bacteria. Like in bacteria, several RNase J homologs (CPSFs) have been 

found to exhibit either a 5' to 3' degradation or an endonucleolytic activity 

(35,36). In the exosome-containing archaea, the exosome appears to be 

involved in the majority of the 3' to 5' RNA degradation (mRNA, rRNAs) and is 

potentially involved in the rRNA maturation (37). Like in bacteria, a tail added 

post-transcriptionnaly to RNAs target them to rapid degradation. So far, the 

exosome is the only one polymerase detected (38) in archaea and appears to 

be  the major 3' to 5' exoribonuclease. Concerning the exosome-less archaea, 

even fewer is known. In these organisms, no polyadenylation is observed and 

the degradation is predicted to be either performed by an Rnase R homolog 

(like in Halophilic archaea)(39) or would solely depend on the putative Rnase 

J (as no other 3' to 5' exoribonuclease has been found yet in Methanogenic 

archaea)(35).  

In archaea, the exosome can be formed by up to 10 subunits (2). First, 

there is the catalytic core, which consists of a trimer of a Rrp41:Rrp42 dimer 

that assembles to form a barrel-like structure (4)(figure 1C). Rrp41 and Rrp42 

are two RNase PH-like proteins where only Rrp41 possess an active site. The 

catalytic core interacts with a trimeric complex composed of the RNA binding 

proteins Rrp4 (40) and Csl4 (41). Rrp4 has been shown to increase the 

degradation of poly(A) rich RNAs whereas Csl4 doesn't change the substrate 

specificity of the catalytic hexamer (42). The Csl4 subunit main role is to bind 

the 10th subunit, DnaG (43). DnaG is a bacterial type primase that coexist in 

archaea with the eukaryotic type primase PriSL protein complex (44). DnaG 

increases the affinity of the Csl4-exosome for poly(A) rich RNAs (43) and 

appears to be responsible for the membrane localization of the exosome (45). 
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DnaG also seems to be involved in the polynucleotidylation and the 

degradation of rRNA by the exosome (46). 

 

     6. In-vivo regulation of the S. solfataricus exosome 

 

The presence of an exosome in archaea was accurately predicted in 

2001, with Rrp41, Rrp42 and Rrp4 in the same operon (37), whereas Csl4 is 

located in another operon. The presence of an exosome in archaea was 

confirmed several years later and revealed that the DnaG is strongly 

associated to the exosome (2). As the co-immunoprecipitation always leads to 

the detection of Rrp4 and to a lower extent Csl4 and DnaG, it is believed that 

the hexameric core is not present in-vivo without these RNA-binding proteins 

(41). The presence of RNA binding-domains (zinc finger, S1 and KH domains) 

in the cap proteins allows a stronger binding of the RNA to the exosome and 

thus improves degradation (42). In addition, the cap proteins differ in their 

substrate specificity suggesting that the composition of the cap affects the 

type of substrate RNA recruited and consequently degraded by the hexamer 

(42). The heteromeric caps are found in-vivo but the exact stoichiometry of 

Rrp4/Csl4 remains unclear. Csl4-rich exosomes are mainly found in the 

insoluble fractions whereas Rrp4-rich exosomes are mostly present in the 

soluble fraction (41). The presence of the Csl4-rich exosomes in the insoluble 

fractions is correlated with the co-localization of Csl4-exosome with DnaG to 

the membrane (45). DnaG is also suspected to facilitate the addition of 

heteropolymeric tail to native rRNAs which enhances their degradation (46). 

Taken together, the different composition of the cap proteins together with 

DnaG seems to affect its localization and could regulate its availability. 
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II. AIM OF THE PROJECT 

 

As described above, the exosome is a major component of the RNA 

degradation in the majority of the archaea species. The archaeal exosome 

exhibits a phosphorolytic and polymerase activity that is simply regulated by 

local concentration of ADP and inorganic phosphate. It also harbors a three-

fold axis symmetry, which results in the presence of three identical active sites.  

 

The aim of my thesis is to obtain more information on the mechanistic 

by which the archaeal exosome degrades RNA in solution. Indeed, a better 

comprehension of this mechanism is necessary to elucidate the regulation 

that discriminate between partial trimming from complete degradation or 

polymerization. In addition, understanding this mechanism would be helpful to 

explain the progressive loss of active sites in the exosome-like complexes 

throughout evolution. 

 

Due to its relatively simple structural architecture, the archaeal 

exosome could be efficiently purified. It is also stable in isolation (especially 

the catalytic core), which considerably increases the range of applicable 

techniques. We decided then to focus on the hexameric core of the exosome 

from Sulfolobus solfataricus to clarify how it interacts with RNA during the 

catalytic process. 

 

Among the different techniques used in this project, Nuclear Magnetic 

Resonance (NMR) experiments were decisive to detect the molecular motions, 

essential for comprehending protein functions. The importance of protein 

dynamics and the description of the main NMR experiments used to detect 

these dynamics are emphasized in the next paragraph, followed by the results 

section. Results from the work that forms the basis of this thesis have been 

published in international peer reviewed journals. In the results section, I will 

summarize these results and elaborate on experiments that were not part of 

the publications. 
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III. PROTEIN DYNAMICS 

 

     1. Structural studies: importance of the dynamics 

 

Many of the discoveries mentioned before have been obtained with the 

help of crystal structures that brought a considerable amount of information. 

However, the paradigm structure ↔ function might not be sufficient to explain 

in detail the mechanisms that regulate these proteins.  

 

 

 

Figure 2: The conformational energy landscape of proteins. 

A protein can be present in solution in a multitude of different conformations, separated from 

each other by energy barriers. The substrates and equilibrium fluctuations possess a 

hierarchy that can be separated in tiers, as described by Ansari & al. (47). Tier 0 dynamics 

corresponds to slow fluctuations between kinetically distinct states (here state A and state B). 

Within these tier-0 states, faster fluctuations between closely related states are observed and 

are classified in the lower tiers. A change in the system (ligand binding, mutation…) could 

affect the energy landscape (represented in light and dark blue). (Figure taken from Henzler-

Wildman & Kern (48).) 
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In recent years, dynamics has been shown to play a crucial role in 

protein functions and led to the notion of energy landscape of proteins. The 

energy landscape of a protein defines the relative probabilities of the 

conformational states (thermodynamics) and the energy barriers between 

them (kinetics) (47)(Figure 2). From this emerges the concept of 

“conformational selection and population shift” (49) where the ligand does not 

induce the formation of a new structure (like in the induce fit model (50)) but, 

instead, selects a pre-existing structure. But the distinction between the two 

models is not absolute as an increasing number of cases show that 

conformational selection is often followed by conformational adjustment (51). 

The conformational selection, or in other words stabilization of a high-energy 

conformation, has been found for various types of interaction (protein-ligand, 

protein-protein, RNA and DNA interactions), regulation (where 

phosphorylation stabilize one conformer), and allostery (where ligand binding 

induces population redistribution) (reviewed by Boehr & al. (52)). 

 

     2. Detection of protein dynamics  

 

The transient high-energy conformations, in dynamic with lower-enegy 

ground state conformations, are often populated to only low level and are 

therefore difficult to observe. The structures determined by X-ray 

crystallography only show one possible conformation and could hide the 

highest-energy conformers that we are interested in. However, these invisible 

states begin to be observable thanks to new advances in Nuclear Magnetism 

Resonance spectroscopy (NMR) techniques (53,54) and in single-molecule 

fluorescence energy transfer (FRET)(55). Whether they are directly 

observable or not, the different conformations are exchanging with different 

rates, depending on the type of structural changes (Figure 2 and 3).  

Among the various techniques that could be used to detect dynamics 

(Molecular Dynamics simulations, FRET, time-resolved X-ray crystallography, 

NMR, Structural Mass Spectrometry) we decided to use Nuclear Magnetic 

Resonance spectroscopy (NMR), since it gives atomic resolution over a wide 

range of exchange process frequencies (56) (Figure 3). Until recently, the 

NMR applications were limited to rather small proteins but new methodologies 
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now enable the study of protein complexes that could reach up to 1.1 MDa 

(57).  

 

 

 

Figure 3: Time scales of protein dynamics in proteins and the different 

techniques to detect these fluctuations.  

(Figure adapted from Henzler-Wildman & Kern (48) and from Bothe J.R & al. (58).) 
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IV. NUCLEAR MAGNETIC RESONANCE SPECTROSCOPY 
 

     1. Brief overview of the NMR technique 

 

NMR is a method that exploits the magnetic properties of certain 

nuclei; especially the nuclei with a spin ½ because they only possess a high 

and a low energy state. The most frequently spin ½ used in biomolecular 

NMR are the 1H, 13C, 15N and 31P that enable the proteins to be “NMR visible”. 

The sample is placed in a strong magnetic field (B0) that, on average, align 

the nuclear spins in its direction. The low-energy state of the nuclei can 

undergo a transition to the high-energy state by the absorption of a photon 

that matches exactly the energy difference between the two states. This 

energy is provided to the sample by applying radio frequency pulses that are 

perpendicular to B0. As a result, the nuclear spins are not aligned anymore 

with B0 and the precession of the nuclear spins can be detected. The 

frequency of precession, called Larmor Frequency, is detected as a time-

dependent current (sinusoid signal) named the Free Induction Decay (FID). 

The FID time domain signal (sinusoid signal) is finally converted, via the 

Fourier transformation, into a frequency domain (spectrum) with the different 

nuclear spin frequencies (chemical shifts).  

The power of NMR spectroscopy results from the fact that each 

nucleus precesses at a unique frequency depending on the type of nucleus 

and on its local chemical environment. Solvent exposure, secondary structure, 

aromatic ring currents, bond torsion angles and hydrogen bonds are several 

examples of factors that determine the local magnetic field for each spin and 

thus make them distinguishable from each other.  

The NMR experiments differ from each other by their pulse sequences, 

which defines the type of nucleus to excite, the magnetization transfer 

pathway from one nucleus to another, the suppression of unwanted signal 

and the selection of a specific quantum coherence. As an example, the pulse 

sequence of a Heteronuclear Multiple-Quantum Correlation (HMQC) 

experiment is described in the following section. 
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     2. HMQC experiment 

 

 

 

Figure 4: Pulse sequence of a HMQC experiment 

In this pulse sequence, the homonuclear J-couplings between 1H-1H and 13C-13C are not 

suppressed and would lead to peak broadening. However, the samples we used only contain 
1H and 13C nuclei in the methyl groups of selected amino acids (see below) in an otherwise 

fully 12C and 2H labeled background, therefore 1H-1H and 13C-13C J-couplings are not present. 

During detection, the 1H-13C J-couplings are suppressed with a decoupling pulse on the 

carbons to avoid splitting of the signal. 

 

 

Let's assume that an HMQC pulse sequence (figure 4) is applied on an 

isoleucine. First, all the protons are excited with a 90 degree pulse that 

creates transverse magnetization. Each proton - HN, Hα, Hβ, Hγ12, Hγ13, Hγ2, 

Hδ (illustrated in figure 5A) - evolves at their Larmor frequencies during the 

first period τ and under the effect of heteronuclear scalar coupling (connection 

of two spins through chemical bonds) from N, Cα, Cβ, Cγ1, Cγ2, and Cδ. 

Note that the first pulse creates coherence between the coupled 1H and 13C, 

which becomes maximal after the period τ. Then, the polarization is 

transferred from the 1H to their coupled 13C with a 90 degree pulse on the 

carbons which creates heteronuclear multiple-quantum coherences (giving its 

name to the pulse sequence) that doesn’t allow evolution of the heteronuclear 

couplings. During the period t1, we let the carbon nuclei evolving at their 

corresponding Larmor frequencies. The 180 degree pulse on the protons in 
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the middle of t1 ensures that no proton chemical shifts are evolving during t1. 

Then, the magnetization is transferred back to the proton with a 90 degree 

pulse on carbon, followed by a second period τ to get the optimal polarization 

transfer. Furthermore, the second period τ refocuses the chemical shift of the 

protons that evolved during the first period τ. During the acquisition time, the 

different chemical shifts of the protons are recorded, Fourier transformed and 

stored as a 1D spectrum. The same pulse sequence is applied to the sample 

with different periods of t1 and stored separately. Since the modulation of the 

amplitude of the signals in the different 1D spectra is due to the evolution of 

carbon chemical shifts during the evolution time t1, a second Fourier 

transformation is performed in the orthogonal dimension to extract the 

chemical shift of the coupled carbons.  

 

 

 

 

Figure 5: Theoretical HMQC spectrum of an isoleucine. 

A) Schematic representation of an isoleucine involved in a peptide bond. 

B) Corresponding spectrum of the isoleucine represented in A).    
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The spectrum of one isoleucine could, in principle, looks like the one 

depicted in figure 5B. The red peak corresponds to the proton Hα that is 

coupled to the Cα. The peak arises at the intersection of the chemical shift of 

the proton Hα and the chemical shift of the Cα. The same will be observed for 

the coupled Cβ and Hβ, Cγ2 and Hγ2, Cδ and Hδ. Note that the peak 

intensity of the two latter ones are more intense due to the fact that the three 

protons of the methyl groups are rotating so fast around the methyl symmetry 

axis that there are behaving as three identical protons. Unlike the methyl 

group protons, the two protons Hγ12 and Hγ13 give two different peaks. As 

they are coupled to the same carbon Cγ1, they appear at the same carbon 

chemical shift. However, the proximity of the carbon Cγ2 will influence the 

local magnetic field of the proton Hγ12 and leads to a slightly different proton 

chemical shift than Hγ13. 

 

     3. Relaxation in NMR 

 

Relaxation refers to the process by which the spins in the sample 

return to equilibrium due to interactions with the surrounding. After the RF 

pulse, the loss of coherence among nuclei that rotate at their own Larmor 

frequency is called the transverse relaxation. In addition, the high-energy 

state of the nuclei converts back to the low energy state by transfer of energy 

to the surrounding; this phenomenon is referred to the spin-lattice relaxation. 

These two types of relaxation vary from one protein to another and influence 

the quality of the signal. Fast relaxation is one major cause of the decay of the 

FID, which eventually causes peak broadening in the spectrum. The size of 

the protein is the main limitation for NMR investigations because larger 

proteins induce faster relaxation. However, new methodologies have been 

developed to slow down the relaxation and extend the NMR applications to 

larger proteins. 

 

     4. Dipolar interaction 

 

Due to its high sensitivity and its ubiquity in biomolecules, the proton is 

an essential nucleus in biomolecular NMR. However, the ubiquitous protons 
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also possess other properties that become a disadvantage for NMR. Indeed, 

because of its high magnetic dipole, the proton engenders dipolar interaction 

between spins especially the 1H-1H and the heteronuclear 1H-13C or 1H-15N. 

These dipolar interactions are the most common cause of relaxation of 

protons. Depending on their relative orientations with respect to the external 

filed B0, the dipole-dipole interaction will slightly increase or decrease the local 

magnetic field. For small proteins, the dipolar coupling is close to zero due to 

their fast tumbling rates that tends to average out the relative orientation in the 

strong magnetic field. However, the slow tumbling rates of large molecules 

poorly average out these dipole-dipole interactions and some equivalent 

nuclei (nuclei with the same chemical shift) from different proteins will 

experience small differences in their local magnetic field. As a result, the 

precession of these nuclei will not be perfectly identical at all times and will 

lead to transverse relaxation.  

There are two approaches to overcome the relaxation induced by the 

dipole-dipole interactions. First, the tumbling rate of large molecules could be 

increased by simply performing NMR experiments at higher temperatures. 

Second, the dipole-dipole interaction could be diminished by replacing the 

proton 1H by deuterium 2H (59,60). The interesting characteristic of deuterium 

lies in its gyromagnetic ratio that is 6.5 times lower than that of the proton. 

Since the dipolar interaction between 13C or 15N to an attached proton is 

proportional to the square of their gyromagnetic ratios, the benefits of 

replacing proton to deuterium in a protein appears obvious. In addition, the 

presence of deuterium in the solvent suppresses spin diffusion that takes 

place between protons from the protein and protons from the solvent (59). 

 

     5. Transverse Relaxation Optimized Spectroscopy (TROSY) 

 

Another method to overcome the high relaxation of large molecules is 

the Transverse Relaxation Optimized Spectroscopy (TROSY)(61). As merely 

broached in the description of the HMQC pulse sequence, a pulse sequence 

has the aim to create coherence between coupled spins in order to correlate 

them in the spectrum. The type of coherence that is created depends on the 

pulse sequence and several types of coherences could be present at the 
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same time. The TROSY idea is to select only the coherences that relax slowly 

and to isolate (not mix) these from those that relax faster. In the HMQC, the 

coherence that is selected is the slow relaxing multiple quantum coherence. 

But at the same time, the HMQC experiment creates 1H-1H couplings that 

enhance relaxation, which is poorly averaged out for large molecules (see 

above). Therefore, for large molecule the HMQC experiment is a balance 

between slow relaxing coherence and relaxation induced by J couplings. It 

turns out that for large molecules, the benefits of the multiple quantum 

coherence is higher than the relaxation induced by the 1H-1H dipole relaxation, 

especially for methyl groups. Although the gain of sensitivity induced by the 

TROSY enlarged the range of proteins amenable for NMR investigation (62), 

large asymmetric protein complexes will also suffer from a significant amount 

of overlapping peaks. 

 

     6. Peak overlap 

 

High molecular weight proteins or protein complexes means a high 

number of amino acids. Even by choosing one group per residue (such as the 

amide group), the number of unique resonances can be very large (100s), 

which can result in significant resonance overlap in two dimensional spectra. 

Reducing the number of peaks appears then as a necessity to study large 

molecular complexes by NMR. This could be achieved by labeling the protein 

with few selected amino acids. The methyl group labeling is an interesting 

option as several amino acids contain a methyl group (methionine, isoleucine, 

leucine, valine, threonine and alanine). Because of their hydrophobicity, these 

residues are found in the hydrophobic core of proteins and are therefore 

excellent probes of the structure (63). Conveniently, they are also widely 

spread over the primary sequence of the protein. In addition, the three-fold 

symmetry, together with the rapid rotation around the methyl symmetry axis, 

generates favorable relaxation properties (64), used by the HMQC (see 

above). Finally, the methyl groups are well dispersed in 1H–13C correlation 

map which lower even more the probability of peak overlap.  
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     7. Methyl-TROSY-HMQC 

 

Among the different NMR experiments developed for large proteins 

(62,65), the best approach to study very large protein complexes by NMR 

appears to be a combination of the strategies mentioned above. First, the 

protein is deuterated and combined with the methyl group labeling. The NMR 

visible nuclei (1H and 13C) are therefore only present in methyl group of 

selected amino acids. Deuteration also cancels the 1H-1H dipole relaxation 

that could arise from the use of HMQC. Relaxation is further reduced with the 

use of TROSY-HMQC (63) that select the slow relaxing multiple quantum 

coherence. Various biological assemblies have been studied using methyl 

TROSY spectroscopy (64), extending the range of NMR applications to very 

large molecular complexes.  

 

All the NMR experiments presented in this thesis derive from the 

TROSY-HMQC and involve the methyl group labeling strategy. It enabled us 

to study the structural dynamics of the exosome from the archaea Sulfolobus 

solfataricus and, together with biochemical methods, helped us to 

characterize more precisely its mode of action. 
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V. RESULTS 

 

     1. The N-terminal helix of Rrp42 exhibits two conformations 

 

          A. Detection of the two conformations 

 

The methyl group assignment of the isoleucines (δ1), leucines and 

valines (ILV) of Rrp42 in the monomeric form was previously obtained thanks 

to the work of Georg Dorn. The assignment of ILV residues from the 

monomeric Rrp42 was then used to facilitate the assignment of the ILV 

residues of Rrp42 in the hexameric complex (the “devide and conquer” 

approach, paper 1 figure S2A). It reveals that in the hexameric complex, five 

residues (Ile 10, Ile 13, Ile 19, Ile 27 and Ile 220) display two sets of peaks 

(figure 7; paper 1 figure 1) in contrast to the monomeric form of Rrp42 where 

these five residues display only one set of peaks. Except for the Ile 10, the 

peak intensity ratio between the two sets of peaks (refer to state A and state 

B) is about 3. Interestingly, these five residues cluster in the N-terminal helix 

of Rrp42 and could reflect a dynamics process in this region (figure 8; paper 1 

figure 1). Since the detection of two peaks for a single residue is a hallmark of 

slow exchange on the NMR scale, we choose to perform longitudinal 

exchange experiment to characterize the dynamics of the N-terminal helix of 

Rrp42.  

 

          B. Quantification of the exchange rate 

 

To extract the exchange rate between the two states, we used two 

independent NMR experiments: the longitudinal exchange (explained in figure 

6 and the multiple quantum dispersion (explained in figure 7). We show that 

the N-terminal helix of Rrp42 experience a global conformational exchange 

(paper 1 figure 2) which is induced by the formation of the hexameric core. 

The two experiments give similar exchange rates which are 36 (± 1.9) per 

second for the longitudinal exchange and 44 (± 26.8) per second for the 

multiple quantum dispersion (paper 1 figure 2). 
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Figure 6: Principle of the longitudinal exchange experiment. 

(Note that this experiment is also called magnetization exchange spectroscopy (EXSY) or zz-

exchange.) The z-magnetization is not subject to the fast transverse relaxation but only to the 

slower spin-lattice relaxation. This allows the “stabilization” of the magnetization for up to ~5 

sec and therefore the detection of slow exchange processes during the mixing time T. 

Top) Because of the introduction of a mixing time period in the pulse sequence, the protons 

could not be efficiently refocused before the detection in a standard HMQC. Therefore, the 

heteronuclear polarization transfer is here performed by an INEPT that allows optimal 

refocusing of the protons before detection. The 90 degree proton pulse at the end of the 

INEPT is removed to create multiple quantum (MQ) coherence instead of single quantum 

(SQ) coherence. During the mixing time, the 13C and 1H spins are both in the z-axis, which 

allows exchange between the two states without chemical shift evolution or J-couplings. 

Bottom) During the mixing time T, the inter-conversion between the state A and the state B 

continues to occur and gives rise to a cross-peak at the 13C chemical shift of A and the 1H 

chemical shift of B, and vice versa. HMQC spectra are then recorded for different values of 

the mixing period T. The intensities of the auto and cross peaks are plotted as a function of 

the mixing times. The intensities of the cross-peaks (AB and BA) initially increase as a 

function of T, as the molecules are given more opportunity to exchange. For longer delays, 

the intensities of all peaks decrease, due to spin relaxation. 
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Figure 7: Multiple quantum dispersion experiment. 

Top) Simplified pulse sequence of MQ dispersion experiment, also called Carr-Purcell-

Meiboom-Gill (CPMG) dispersion experiment. During the period T, which stays constant, an 

increasing number of refocusing spin echo pulses (δ-180°-δ) is applied on carbons, with a 180 

degree pulse on protons in the middle of the CPMG pulse train to refocus the chemical shift 

evolution of the protons during the period T. Bottom) Effect of different CPMG frequencies on 

the peak intensity. The blue lines correspond to the chemical shift evolution of the carbon in 

the state A, whereas the green dotted line corresponds to the chemical shift evolution of the 

carbon in the state B. The bold and solid blue line corresponds to the chemical shift evolution 

of the state A that, in absence of exchange into state B, is perfectly refocus regardless the 

number of applied spin echo pulses. Exchange into state B induces a different chemical shift 

evolution (dotted blue and green lines) that is not perfectly refocused anymore and leads to 

peak broadening. Increasing the number of spin echo pulses (CPMG frequency) diminishes 

the refocusing efficiency and eventually leads to stronger peak broadening. The exchange 

rates are extracted from the relation between the CPMG frequencies and the peak intensities. 
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In order to determine the importance of each state for the interaction 

with cap proteins, for the interactions with RNA and for it degradation, we first 

need to find the structural features that stabilize these two conformations. 

Indeed, understanding the structural origins that lead to the two conformations 

would enable the design of mutants where only one state is conserved; the 

role of the two states could be thus compared.   

 

          C. Finding the structural origins of the two Rrp42 conformations 

 

The comparison of the different crystal structures obtained for the S. 

solfataricus exosome (figure 8) shows slight structural difference for only one 

region: the N-terminal tail and helix of Rrp42. Indeed, in the presence of Rrp4, 

a kink in the helix is present at the residue 21, which is not observed in the 

absence of Rrp4. Several mutations have been undertaken to obtain a mutant 

that stabilizes the state B conformer. Unfortunately, the HMQC spectra of 

these mutants show that all these mutations failed to eliminate the state A. 

In the crystal structure, the residue that exhibits the kink of the N-

terminal helix is the Ser 21. As it is not involved in any intra-molecular 

interaction, we decided to mutate it into an alanine, which is the residue with 

the highest α helical propensity. Unexpectedly, this mutation induces the 

destabilization of the state B (or stabilization of the state A). Similar results 

have been obtained for residues with a lower α helical propensity (S21G and 

S21R). More intriguing, the mutation of the Ser 21 into a proline hardly 

affected the population distribution. Position 21 thus does not seem to play an 

important role in determining the structural state of the Rrp42 helix. 

To address the stability of the Rrp42 helix in more general terms, we 

used trifluoroethanol (TFE), an agent that favors and stabilizes α helices. TFE, 

was added to the exosome, however, no major effect on the populations were 

detected until the presence of 30% TFE, after which the exosome started to 

precipitate. Since the attempt of stabilizing the N-terminal helix was not 

successful, we decided to add a chaotropic agent to destabilize the helix. 

However, the addition of urea to the exosome affected the integrity of the 

whole Rrp42 preventing the extraction of any reliable information.  
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Figure 8: The N-terminal helix of Rrp42 with and without cap proteins. 

Structure alignment of exosomes crystallized without Rrp4 (blue and grey; PDB numbers 

2JE6 and 2JEA, respectively) and crystallized with Rrp4 (green, pink and yellow; PDB 

numbers 2BR2, 2C37 and 2C38, respectively).  

 

In addition to the N-terminal helix, the N-terminal tail slightly differs in 

the crystal structures (Figure 8 and 9). However, all structures display an 

extended β-sheet between the Met 1, Ser 2 and Ser 3 of Rrp42 with the Leu 

77, Arg 78 and Val 79 of Rrp41 (Figure 7). These interactions are absent in 

the monomeric form of Rrp42 and might potentially participate in the 

stabilization of conformation A or B. We thus decided to realize several 

truncations of the N-terminal tail of Rrp42. Interestingly, the removal of two or 

four amino acids (Δ1-2 and Δ1-4 mutants) resulted in a small shift of the 

population towards the state B but far from “locking” Rrp42 in the state B. The 

Δ1-6 mutant showed similar effect but to a lower extend. On the other hand, 
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the Δ1-8 and Δ1-10 mutants led to the complete loss of the state B. The 

different truncated versions of Rrp42 suggest that the first four N-terminal 

residues are implicated in the stabilization of the state A. Then, progressive 

removal of additional residues eventually leads to the loss of the state B 

meaning that the residues involved in the stabilization of state B are missing.  

 

Figure 9: The N-terminal tail of Rrp42 

Structure alignment of an exosome crystallized without Rrp4 (blue; PDB numbers 2JE6) and 

an exosome crystallized with Rrp4 (green; PDB numbers 2BR2). Rrp41 is colored in grey. 

The dashed circle indicates the region where the Met 1, Ser 2 and Ser 3 are involved in an 

extended b-sheet with Rrp41.  

 

As we observe a destabilization of the state B already in the Δ1-6 

mutant, it is possible that either the pro 5 and/or the Ser 6 are responsible for 

it. Because these two residues are not involved in any interaction in the 

crystal structure, one could speculate that the Pro 5 could participate to the 

state B formation through isomerization. The reason why this hypothesis is 

attractive is the fact that the energy barrier between the two conformations of 

Rrp42 has been extracted from the NMR experiments (paper 1 figure 2) and 

gave an activation enthalpy of 26.2 (± 0.8) kcal/mol, which is in range of 
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values observed for proline isomerization. The Pro 5 appears in the trans 

configuration in all the crystal structures. Nevertheless, the electron density of 

the Pro 5 in several structures could easily allow another conformation and 

does not guarantee that the Pro 5 is always in this configuration. Furthermore, 

a different orientation/configuration of Pro 5 would explain the different 

orientations of the Ser 6 displayed in these structures. On the other hand, the 

different orientations of the Ser 6 could be simply due to the flexibility of the N-

terminal tail. The mutation of the Pro 5 would certainly provides experimental 

insight into the influence of the N-terminal tail in the stabilization of state B. 

Another difference between the structures of the exosome is found in 

the vicinity of the Asn 9. Indeed, in the cap-free exosome, the side-chain 

amide groups of the Asn 9 are 2.6 Å and 3.9 Å away from the side-chain 

hydroxyl group of the Ser 219 of Rrp42, creating favorable conditions for 

hydrogen bonding. In contrast, the Asn 9 and the Ser 219 side-chain groups 

are 8 Å away in the Rrp4-exosome. The mutation of the Asn 9 into an alanine 

(N9A) provoked the loss of the state B conformer, probably due to the 

disruption of the interactions involved between the Asn 9 and the Ser 219. It 

thus suggests that these interactions are important to stabilize the state B 

conformer. 

The mutagenesis experiments described above thus show that the two 

conformations in the N-terminal helix of Rrp42 don’t result from a simple 

absence or presence of specific interactions. Nevertheless, we have been 

able to design a mutant where only the state A is present (N9A or state A 

mutant). Despite our intense efforts, we have not been able to  “lock” Rrp42 at 

100% into the state B conformation. 

 

          D. Chemical shift prediction 

 

Assignment of an NMR spectrum just by using information available from a 

crystal structure could avoid the need to perform several time consuming 

NMR experiments (such as HNCOCA/HNCA, HNCOCB/HNCB or NOESY). 

MAP-XS (66) is a chemical shift prediction program developed to that end. 

We tested the program MAP-XS to assigned state A or state B in the spectra 

to the structure of Rrp42 with or without a kink in the helix. The correlation 
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between the experimental and the predicted methyl group chemical shifts of 

Rrp42 in the exosome were not conclusive (paper 1 figure S4). Since Yingqi 

Xu & al. obtained good results on the proteasome, the high molecular size of 

the exosome complex should not be the main limitation. Still, we decided to 

decrease the complexity of the system and we re-oriented our MAP-XS 

analysis to the monomeric form of Rrp42. Figure 10 shows a comparison of 

the predicted HMQC with the experimental one. Also for the Rrp42 monomer, 

the chemical shift prediction was poor. The reasons why the chemical shift 

prediction gives accurate data for the proteasome and not for the exosome 

remains unclear. For the current work, we were thus not able to use the 

program MAP-XS to link the resonances in our HMQC spectra directly to the 

structure of the complex. 

 

Figure 10: Chemical shift prediction 

Comparison between the predicted (left) and the experimental (right) HMQC of the 

monomeric Rrp42. The methyl groups of isoleucines, leucines and valines were used for the 

comparison. 

 

     2. Importance of the different conformations 

 

As mentioned above, the mutant N9A only exhibits the state A of Rrp42. This 

mutant is used to address the effect of the absence of the state B on cap 

binding (Rrp4 and Csl4), RNA binding and RNA catalysis.  
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A. Cap binding 

 

As already mentioned in the introduction, we cannot determine whether 

the main conformer observed in crystallography corresponds to the low-

energy conformer or not. Nonetheless, it is tempting to think that, in absence 

of the cap protein, the low-energy conformer is the one without the kink in the 

helix (state A).  

 

Figure 11: Interaction of the hexameric core with the cap protein Csl4. 

ITC results obtained by the titration of 50 uM of Csl4 into 5 uM exosome . The extracted 

binding constant (kd) are 250 nM for the wild type (left) and 1.4 uM for the N9A mutant.  

 

Our NMR experiments indicate that the high-energy conformer, which 

would correspond to the one with the kink in the helix (state B), pre-exists in 

solution. The crystal structures of the Rrp4-containing exosomes would then 

suggest that the state B becomes the low-energy conformer upon binding of 

Rrp4 by affecting the conformational energy landscape (Figure 2) of the 

hexameric core.  

To test this hypothesis, we first recorded HMQC spectra of 

WT_exosome mixed with Rrp4 and Csl4, separately (paper 1 figure 4A, 4B). 

We observed that upon cap binding, only one state is present. The large 

chemical shift changes prevented us to determine which conformer is 

selected. The presence of only one conformation has been confirmed by the 

lack of dispersion of the N-terminal helix of Rrp42 in presence of the cap 
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proteins (paper 1 figure S3). However, the addition of Rrp4 to the N9A mutant 

results in the same chemical shift changes observed for the wild-type 

exosome (paper 1 figure 4C). It indicates that the transient state B is not 

required for binding Rrp4 and suggests that the selected conformer is the 

state A. Surface Plasmon Resonance (SPR) experiments (undertaken by 

Kerstin Reiss) indicate that both WT_exosome and N9A_exosome interacts 

very strongly to Rrp4 (Kd < 10 pM) and no difference in affinity could be 

observed.  The state A is therefore the conformer selected upon Rrp4 binding. 

Due to its tendency to aggregate over time, SPR experiments with Csl4 

were not possible. Therefore, we decided to use Isothermal Titration 

Calorimetry (ITC) to determine the affinity of the exosomes for Csl4. We 

observed that the Csl4 binds slightly stronger to the N9A_exosome than to the 

WT_exosome with a Kd of 250 nM and 1.4 uM, respectively (figure 11). Albeit 

the state B is not absolutely required for binding Csl4, it does appear to 

facilitate its binding.   

Unfortunately, the comparison with an exosome mutant that would 

stabilize the state B was not possible as the design of such mutant remained 

unsuccessful. So far, the function of the state B remains unclear. One 

possible rationale is that the state B is the conformer involved in the binding of 

a yet unknown partner of the exosome. The state B could also be the 

conformation of the monomeric Rrp42; the formation of the hexameric ring 

might shift Rrp42 towards the biological relevant state A and leads to the 

presence of these two states in equilibrium, in the absence of cap proteins. 

The last explanation is that the state B is the result of the flexibility required by 

the exosome for being able to bind different partners.  

 

          B. RNA also selects the state A conformer for binding 

 

To address the effect of substrate binding to the exosome we recorded 

HMQC experiments in the presence of RNA. To prevent the RNA degradation 

while recording the NMR experiments, we used RNA with a 5' stem-loop 

followed by 20 As with a cyclic phosphate at the terminal 3' nucleotide. Indeed, 

the stem-loop cannot enter the catalytic chamber and the cyclic phosphate 

prevents RNA cleavage. As the exosome activity is phosphorolytic, HEPES 
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buffer was used. To establish that the RNA is indeed not degraded and is still 

properly interacting with the exosome, the NMR sample was subjected to an 

FPLC analysis after recording NMR experiments at 50°C (Figure 12).  

 

 

Figure 12: The RNA-exosome sample integrety. 

A) Size Exclusion Chromatogram of the NMR sample. The blue, red and purple curves 

corresponds to the detection at different wavelengths, respectively 280nm, 260nm and 230nm. 

The 260/280 ratios < 2 at the fraction 38 confirms a mixture of protein and RNA. The 260/280 

and 260/230 ratios of ~ 2 at the fractions 52 and 58 indicates that these fractions contains 

only RNA. However, the low 260/230 ratio at the fraction 38 is not really informative and could 

potentially indicates co-elution of salts with the exosome. B) and C) correspond respectively 

to 12% acrylamide (AA) SDS gel and denaturing 8M urea gel 8% AA of the fractions indicated 

in the chromatogram. Two different volumes (5 uL and 10 uL) have been loaded for the 

fractions 38 and 58.  

 

It is worth noting that the exosome and the RNA were mixed in a 

respective 1:2 ratio. Fractions 38, 52 and 58 were run onto an SDS-PAGE gel 

to detect the exosome and also run onto a denaturing urea gel to detect the 

RNA. The totality of the exosome is found in fraction 38. The full length RNA 

is also found in the fraction 38, as well as in the fraction 52. Because the 

exosome is present in only one peak in the chromatogram, we can affirm that 

all the exosome molecules are bound to RNA. The fraction 52 corresponds 

then to an excess of RNA. Truncated species of the RNA were detected in the 

fraction 58, indicating residual degradation activity. The fractions 

corresponding to the first peak were collected and a HQMC was applied on 
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this sample; the spectrum is identical to the one recorded before the FPLC. 

We can conclude that chemical shift perturbations observed in Rrp42 are only 

induced by the substrate RNA bound to the exosome.  

In the NMR spectra of the exosome in complex with RNA, the peaks 

corresponding to the state B were not detected anymore whereas the peaks 

corresponding to the state A display almost no chemical shift perturbations 

(paper 1 figure 4D). This indicates that the N-terminal helix of Rrp42 is locked 

in the state A upon RNA binding. State A is thus not only responsible for the 

interaction with the cap proteins, but also for the interaction with substrate. 

 

C. RNA degradation 

 

 

Figure 13: RNA degradation by the wild-type exosome and the N9A mutant. 

The degradation reaction was followed by analyzing the band intensities of the RNA substrate 

and product, at different times, for the wild-type (top) and the state A mutant (N9A) (bottom). 

The substrate was separated from the product with a denaturing 8M urea 8% acrylamide (AA) 

gel. Similar degradation rates were obtained for the exosome wild-type and the state A 

mutant. 

 

To address the effect of the state A mutation on the activity of the 

exosome we performed RNA degradation experiments. There, the RNA 

degradation by the state A mutant shows a similar pattern than the wild-type 
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exosome (Figure 13), reinforcing the idea that the state B conformer is not 

required for efficient RNA degradation. 

 

3. Path of the RNA inside the hexameric ring 

 

 A. The RNA is mobile inside the catalytic core 

 

Upon RNA binding, in addition to the selection of the state A conformer, we 

observed that the peak intensity of the Ile 85 of Rrp42 was dramatically 

decreased. This Ile 85 is located next to the nucleotide N4 of the substrate 

and is very likely to interact directly with the nucleotide N5. Therefore, Ile 85 is 

a perfect reporter of the interaction between the substrate RNA and the active 

sites. Due to the length of the substrate RNA used to study the interaction 

with the exosome, only one RNA could interact with an exosome unit. 

Normally, we should detect one peak for the Ile 85 free and one peak for the 

Ile 85 bound to the RNA, with a ratio of 2/3 and 1/3 respectively. Here, only 

one broad peak is detected, suggesting that the Ile 85 exchanges between 

the free and the RNA-bound state in the ms range. Indeed, when the 

exchange rate is similar to the difference of chemical shift between two states 

(called intermediate state or coalescence), only one broad peak appears 

close to the one with the highest populated state. To confirm this hypothesis, 

we performed CPMG Relaxation dispersion experiments (67,68) where we 

show that the 3' end of the substrate RNA is highly mobile and moves from 

one active site to another at a frequency of ~ 1700 per second at 50ºC (paper 

2 figure 5A). The chemical shift difference between the Ile 85 free and the Ile 

85 bound to the RNA was also extracted from the CPMG Relaxation 

experiment and gave Δ = 0.25 ppm. Using Chemical Exchange Saturation 

Transfer (described in Figure 14) experiments allowed us to “visualize” the 

invisible peak of Ile 85 bound to the RNA, 0.25 ppm downstream from the 

resonance frequency of the peak of the Ile 85 free (paper 2 figure 5B). The 

two independent experiments are in excellent agreement and confirm the 

reliability of our data. In order to saturate all the active sites and therefore 

induce the appearance of the Ile 85 bound peak, HMQC spectra were 

recorded with an excess of 7-mer RNAs, which are small enough to reach a 
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stoichiometry of 3:3 with the active sites per exosome unit. Unfortunately, the 

peak broadening was still too intense to observe the chemical shift of the Ile 

85 bound. This shows that the small RNA does not stably bind to the active 

sites and is also exchanging rapidly between a free form and an exosome 

bound form. 

 

 

Figure 14: Principle of the CEST experiment 

A) Because the exchange process is intermediate, only one broad peak is observed instead 

of one for the free and one for the bound state. The CEST experiment relies on the saturation 

of specific nuclei, achieved by irradiating at different frequencies of the spectrum. B) Three 

scenarios could result from the frequency-specific irradiation. HMQC spectra are recorded 

with different frequencies of irradiation and the effect on the peak intensities are monitored 

(right). If the frequency does not match the chemical shift (blue), then the peak intensity will 

be unaffected. On the contrary, if it does match the chemical shift (green), the peak intensity 

will severely drop. The interesting case is when we observe a decrease in the peak intensity 

by saturating another frequency than its chemical shift (orange). In that case, it means that 

another state (invisible) linked to the visible peak has been irradiated. When exchanging from 

the invisible to the visible state, the nuclei will still be partially saturated and will create a 

decrease in the peak intensity of the visible peak. 
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B. Additional probes in the catalytic chamber 

 

The lack of electron density observed for the RNA between the active site and 

the neck region has been explained by the presence of motions inside the 

hexameric core. Indeed, based on Ile 85, we were able to observe and 

quantify the motions of the RNA from one active site to another. The 

fluorescence anisotropy experiments (paper 2 figure 2A and 3B) allowed us to 

state that the neck is important for the strong binding of the substrate RNA 

and for its processive degradation. Nevertheless, we are still missing 

information to clearly define the path of the RNA inside the barrel. The co-

expression of Rrp41 and Rpr42 permitted the methyl group labeling of 

isoleucines and methionines of both Rrp41 and Rrp42. The formation of the 

hexameric core, while being over-expressed, significantly increased the yield 

of soluble Rrp41 after purification. The resulting spectrum contains thus the 

isoleucine and methionine peaks from both Rrp41 and Rrp42 (see figure 15).  

Upon addition of RNA, we observe the same chemical shifts that are 

detected when only Rrp42 were labeled, that is to say the loss of the state B 

conformer as well as the peak broadening of the Ile 85 (figure 15, green and 

purple dashed box respectively). But peaks that belong to Rrp41 also display 

chemical shift perturbations (CSP). The Rrp41 Ile and Met methyl groups that 

seemed to be the best candidate to interact with RNA inside the lumen were 

mutated in order to assign them. Among all isoleucine and the methionine 

residues of Rrp41 that display CSPs, we were able to assign two: the Ile 101 

and the Ile 131 (Figure 15; paper 2 figure 4C). Interestingly, upon RNA 

binding, theses two residues shift rather than broaden, indicating a fast 

binding-unbinding process. The Ile 131 is close to the nucleotide N1 and 

probably senses the RNA only when the RNA is dislocated from the active 

site. The Ile 101 is located between the neck and the active sites but could be 

away from the RNA at a distance that could reach up to 9 Å (see figure 3C 

paper 2). Altogether, these CSP suggests that, even bound to an active site, 

the RNA might remain flexible between the active sites and the neck.  
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Figure 15: Isoleucine and methionine HMQC Spectrum of Rrp41 and Rrp42. 

HMQC spectra in the absence (black) and in the presence of RNA (red) of the exosome 

where the methyl groups of isoleucines (main spectrum) and methionines (top-right spectrum) 

of Rrp41 and Rrp42 are both labeled. In presence of RNA, the peak corresponding to minor 

state of Ile 10, Ile 14, Ile 19 and Ile 220 disappear (dashed green boxes) and the Ile 85 peak 

undergo intense broadening (dashed purple box).  

 

      4. All active sites equally participate in the RNA degradation 

 

To determine whether the RNA motions observed by NMR (see above) are 

important for RNA degradation or not, we decided to perform RNA 

degradation assays with exosomes that contain different amount of active 

sites. This implies the reconstitution of exosomes with active and inactive 

Rrp41 subunits. Prior to perform degradation assays, the dual activity of the 

exosome has to be checked to confirm that the exosomes that we reconstitute 

are functional.   
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          A. Balance between polyadenylation and degradation 

 

The exosome is able to perform RNA polynucleotidylation in addition to 

RNA degradation. To check that the exosome that we reconstitute was able to 

perform the polyadenylation reaction, we incubated RNA with the hexameric 

core of the exosome. As shown in the figure 16A, we can observe that in 

absence of ADP, the exosome degrades RNA. Addition of 15mM of ADP 

shifted the reaction towards polyadenylation. Since the buffer contained 10 

mM of inorganic phosphate, more polyadenylated RNA products were 

detected before reaching the equilibrium. At equilibrium, all lengths of RNAs 

were detected but long RNA species (>150 nucleotides) and RNAs smaller 

than the original substrate were predominant. The dual function of the 

exosome is mainly regulated by the local concentrations of ADP and inorganic 

phosphate (69). As phosphorolytic degradation increases the concentration of 

ADP and decreases the concentration of inorganic phosphate over time, we 

carried out our degradation assays (see below) at times where these changes 

in concentration are negligible.  

 

Figure 16: Balance between degradation and polymerization  

A) Denaturing 8M urea 12% acrylamide (AA) gels. After 20 min, 15 mM of ADP was added to 

the degradation reaction. The reaction was followed after 60 min and overnight. The control 

corresponds to a sample without exosome and taken at the end of the reaction. B) 

Degradation assays performed with the inactive Rrp41. 
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 B. The inactive exosome also binds RNA 

 

To obtain exosomes with different amount of active sites, we 

reconstituted exosomes with variable ratios of inactive Rrp41. The inactivation 

of Rrp41 is achieved by the mutation of the Asp 182 into an alanine (4). The 

Asp 182 was originally thought to serve as the acid involved in the protonation 

of the new 3' end of the RNA, after the cleavage of the phosphodiester bond 

between the N1 and N2 nucleotides by the inorganic phosphate (70). 

However, recent studies indicate that the Asp 182 function would rather be 

the coordination of a divalent magnesium ion required for catalysis (71). As a 

result, the Rrp41_D182A mutant is completely inactive (Figure 15B). Indeed, 

HMQC experiments of the exosome containing Rrp41_D182A show selection 

of the Rrp42 state A, together with the peak broadening of the Ile 85 from 

Rrp42; two hallmarks of RNA binding by the exosome (paper 1 figure 4; figure 

15). The observed peak broadening of Ile 85 suggests that the RNA binds to 

the active sites in the uM range. This is in agreement with experiments 

performed on the wild-type exosome (72). Therefore, the inactive D182A 

Rrp41 binds the substrate RNA with a similar affinity than the active Rrp41. 

 

 C. Degradation with different ratios of active Rrp41s 

 

Exosomes with different amounts of inactive Rrp41 subunits (from 0 to 100%) 

were reconstituted to analyze the impact of the number of active sites on the 

degradation rates. The exosome degrades completely RNA in a processive 

manner, which results in the absence of intermediate products. In other words, 

degradation assays lead to the detection of only the substrate and the final 

degradation product (figure 12). The RNAs used in our degradation assays 

contain a 5’ hairpin that prevents the RNA from being completely degraded by 

the exosome. It also ensures that the substrate RNA long enough to interact 

with the neck and the active sites at the same time and hence maintain the 

degradation in the processive regime (73). The degradation rates were first 

analyzed by measuring the band intensity of the substrate and the product 

(illustrated in paper 2 figure S4).  However, the data were not accurate 

enough to extract precise degradation rates. Consequently, we decided to 
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separate and quantify the RNA substrate and product by anion exchange 

combined with High Pressure Liquid Chromatography (HPLC). The later 

approach (illustrated in paper 2 figure S5) allowed the acquisition of precise 

data that unambiguously shows (73) that the degradation rates are linearly 

correlated with the number of active sites (paper 2 figure 6A, 6B). It reveals 

that each active site is equally used during RNA degradation. 

 

D. Exosome with discrete number of active sites 

 

To independently confirm these results, we designed a purification 

strategy to obtain exosomes with a discrete number of active sites (explained 

in figure 17), that is to say that exosomes with either 1, 2 or 3 active sites are 

in three separate samples. The degradation assays obtained with these 

exosomes gave very similar results than the ones with different ratios of 

inactive Rrp41s (paper 2 figure 6C, 6D). In both experiments, the exosome 

degrades about 10 nucleotides per second, which is approximately 100 times 

lower than the number of RNA: active site encounters (see above). Since the 

inactive form of Rrp41 is still able to bind the substrate RNA, the linear 

correlation between the degradation rates and the number of active sites is a 

consequence of the RNA motions inside the exosome core. The degradation 

assays with different number of active sites therefore confirm that the RNA 

motions detected by NMR does occur during catalysis. However, it does not 

necessarily mean that having three active sites is beneficial for the exosome. 

Indeed, the RNA concentration inside the hexameric core could be estimated 

to be around 100 mM and is therefore predicted to be in contact to one active 

site for >98% of the time.  
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Figure 17: three tags strategy 

A) Constructs co-expressing Rrp42 and three differently tagged Rrp41s are purified through 

three successive affinity columns (Ni-NTA, amylose and streptavidine resins). At the end, the 

purified exosomes will contain three differently tagged Rrp41 subunits. B) The combination of 

active/inactive Rrp41s in the construct enables to collect exosomes with 0, 1, 2 or 3 discrete 

active sites in separate samples. 

 

VI. OLIGOMERIZATION AND EVOLUTION 

 

Like the archaeal exosome, the Rnase PH forms a hexameric ring 

involved in tRNA maturation. It has been shown that the oligomerization of the 

Rnase PH is required for its activity in Pseudomonas aeruginosa, as the 
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dimeric form is not binding to the tRNA substrate (74). The Rnase PH is 

probably recognizing its substrate in a structure-specific manner (75), 

explaining why the dimeric form is completely inactive. Indeed, the 

oligomerization of the RNase PH induces the formation of a neck, absent in 

the dimer. The trimming of tRNA, whose structure consists of a stem-loop 

followed by a single-stranded tail, is then limited by the ring architecture of the 

exosome. For all exosome-like complexes, the neck is interacting with the 

single-stranded substrate RNA (40,70,76,77) and mutations located in the 

neck significantly decrease the activity of the E.coli PNPase (3)  and of the S. 

solfataricus exosome (paper 2 figure 3A).  

 Another consequence of the oligomerization is the formation of a 

catalytic chamber, a lumen where the high concentration of active sites is 

sequestered from the environment. When threaded to the active sites, the 

substrate RNA is restraint into the catalytic chamber. The concentration of the 

RNA inside the catalytic chamber becomes very high and ensures a quasi-

permanent binding of the RNA to an active site, even if only one active site 

would be present in the chamber. This might explain the progressive loss of 

active sites over evolution; from the RNase PH with 6 active sites, the 

PNPase and archaeal exosome with 3 active sites, to the eukaryotic exosome 

that only act as a scaffold and requires an additional subunit that possess 

endo-exo hydrolytic activity.  

As for the eukaryotic exosome, the reason to lose the 

polynucleotidylation, and consequently the phosphorolytic activity, might be 

the appearance in eukaryotes of poly(A) polymerases that took over the role 

of the exosome for the polyadenylation-dependent degradation (9). Another 

reason for further evolution into inactive scaffold could be the higher degree of 

regulation of its activity. Indeed, in eukaryotic cells, the exosome is required in 

many diverse pathway (17) and two additional active subunits allow, in 

addition to the various co-factors, a better control of the catalytic potential 

over time and space (17,78).  
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Large molecular machines perform many cellular processes
and it is of fundamental interest to understand how these
enzyme complexes work in detail. In this regard, not only an
accurate description of the static three-dimensional (3D)
structure is required, but also a description of how these
machines change their structure over time. These internal
protein motions have been shown to be important for, for
example, biomolecular recognition,[1] allostery,[2] protein
stability,[3] and enzymatic activity.[4] NMR spectroscopy is
especially suited to study internal motions and when com-
bined with methyl TROSY techniques[5] is able to address this
aspect in very large molecular assemblies.[6]

The exosome complex is a large molecular machine that
degrades or trims different RNA substrates in the 3’ to 5’
direction.[7] The archaeal and eukaryotic exosome complexes
consist of nine subunits arranged in a hexameric ring structure
(the exosome core) that interacts with a trimeric cap
structure.[8] In the archaeal exosome complex the core
contains three Rrp41/Rrp42 heterodimers[9] and the cap
contains three copies of Rrp4 or Csl4 or a mixture thereof[10]

(Figure S1 in the Supporting Information). A number of
crystal structures of the archaeal exosome have been solved
that show that the RNA is funneled through a hole at the top

of the exosome core.[10a, 11] In isolation the hexameric 173 kDa
exosome core is catalytically active, where binding of the
trimeric Rrp4 (or Csl4) cap modulates both catalytic activity
and substrate selectivity.[12]

Herein, we present methyl TROSY NMR experiments
that address the potential dynamics of the exosome complex
in solution. A prerequisite for detailed NMR studies of
biomolecular structures, interactions, and dynamics is that
high-quality spectra can be recorded. For large molecular
machines this is challenging in several ways. First, significant
signal overlap arises due to the high number of unique
resonances. To simplify such spectra, we prepared exosome
complexes that contain NMR-active Rrp42 in an otherwise
NMR-inactive background. Second, fast relaxation rates in
large complexes lead to substantial broadening of the NMR
signals. To overcome this, we made use of methyl TROSY
spectroscopy[5] on samples that contained NMR-active Ile-d1,
Leu-d, and Val-g [1H,13C] methyl groups in an otherwise fully
deuterated background (Figure 1 A and Figure S2).

To assign the Ile-d1, Leu-d,and Val-g methyl resonances
of Rrp42 in the exosome core and exosome–cap complexes,
we followed the divide-and-conquer approach (Fig-
ure S2A).[6a] To validate and complete the Rrp42 assignments
in the exosome complexes, we took a mutational
approach[6c,13] (Figure S2B, Table S1). In summary, we have
assigned more than 70% of the methyl groups in the exosome
core complex. It should, however, be mentioned that 100 % of
the fully resolved resonances that can be used to study
interactions and dynamics were assigned.

The assignment of the methyl groups in the exosome core
complex revealed that a subset of the residues gives rise to
two sets of resonances (Figure 1A), which indicates that the
complex adopts two structurally different conformations in
solution. In the following we will refer to the set of peaks that
are more intense as state A and the other set of peaks as
state B. It should be noted that the isolated Rrp42 (Fig-
ure S2A) adopts only a single conformation, implying that
Rrp41 is required to induce the different states in the
exosome complex. In the exosome core, the residues that
display two states are clustered at the top of the core complex
(Figure 1B), a region that contains the entrance pore for the
substrate and that is responsible for the interaction with the
Rrp4/Csl4 cap complex (Figure S1).

There is no evidence for conformational variability in the
free exosome core based on the high-resolution crystal
structure of the complex.[9] There, the unit cell contains four
exosome complexes and all independent copies of Rrp42
superimpose with a backbone root-mean-square deviation
(RMSD) of less than 0.13 �. The only evidence for structural
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plasticity in the exosome core can be derived from the static
structure of the exosome–cap complex. There, Rrp4 induces
a small structural change in Rrp42[10a] in the region that we
observe to be structurally inhomogeneous in the free exosome
core (Figure 1B,C).

To further characterize the two observed Rrp42 states we
recorded methyl–methyl NOESY spectra. Interestingly, we
observe the same methyl–methyl contacts for state A and
state B (Figure 1D), indicating that the two states have
similar structures. To determine the rates and populations
that are connected with the exchange process between
states A and B, we used longitudinal exchange NMR exper-
iments.[6c,14] In the exosome core, we could reliably extract
exchange rates and populations for four isoleucine residues
(13, 19, 27, and 220). As all four residues have very similar
exchange rates we used one global fit to extract a single

exchange rate and one set of populations (Figure 2A). From
this, we determined that the exosome core exchanges between
state A and state B with a rate of 36.1� 1.9 Hz and that the
population of state A is 0.76� 0.01 at 60 8C. To independently

validate the extracted exchange parameters we used multiple
quantum (MQ) relaxation dispersion experiments,[15] from
which we extracted an exchange rate of 44.24� 26.8 Hz and
a population of state A (pA) of 0.82� 0.08 at 60 8C (Fig-
ure 2B). These parameters are in agreement with the values
obtained from the longitudinal exchange experiments and
thus independently validate these data.

To access thermodynamic properties associated with the
exchange process we measured exchange rates and popula-
tions at temperatures between 40 and 60 8C. Based on that, we
derived an activation enthalpy of 26.2� 0.8 kcalmol�1 and an

Figure 1. A) Methyl TROSY spectrum of the 173 kDa exosome core that
contains NMR-active Rrp42. The boxed Ile-d1 region is enlarged and
residues that show two sets of peaks are labeled “A” and “B”. B) The
region that adopts two conformations is colored blue on the surface of
the exosome core. This region is part of the cap-binding interface (see
also Figure S1). C) Enlargement of the indicated region in (B), where
Rrp42 as found in the exosome core (green; PDB: 2BR2) is super-
imposed on Rrp42 and as found in the exosome-Rrp4 complex (olive;
PDB: 2JE6). The helix in the Rrp42 cap-binding region adopts a differ-
ent conformation upon interaction with the Rrp4 cap. The blue spheres
show the positions of the exchanging Ile residues. Note the short
distance between Ile19 and Ile220. D) Planes from a 3D (H)-C-C-H
NOESY spectrum that displays interproton NOE contacts between
Ile19 and Ile220 in both states, indicating that the structures of
state A and state B in the free exosome complex are similar. Cross
peaks indicated with a red asterisk result from chemical exchange
between the two states (see Figure 2).

Figure 2. Quantification of the exchange process in the exosome core.
A) Longitudinal exchange experiments. Auto and cross peaks are
colored blue and red, respectively. Experimental data points are
indicated with open circles, and the solid lines correspond to the best
fits of the data. (All data are fitted simultaneously to one global
exchange rate and one set of populations.) B) MQ dispersion data.
The blue and red curves correspond to the states A and B, respectively.
(All data are fitted simultaneously to one global exchange rate and one
set of populations.) C) Eyring plot derived from kinetic data deter-
mined at four different temperatures. D) The population of state A
does not change significantly over a large temperature range.
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activation entropy of 24.5� 2.4 cal mol�1 K�1 for the confor-
mational exchange (Figure 2C). The positive value for the
activation entropy indicates that the disorder in the transition
state is greater than in the two ground states. If one assumes
that the hydration does not change significantly during the
exchange process, this implies that the Rrp42 N-terminal helix
partially unfolds upon changing between states A and B. The
magnitude of the activation entropy is similar to that observed
for the aromatic ring flips in the core proteins[16] and implies
that the transition state is structurally distinct from the two
ground states. Between 15 and 60 8C the populations of
states A and B are almost invariable at pA = 0.75 (Fig-
ure 2D). This indicates that the two states have similar
enthalpy, which is consistent with state A and state B being
structurally similar (Figure 1 D). The small entropy difference
also implies that state A (which is populated to a larger
extent) is favored over state B due to increased entropy. In
agreement with that, we observe lower order parameters
(high flexibility) for two of four methyl groups in state A
(Figure 3). Taken together, we have shown that the cap-

binding region in the isolated exosome core complex
exchanges between two states in solution. From our NOE
and thermodynamic data we can conclude that the two
conformations are structurally similar.

To determine whether the motions in the free exosome
are directly correlated with the cap-binding process, we
prepared exosome samples in complex with NMR-inactive
Rrp4 and Csl4. Interestingly, we noticed that the residues that
show two conformations in the free exosome core complex
only display a single set of resonances in the exosome–cap
complex (Figure 4A,B). This shows that the dynamics in the
exosome core are significantly affected or even diminished
upon interaction with the cap. To validate this observation, we
recorded MQ dispersion experiments on the exosome–Rrp4
and exosome–Csl4 complexes that show that the residues that
are dynamic in the free exosome core complex do not show
micro- to millisecond time-scale dynamics in the cap-bound
form (Figure S3). These observations are compatible with
a scenario where one of the two states in the free exosome

recruits Csl4 or Rrp4. It is, however, not straightforward to
determine whether state A or state B interacts with the cap
proteins. First, due to the chemical shift changes that Rrp42
experiences upon cap binding (Figure 4A,B), we cannot
directly deduce which state the exosome adopts when in
complex with the cap. Second, the interaction between the
cap and the exosome core is slow on the NMR chemical shift
timescale, which prevents the determination of which of the
two states is selected for by the cap in a titration experiment.
Finally, chemical shifts that are predicted[17] based on the two
structures (free and cap-bound) do not correlate with the
observed chemical shifts (A or B) in any of the possible

Figure 3. Order parameters for states A and B of Ile13, 19, 27, and
220. State A is significantly more flexible for residues 19 and 27,
suggesting that state A is more flexible than state B; this is in
agreement with a higher expected entropy of that state.

Figure 4. State A in the exosome core is stabilized upon interaction
with cap proteins or with substrate RNA. (A, B) Spectra of the exosome
core in the absence (black, dashed oval, two states) and presence of
Rrp4 (A, olive) or Csl4 (B, brown). Upon cap interaction only a single
state is observed in the exosome. The cap complexes interact with
state A (see text), although this cannot be derived from the spectra
directly due to the chemical shift changes induced by the cap. The
signal to noise ratio for isoleucines 13, 19, 27, and 220 is larger than
10; thus, a potential minor state with a population of 25 % would have
been observed in the spectra. C) Superposition of the WT exosome
(black), the Rrp42 state A mutant where state B is no longer visible in
the absence (red) and presence of Rrp4 (olive). In complex with Rrp4,
Rrp42 is structured identically in the state A mutant exosome (olive)
and in the WT exosome (Figure 1A, olive spectrum) (Figure 4A).
D) Exosome core in the absence (black) and presence (pink) of an
equimolar amount of RNA substrate (one RNA molecule per hexa-
meric exosome complex). State B in the exosome core is no longer
visible upon formation of the substrate–enzyme complex. In addition,
residues close to the active site experience chemical shift perturbations
(e.g Ile85). E) Schematic representation of the reaction coordinates of
the exosome core. States A and B have similar enthalpy; state A has
a lower free energy due to increased entropy. The transition state is
more disordered than the ground states A and B. State A interacts with
the cap structure through a mechanism of conformational selection.
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combinations (Figure S4), likely reflecting difficulties in the
accurate prediction of methyl groups� chemical shifts for large
protein complexes.

To experimentally address which state in the free exosome
complex interacts with the cap, we designed a mutant
exosome core in which the equilibrium between the two
states is significantly altered. Interestingly, we found a point
mutant that is remote from the cap-binding interface (Fig-
ure S5) that displays only state A in 1H,13C-HMQC spectra
(N9A in Rrp42, referred to as “state A mutant”) (Figure 4C,
red). We then used this state A mutant to probe binding for
the cap proteins; if this mutant efficiently interacts with Cls4
and Rrp4, this is strong evidence that state A is selected by
the cap proteins. Interestingly, this is exactly what we observe.
First, an NMR spectrum of the state A mutant in complex
with Rrp4 (Figure 4C, olive) is identical with the spectrum of
the wild-type (WT) exosome in complex with Rrp4 (Fig-
ure 4A, olive). Secondly, surface plasmon resonance (SPR)
experiments confirm that the state A mutant still interacts
strongly with Rrp4 (Figure S6). Thirdly, a reduced form of
Rrp4, where one of the three protein domains is deleted,
interacts stronger with the exosome of the state A mutant
than with the WT exosome in NMR titration experiments
(Figure S7). In summary, all binding experiments show that
the exosome complex of the state A mutant is fully capable of
interacting with the cap proteins. We thus propose that
state A in the exosome complex corresponds to the cap-
bound conformation. Our data are thus compatible with
a model where the exosome–cap interaction occurs through
a process where only one of the possible conformations is
selected upon complex formation.

Upon addition of substrate RNA to the exosome core
complex (Figure 4D)[9, 11a] we observed significant chemical
shift perturbations for Rrp42 residues Ile85 and Val 86. Based
on the structure of the Pyrococcus abyssi exosome in complex
with RNA,[18] these residues are indeed close to the substrate.
In addition, we observe a significant shift towards state A for
the residues at the cap-binding region. This indicates that
substrate RNA, like the cap structure, interacts with state A
in the free exosome complex (Figure 4E).

In summary, we have complemented the known static
crystal structure of the archaeal exosome core with quanti-
tative information regarding unanticipated internal dynamics.
Our data show that molecular motions often remain unde-
tected in protein structures and underscore the importance of
studies that address the localization, quantification, and
interpretation of these functionally important aspects of
large molecular machines. We anticipate that future work of
the sort presented here will be able to address the relation
between dynamics and function in many biomolecular
assemblies.

Experimental Section
NMR spectra were recorded between 15 and 60 8C on Bruker AVIII-
600 and AVIII-800 spectrometers. All spectra displayed in the figures
were recorded at 50 8C. Longitudinal exchange experiments were
recorded as a series of 3D (C-C-H) data sets with mixing times
between 0 and 800 ms. Exchange parameters were extracted as

described.[6c] Errors in the measured data were determined based on
the noise level in the spectra. The error in the extracted parameters is
based on Monte Carlo simulations, where back-calculated data were
randomly changed according to the experimental error. Methyl
TROSY relaxation dispersion experiments[15] were recorded as
a series of 2D data sets using constant-time relaxation periods of
50 ms and CPMG (Carr–Purcell–Meiboom–Gill) frequencies ranging
from 33 to 600 Hz. The dispersion data were fitted numerically as
described, where the chemical shift differences were extracted
directly from the spectra.[6c] Errors in the parameters were based on
Monte Carlo simulations and on duplicate measurements. Uncer-
tainties in the extracted chemical shift differences were accounted for
by varying DwH and DwC by 0.005 and 0.01 ppm, respectively.
Methyl group order parameters were determined as described,[19]

using a rotational correlation time of 86 ns, as derived from the
program HYDRONMR.[20] All NMR data were processed with the
nmrpipe/nmrdraw suite of programs.[21] Figures displaying NMR
spectra were prepared using NMRview (onemoonscientific.com),
molecular structures were drawn using PyMol (pymol.org).
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Figure S1. Architecture of the exosome complex. Rrp42 is displayed as a cartoon (green), Rrp41 is shown in gray, 

Rrp4 in yellow and Csl4 in brown. The displayed structures are based on PDB-entries 2BR2 (exosome core)[1], 2JEA 

(exosome Rrp4 complex)[2] and 3M7N  (exosome Csl4 complex, displayed structure is a homology model based on 

the archaeoglobus fulgidus structure of the complex).[3]  

 

The exosome core (Rrp41:Rrp42) can interact with substrate RNA and degrade this in a processive manner in the 3’ 

to 5’ direction. During this process, the exosome does not release the substrate. We thus expect that cap proteins will 

not be recruited to the processing exosome core: substrate RNA complex. It should be noted that the amounts of 

cap-free exosome (Rrp41:Rrp42) is expected to be very low in a cellular context as cap proteins, Rrp41 and Rrp42 

are present in similar relative amounts.[4] 

The interaction between the free exosome and the cap proteins (Csl4 or Rrp4) is very tight. After formation of the 

exosome:cap complex RNA substrate can be recruited and degraded; the cap proteins will remain bound to the 

exosome core during this process.  

 

To prepare the samples used in the current study, the Sulfolobus solfataricus Rrp41, Rrp42, Rrp4 and Csl4 DNA (a 

kind gift from E. Conti, MPI Munich) was cloned into pET vectors carrying a TEV cleavable N-terminal His6-tag. Point 

mutations were introduced using the Quikchange approach (Stratagene). U-[2H, 15N] Ile-δ1, Leu-δ, Val-γ [1H, 13C] 

labeled Rrp42 proteins were obtained by overexpression of the corresponding gene in BL21(DE3) Codon Plus RIL 

(Stratagene) cells in 100 % D2O minimal medium, as previously described.[5] Purification of all constructs was 

achieved by using Ni affinity chromatography followed by cleavage of the histidine tag and size-exclusion 

chromatography. If required, amide protons of Rrp42 were back-exchanged by refolding the GuHCl denatured protein 

in H2O based buffer. Exosome core complexes were reconstituted by combining separately purified components. 

Exosome-cap complexes were obtained by addition of purified Rrp4 or Csl4 to the exosome core complex. NMR 

samples contained between 0.05 and 1.5 mM protein (monomer concentration) in 30 mM KPO4 pH 6.8 (or 25 mM 

Hepes pH 7.5), 150 mM NaCl, 1 mM DTT in 100 % D2O or in 95:5 H2O:D2O. For the exosome RNA complex, 

excess of RNA was removed by size exclusion chromatography such that one RNA molecule was present per 

hexameric exosome core complex. 

 

Substrate RNA (20 adenines linked to a hairpin structure) was produced by in-vitro transcription using a linearized 

pSP64 plasmid that contains the substrate RNA followed by a 3’ HDV ribozyme that auto-cleaves the RNA 

cotranscriptionally. The RNA was purified over a Dionex DNAPac PA-100 column at 75 °C using a NaCl gradient in 5 

M urea. Substrate RNA was not degraded during NMR experiments due to lack of phosphate in the buffer, the 2',3'-

cyclic phosphate at the 3’ end of the RNA and the hairpin structure at the 5’ end of the RNA. 
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Figure S2. Methyl group assignment strategy. (A) Building blocks used in the divide and conquer approach. First 

panel: 1H-15N TROSY spectrum of [2H, 13C, 15N] labeled Rrp42 monomer. H-N groups are shown as green spheres.  

Second panel:  1H-13C methyl TROSY spectrum of U-[2H, 15N] Ile-δ1, Leu-δ, Val-γ [1H,  13C] Rrp42 as monomer. Third 

panel: Rrp42 within the exosome core complex. Last panel: Rrp42 within the exosome-Rrp4 complex. Labeled 

methyl groups are shown as red spheres. Exemplary assignments are indicated. Rrp42 backbone sequential 

assignments were completed using TROSY versions of HNCACB/HNCOCACB experiments. Methyl groups in the 

Rrp42 monomer were assigned using C(C)(CO)NH TOCSY, H-N-H and H-N-C NOESY spectra. C-C-H HMQC-NOE-

HMQC and H-C-H NOE-HMQC spectra were used to assign methyl groups in the exosome-core and exosome-cap 

complexes. (B) Assignments by point mutations. Left: spectra of WT (black) and V197A (red) exosome complexes. 

The assignment for V197 is indicated in red. Residues that are in the vicinity of the mutation and that thus experience 

secondary chemical shift changes are labeled in blue. Right: Location of V197 and the residues that experience 

secondary chemical shifts on the crystal structure of the exosome core complex. 
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Figure S3. The cap proteins change the dynamics in the exosome core. MQ dispersion profiles observed for Ile 

13, 19, 27 and 220. Note that the y-axis has the same range for all graphs for a specific residue to allow for direct 

comparison of the data. (A) Profiles in the exosome core (identical to Fig 2B in the main text). Blue and red 

correspond to state A and B respectively. See main text for details. The structure of the exosome core is indicated on 

the right. (B) Profiles in the exosome-Rrp4 complex. Note that only one state is present in the spectra. The structure 

of the exosome-Rrp4 complex is shown on the right. (C) Profiles in the exosome-Csl4 complex. Note that only one 

state is present in the spectra.  
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Figure S4. Predicted versus measured chemical shifts for all assigned isoleucine residues. The chemical shifts were 

predicted using shiftx2[6] using the free exosome complex (2BR2) or the exosome-Rrp4 complex (2JE6) from which 

Rrp4 was removed as input. The methyl groups that show two conformations have been labeled; the Pearson R 

correlation coefficient is indicated. A red drawn line indicates the best fit between the predicted and measured shifts 

(y=x+A), where A corrects for an (potential) offset in chemical shift referencing. Note that none of the correlations is 

significant, most likely due to the large inaccuracies in the predicted values. 
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Figure S5. “State A mutant” (N9A) exosome complex. Location of N9 in the exosome complex. N9 is remote from the 

interaction with the cap structure. Mutations in this residue do thus not change the interaction between the exosome 

core and the cap directly, but rather indirectly through changes in exosome dynamics. 

 

The identification of the N9A mutant was inspired by the spectra of the assignment mutants (Table S1), where we 

noticed that the relative intensities of the two sets of peaks varied. This indicated that the equilibrium between the two 

states could be modified. We then systematically mutated residues that were close, but not directly in the cap-

interaction-helix and monitored the state A: state B peak ratio. In this process we identified that the N9A mutation 

yielded only a single set of resonances. 
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Figure S6 Kinetic SPR analyses of cap protein Rrp4 with His-tagged wildtype (A) or “state A mutant” (B) exosome 

complex attached to a Ni NTA chip. The double-referenced sensorgrams (indicating that two controls experiment 

were performed: one without ligand and one without analyte) are overlaid with fits of a “1:1 binding with mass 

transfer” model.  

 

 wildtype SE a state A mutant SEa 

kon (M-1s-1) 1.7 · 106  2.1 · 103 1.7 · 106 2.8 · 103 

koff (s-1) b
  < 10 ·10-5  < 10 ·10-5  

KD (M) c
 < 10· 10-11  < 10 · 10-11  

Rmax (RU) d
 51.2 0.01 57.7 0.01 

χ2 (RU2) 0.17  0.20  

 
a Standard error (obtained from the Biaeval software kit) 
b The off-rate is at the detection limit of the system 
c Defined as koff /kon 
d Theoretical maximum response that is reached when all ligand binding sites are occupied by the analyte; RU refers 

to response units. 

 

The SPR analyses were performed on a Biacore 2000 system at 15 °C. Two consecutive flow cells (a measurement 

cell and a reference cell in which no ligand was immobilized) were used. In both the measurement and the reference 

cell an NTA chip (GE healthcare) was loaded with NiCl2 following the manufacturer’s instructions. His-tagged wildtype 

or “state A mutant” exosome complex was diluted in running buffer (10 mM HEPES, pH 7.4, 150 mM NaCl, 5 % D20, 
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50 uM EDTA) and 100-110 RU of ligand were non-covalently bound to the experimental flow cell. Untagged cap 

protein Rrp4 was serially diluted in running buffer to concentrations ranging from 0.23 to 58 nM and injected for 200 s 

in both the experimental and the reference cell at a flow rate of 50 µl/min. The dissociation phase was followed for 

1800 s. Additionally, we recorded a blank curve, where buffer (without analyte) was injected. Both the curve from the 

reference cell and the blank injection were subtracted from the SPR signal in the measurement cell. To regenerate 

the surface regeneration buffer (10 mM HEPES, 150 mM NaCl, 0.005% (v/v) P20, 0.35 M EDTA, pH 8.3) was 

injected for 3 minutes at a flow rate of 20 µl/min in both the reference and the measurement cell. 

 

In addition to the interaction between the exosome complex and the Rrp4 cap we performed experiments to probe for 

the interaction between the exosome complex and the reduced Rrp4 cap (that lacks one of the domains; See Figure 

S7). Unfortunately, this protein interacted unspecifically with the sensorchip surface, which resulted in a strong signal 

from the reference cell. As a consequence, we were not able to extract any reliable interaction data for the exosome: 

reduced Rrp4 cap complex.  
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Figure S7 To move the Rrp4 binding affinity into a range where one can discriminate cap binding between WT and 

“state A mutant” exosome, we deleted one of the three domains from the cap structure (A). This reduced Rrp4 cap 

contains the domains that interacts with Rrp42 (the S1 and KH domains) but lacks the domain (the NTD; N-terminal 

domain) that interacts with Rrp41. We then used this reduced Rrp4 cap structure to probe for the interactions with the 

WT and “state A mutant” exosome. In NMR chemical shift titrations (B), where we added the unlabeled exosome to 
15N-labeled reduced cap, we observed a faster decrease in resonance intensity upon addition of the “state A mutant” 

exosome than upon addition of the WT exosome (C). This implies that the “state A mutant” has a higher affinity for 

the cap than the WT exosome and establishes that state A plays an important role in the interaction with the Rrp4 

cap structure.  

(A) Left: Side view of the structure of the exosome-Rrp4 complex. The exosome core is drawn as a surface 

representation (Rrp41: gray; Rrp42: green), Rrp4 is shown as a ribbon. The three Rrp4 domains are colored 

separately; NTD (N-terminal domain) in yellow; S1 domain in orange; KH domain in red.  
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Middle: Top view of the complex, indicating that Rrp42 does not contact the Rrp4 NTD. The region that displays two 

conformations (blue) contacts both the S1 and KH domains. Selected Rrp4 residues that are in contact with Rrp42 

are indicated (see below). Right: Cartoon representation of Rrp4. The S1-KH (reduced Rrp4 protein) region that is 

used to probe for binding with the exosome is circled. 

(B) 1H-15N NMR spectra of the reduced Rrp4 protein in the absence (black) and presence of an equimolar amount of 

WT exosome (left, blue) or “state A mutant” exosome (red, right). Larger chemical shift perturbations are observed 

upon addition of the “state A mutant” complex, demonstrating a stronger interaction. 

(C) Dependence of reduced Rrp4 peak intensities on the molar excess of exosome (blue-cyan scale) or “state A 

mutant” exosome (red-yellow scale). Four Rrp4 residues that contact Rrp42 are selected. The signals decrease more 

rapidly upon addition of the “state A mutant” due to the tighter interaction. Note that the decrease in peak intensity is 

largely due to fast relaxation in the high molecular weight complex that is formed, preventing accurate extraction of 

binding constants from the NMR data. After addition of a high excess of (WT or “state A”) exosome the spectra of the 

reduced cap are no longer visible due to the formation of a large complex. 
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Residue1 
Rrp42 monomer Rrp42 in exosome core Point 

mutation4 13C (p.p.m.) 1H (p.p.m.) 13C (p.p.m.) 1H (p.p.m.) 

Ile 10 δ1 (A)2 10.349 1.081 10.224 1.050 yes 

Ile 10 δ1 (B) Not applicable3  11.412 1.283 yes 

Ile 11 δ1 9.836 1.084 9.635 1.026 yes 

Ile 13 δ1 (A) 10.394 1.127 10.402 1.153 yes 

Ile 13 δ1 (B) Not applicable 10.004 1.117 yes 

Ile 14 δ1 9.972 1.062 10.576 1.079 yes 

Ile 19 δ1 (A) 10.265 0.885 10.525 0.879  
Ile 19 δ1 (B) Not applicable 9.955 0.863  

Val 20 γ1 19.456 1.325 19.86 1.219  
Val 20 γ2 20.208 1.254 19.481 1.296  
Leu 22 δ1 22.933 0.993 22.856 0.98  
Leu 22 δ2 20.245 0.949 20.17 0.942  

Ile 27 δ1 (A) 11.088 1.076 11.066 1.062 yes 

Ile 27 δ1 (B) Not applicable 11.337 1.049 yes 

Leu 34 δ1 22.451 1.14 22.385 1.118  
Leu 34 δ2 19.834 0.583 19.668 0.591  
Leu 40 δ1 22.422 1.045 22.356 1.007  
Leu 40 δ2 23.58 1.033 23.504 0.978  
Ile 42 δ1 10.674 0.786 10.659 0.756  

Leu 44 δ1 23.109 1.305 22.995 1.274  
Leu 44 δ2 21.238 1.087 21.066 1.043  
Leu 55 δ1 20.712 0.761 20.731 0.681  
Leu 55 δ2 22.422 0.664 22.084 0.473  
Val 56 γ1 17.994 1.067 17.996 1.042  
Val 56 γ2 19.587 1.04 19.567 1.011  
Leu 58 δ1 --- --- --- ---  
Leu 58 δ2 --- --- --- ---  
Val 63 δ1 --- --- --- --- yes 

Val 63 δ2 --- --- --- --- yes 

Leu 64 δ1 21.136 1.165 --- ---  
Leu 64 δ2 23.605 1.11 --- ---  
Leu 69 δ1 22.232 0.615 22.176 0.603  
Leu 69 δ2 23.035 0.8 23.129 0.772  
Ile 71 δ1 10.394 0.344 10.293 0.317  

Leu 84 δ1 23.372 0.947 --- --- yes 

Leu 84 δ2 19.973 0.923 --- --- yes 

Ile 85 δ1 10.304 0.23 10.159 0.087  
Val 86 γ1 18.608 1.049 --- --- yes 

Val 86 γ2 18.914 1.096 --- --- yes 

Val 88 γ1 19.215 1.024 --- ---  
Val 88 γ2 18.068 0.996 --- ---  
Leu 90 δ1 --- --- --- ---  
Leu 90 δ2 --- --- --- ---  
Leu 91 δ1 --- --- --- ---  
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Leu 91 δ2 --- --- --- ---  
Leu 93 δ1 --- --- --- ---  
Leu 93 δ2 --- --- --- ---  
Ile 108 δ1 9.878 1.153 1.123 10.615 yes 

Leu 110 δ1 --- --- --- --- yes 

Leu 110 δ2 --- --- --- --- yes 

Val 113 γ1 19.529 1.046 --- --- yes 

Val 113 γ2 20.172 1.215 --- --- yes 

Val 114 γ1 19.005 1.036 --- --- yes 

Val 114 γ2 19.938 1.023 --- --- yes 

Leu 118 δ1 23.912 0.864 24.015 0.856 yes 

Leu 118 δ2 19.573 0.81 19.543 0.786 yes 

Leu 124 δ1 21.034 0.841 20.822 0.809  
Leu 124 δ2 --- --- --- ---  
Leu 126 δ1 23.001 1.205 22.981 1.197 yes 

Leu 126 δ2 20.61 0.857 20.554 0.85 yes 

Leu 129 δ1 24.014 1.07 23.981 1.045  
Leu 129 δ2 19.804 0.911 19.754 0.908  
Val 130 γ1 19.005 1.061 19.016 1.058  
Val 130 γ2 18.417 1.042 18.379 1.035  
Ile 131 δ1 11.027 -0.082 11.018 -0.067  
Val 137 γ1 19.689 1.018 19.702 1.005  
Val 137 γ2 14.955 0.71 14.945 0.707  
Val 140 γ1 18.184 0.883 18.129 0.871 yes 

Val 140 γ2 --- --- --- --- yes 

Leu 142 δ1 21.647 0.953 21.474 0.952  
Leu 142 δ2 23.328 0.978 23.246 1.006  
Val 144 γ1 18.637 0.966 --- --- yes 

Val 144 γ2 17.527 0.867 --- --- yes 

Val 146 γ1 --- --- --- --- yes 

Val 146 γ2 --- --- --- --- yes 

Leu 147 δ1 23.966 1.049 --- --- yes 

Leu 147 δ2 --- --- --- --- yes 

Val 153 γ1 --- --- --- --- yes 

Val 153 γ2 --- --- --- --- yes 

Leu 154 δ1 22.948 1.039 --- --- yes 

Leu 154 δ2 --- --- --- --- yes 

Leu 159 δ1 23.589 1.042 23.689 1.198  
Leu 159 δ2 21.574 1.133 21.449 1.137  
Val 162 γ1 19.733 1.378 19.821 1.345  
Val 162 γ2 21.222 1.517 21.265 1.502  
Leu 165 δ1 24.657 0.938 24.668 0.937  
Leu 165 δ2 21.267 0.876 21.441 0.86  
Val 170 γ1 18.41 0.657 18.356 0.642  
Val 170 γ2 18.184 0.386 18.138 0.365  
Val 173 γ1 --- --- 19.702 1.018  
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Val 173 γ2 --- --- 19.129 1.152  
Ile 180 δ1 10.997 0.906 11.008 0.899  
Val 182 γ1 19.653 1.274 19.856 1.317  
Val 182 γ2 19.14 1.158 19.106 1.148  
Val 187 γ1 19.683 1.254 19.106 1.158  
Val 187 γ2 --- --- 19.585 1.24  
Val 188 γ1 18.785 1.166 18.824 1.162  
Val 188 γ2 16.446 0.945 16.356 0.941  
Leu 191 δ1 21.463 0.773 21.418 0.774  
Leu 191 δ2 24.283 1.01 24.356 1.018  
Leu 193 δ1 21.764 0.16 21.783 0.213  
Leu 193 δ2 21.545 0.673 21.624 0.642  
Val 197 γ1 17.322 1.02 17.904 0.954 yes 

Val 197 γ2 18.288 1.055 18.389 1.02 yes 

Val 198 γ1 19.719 1.008 19.816 0.97  
Val 198 γ2 16.285 1.082 15.932 1.071  
Ile 200 δ1 9.739 1.061 9.96 1.051  
Val 202 γ1 20.099 1.062 20.237 1.036  
Val 202 γ2 18.552 1.3 18.423 1.253  
Val 205 γ1 17.083 1.125 17.194 1.071  
Val 205 γ2 19.163 1.186 19.147 1.171  
Leu 209 δ1 23.591 1.057 23.697 1.032  
Leu 209 δ2 20.66 0.975 20.254 0.909  
Val 210 γ1 16.637 0.839 16.751 0.8 yes 

Val 210 γ2 19.792 0.581 19.637 0.566 yes 

Val 211 γ1 --- --- 19.504 0.989 yes 

Val 211 γ2 --- --- --- --- yes 

Leu 215 δ1 --- --- 22.561 1.1 yes 

Leu 215 δ2 --- --- 22.122 1.143 yes 

Ile 220 δ1 (A) 13.178 1.06 13.031 1.010  
Ile 220 δ1 (B) Not applicable 12.753 1.020  

Ile 225 δ1 13.093 0.945 12.911 0.796  
Leu 233 δ1 19.216 0.672 18.774 0.759  
Leu 233 δ2 22.564 0.893 22.668 0.927  
Ile 235 δ1 11.094 1.107 11.543 0.59 yes 

Val 236 γ1 17.556 0.975 16.441 0.772  
Val 236 γ2 18.537 1.192 19.566 0.952  
Ile 238 δ1 11.284 1.115 10.106 0.486 yes 

Leu 248 δ1 22.292 1.2 --- ---  
Leu 248 δ2 20.941 1.14 --- ---  
Ile 251 δ1 10.53 1.017 --- --- yes 

Val 263 γ1 20.181 1.326 20.106 1.318  
Val 263 γ2 18.537 1.192 18.606 1.184  
Leu 265 δ1 20.508 0.669 19.918 0.625  
Leu 265 δ2 22.422 0.756 22.803 0.733  
Leu 266 δ1 22.82 0.919 22.619 0.881  
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Leu 266 δ2 21.659 0.935 22.043 0.93  
Leu 269 δ1 21.151 1.029 20.879 1.029  
Leu 269 δ2 --- --- --- ---  
Leu 273 δ1 22.451 0.649 22.502 0.608  
Leu 273 δ2 20.04 0.982 19.957 0.94  
Ile 275 δ1 10.816 0.629 10.867 0.62  

	  
Table S1:  
Assigned chemical shifts for Rrp42 as a monomer and in the exosome core. 
 

1 Leu and Val methyl groups were not stereo-specifically assigned. 
2 A and B refer to the states A and B in the exosome core.  
3 The Rrp42 monomer only displays one state. 
4 Indicated if a point mutation was made to assign (or check the assignment of) the residue. 
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ABSTRACT

The exosome plays an important role in RNA
degradation and processing. In archaea, three
Rrp41:Rrp42 heterodimers assemble into a barrel like
structure that contains a narrow RNA entrance pore
and a lumen that contains three active sites. Here, we
demonstrate that this quaternary structure of the ex-
osome is important for efficient RNA degradation. We
find that the entrance pore of the barrel is required
for nM substrate affinity. This strong interaction is
crucial for processive substrate degradation and pre-
vents premature release of the RNA from the enzyme.
Using methyl TROSY NMR techniques, we establish
that the 3′ end of the substrate remains highly flex-
ible inside the lumen. As a result, the RNA jumps
between the three active sites that all equally par-
ticipate in substrate degradation. The RNA jumping
rate is, however, much faster than the cleavage rate,
indicating that not all active site:substrate encoun-
ters result in catalysis. Enzymatic turnover therefore
benefits from the confinement of the active sites and
substrate in the lumen, which ensures that the RNA
is at all times bound to one of the active sites. The
evolution of the exosome into a hexameric complex
and the optimization of its catalytic efficiency were
thus likely co-occurring events.

INTRODUCTION

The exosome is a large molecular machine that plays a role
in the processing and degradation of the 3′ end of a large
variety of RNA molecules (1). Complexes that belong to
the exosome and exosome-like family share the same three-
dimensional architecture and are found in all three domains
of life. The simplest form of the complex is the bacterial
RNase PH that has a 3′ to 5′ exoribonuclease activity (2)
(Supplementary Figure S1A). The biological unit of this
complex is a homo-hexamer that comprises three RNase
PH dimers that assemble into a ring with six active sites

(3). During the degradation reaction, the enzyme uses inor-
ganic phosphate to release nucleotide di-phosphates from
the 3′ end of the RNA. The second exosome-like complex
is the polynucleotide phosphorylase (PNPase) (Supplemen-
tary Figure S1B) that is found in bacteria, chloroplasts and
mitochondria. The building block of this enzyme contains
two consecutive RNase PH domains, a KH and an S1 do-
main that are linked in one protein chain (4). Six RNase
PH domains from three PNPase monomers assemble into
a hexameric ring structure that contains three active sites.
The exosome complex itself is found in archaea (5) and eu-
karyotes (6). In archaea, the core of the complex contains
the two RNase PH domain proteins Rrp41 and Rrp42 (7).
Three Rrp41:Rrp42 dimers assemble into a hexameric ring
structure with three active sites (8,9)(Figure 1, Supplemen-
tary Figure S1C). The active sites are located in Rrp41,
whereas the Rrp42 protein has lost its catalytic activity. The
archaeal exosome core recruits three copies of the cap pro-
teins Rrp4 or Csl4 that contain the RNA binding domains
(9,10). The interaction of the archaeal exosome core with
these cap proteins enhances the RNA degradation rates and
provides substrate specificity (11,12). Besides the similar
structures of the PNPase, RNase PH and archaeal exosome,
these complexes share a similar phosphorolytic mechanism.
The eukaryotic exosome (6) has evolved further into a fully
asymmetric complex where all protein chains that form the
core and all protein chains that form the cap are different
(Supplementary Figure S1D and E). In plants (13), only a
single subunit in the core (Exo-9) appears to be catalytically
active. In other eukaryotes, all exosome subunits are inac-
tive and form a scaffolding complex (14–16). Catalytic ac-
tivity is added to the Exo-9 complex by the Rrp44 protein
that harbors both exoribonucleolytic and endoribonucle-
olytic activity (16). Interestingly, the catalytic mechanism of
the eukaryotic complex moved from phosphorolytic to hy-
drolytic. The removal of the phosphorolytic catalytic activi-
ties in the eukaryotic exosome barrel might have occurred to
prevent polymerase activity that could result in non-specific
3′ elongation of RNA (17).

RNase PH (3), PNPase (4), the archaeal and eukaryotic
exosome complexes (8,9,15,18) all assemble into barrel-like
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structures with a (pseudo) 3-fold symmetry (Supplemen-
tary Figure S1). The active sites are located inside the lu-
men of these barrels and these are thus secluded from the
cellular environment. As a result access to the active sites
can be regulated and erroneous RNA degradation can be
prevented. For the exosome and exosome-like complexes,
RNA-binding domains that are not part of the catalytic
RNase PH ring can be used to provide substrate selectivity
(19). Based on previous biochemical data and on published
crystal structures, it can be concluded that the RNA sub-
strate is threaded to the catalytic chamber through a central
pore (the neck region), which is only large enough to accom-
modate one single-stranded RNA (10) (Figure 1). The func-
tional advantage of substrate selectivity that results from
the formation of the quaternary structure is, however, coun-
terbalanced by catalytic disadvantages, as oligomerization
of an enzyme into a multimeric complex reduces the num-
ber of substrates that can be degraded at the same time. As
an example, three isolated Rrp41:Rrp42 dimers will be able
to degrade three substrate RNAs simultaneously, whereas
a trimer of Rrp41:Rrp42 dimers, as found in the archaeal
exosome, is only able to degrade a single substrate at a time.
The oligomerization of enzyme complexes, as is seen in the
exosome family of exonucleases, is thus a trade-off between
a decrease in the number of available active sites per sub-
strate and an increase in substrate selectivity.

Here, we address whether the quaternary structure of the
archaeal exosome complex from Sulfolobus solfataricus pro-
vides catalytic advantages. We focus on two aspects in the
exosome complex that arise due to the oligomerization of
the enzyme: the creation of the neck region and the estab-
lishment of a high local concentration of active sites in the
lumen of the barrel. In brief, we combine methyl TROSY
NMR, RNA degradation and binding experiments and find
that the neck region is essential for the processivity of the
enzyme. In addition, we conclude that the sequestering of
active sites inside a small lumen of the complex favors RNA
degradation as it ensures that the substrate is always in con-
tact with one of the active sites. The formation of a hex-
americ complex thus provides significant functional advan-
tages for the exosome and exosome-like complexes.

MATERIALS AND METHODS

Protein expression and purification

The genes for the Rrp41 and Rrp42 proteins from Sul-
folobus solfataricus were cloned into modified pET vectors
that carried an N-terminal TEV cleavable His6-tag. In ad-
dition, a construct for the coexpression of both proteins
was constructed in a modified pET vector, where only the
Rrp41 protein carried an N-terminal TEV cleavable His6-
tag. Point mutations were introduced using standard site-
directed mutagenesis methods.

Escherichia coli BL21 codon plus cells were transformed
with the appropriate plasmids (Supplementary Table S1).
Cells were grown at 37◦C and proteins were over-expressed
at 25◦C by addition of 1 mM IPTG (Isopropyl �-D-
1-thiogalactopyranoside) when an OD 600 of 0.8 was
reached. Twelve hours later, the cells were pelleted by cen-
trifugation and lysed in buffer A (50 mM NaPO4 pH 7.5,
150 mM NaCl, 1 mM DTT) complemented with 10 mM

Figure 1. Structure of the Sulfolobus solfataricus exosome in complex with
a short RNA. (PDB: 2C38) (27). Rrp41 subunits are colored gray, Rrp42
subunits are colored in light brown and the 4 bases of the RNA substrate
that are visible in the crystal structure are colored in red. Left: topview of
the complex, where the substrate entrance pore is indicated with a circle.
Right: sideview of the complex, where the substrate entrance path is in-
dicated with an arrow. One Rrp41:Rrp42 dimer is shown transparent to
allow visualization of the inside of the barrel.

imidazole, lyzozyme and 0.1% Triton X100. The cell lysate
was cleared from insoluble debris by centrifugation and the
supernatant was loaded on Ni-NTA resin. The resin was
washed with buffer A that was complemented with 10 mM
imidazole. The protein bound to the resin was eluted with
buffer A complemented with 300 mM imidazole. TEV pro-
tease was added to the eluted protein and dialyzed overnight
into buffer A. To remove the His6-tagged TEV protease
and the cleaved His6-tag, the dialysate was applied to Ni-
NTA resin. The final purification step was performed using
size exclusion chromatography on a Superdex 200 column
in buffer B (30 mM Hepes pH 6.9, 100 mM NaCl, 1 mM
DTT).

The exosome complex was reconstituted from separately
purified Rrp42 (after size exclusion chromatography) and
Rrp41 (after dialysis and TEV cleavage). Equal amounts of
both proteins were mixed and incubated for several hours
at room temperature. Uncomplexed Rrp41 or Rrp42 was
removed by incubation at 50◦C for 2 h. After removal of the
precipitated proteins, the sample was further purified using
size exclusion chromatography as described above.

Exosome complexes with a different number of active
sites (on average) were obtained by mixing catalytically ac-
tive and catalytically inactive Rrp41 before the addition of
Rrp42. The percentage of active Rrp41 was varied between
10 and 100%. After reconstitution, the complexes were pu-
rified as described above.

Exosome complexes with exactly one, two or three ac-
tive sites were obtained with plasmids containing the gene
coding for Rrp42 together with three copies of the Rrp41
gene (Supplementary Table S1). These coexpression plas-
mids were designed as previously described (20). The first
copy of Rrp41 contains a His6-tag, the second one contains
a MBP-tag and the third one contains a Strep-tag. For ex-
osomes with a single active site, the His6- and Strep-tagged
versions of Rrp41 were catalytically inactive; for exosomes
with two active sites, the His6-tagged version of Rrp41 was
catalytically active; for the exosome with three active sites,
all Rrp41 versions were catalytically active (Supplementary
Table S1). Cells that coexpressed Rrp42 and the three ver-
sions of Rrp41 were grown and induced as described above.
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After lysis, the proteins were purified using Ni-affinity chro-
matography as described above. The protein that eluted
from the Ni column contained at least one His6-tagged ver-
sion of Rrp41. These complexes were then applied to amy-
lose resin to select for complexes that contained a MBP-
tagged version of Rrp41 in addition to a His6-tagged ver-
sion of Rrp41. The complexes that were eluted from the
amylose resin were subsequently applied to Strep-Tactin
resin to select for exosome complexes that contained all
three tagged versions of Rrp41. The eluted complex was
subsequently treated with TEV protease to remove all affin-
ity tags and dialyzed, prior to performing a size exclusion
chromatography as described above. It is worth mentioning
that the yield of the exosome complexes purified this way is
significantly reduced as only 22% of the exosome complexes
that are formed during over-expression contain all three dif-
ferent tags.

Labeling with NMR active nuclei was achieved by over-
expression in minimal medium that was based on 100%
D2O. 12C2H glucose was used as the carbon source and
methyl labeling was achieved by addition of 100 mg/l U-
[1H,13C] methionine, 60 mg/l 4-methyl 13CH3 �-ketobutyric
acid (labeled isoleucine precursors) or 100 mg/l methyl
13CH3 �-ketoisovaleric acids (labeled valine/leucine precur-
sors) 1 h before induction with 1 mM IPTG.

Coexpression of Rrp41 and Rrp42 was used for the
preparation of the complex that contained NMR active
methyl groups in both Rrp41 and Rrp42. To that end, both
proteins were coexpressed in NMR active growth medium
(Supplementary Table S1). Purification was performed as
for the single proteins.

RNA in vitro transcription and purification

RNA was prepared using in vitro transcription with T7
polymerase. The DNA template was obtained from a lin-
earized vector. RNAs used in NMR experiments were tran-
scribed with an HDV-ribozyme that cleaves at the end
of the target RNA sequence, resulting in the presence of
a 3′ cyclic phosphate. The 3′ cyclic phosphate prevents
degradation of the RNA by the exosome and thus al-
lows for long-term NMR measurements. RNAs used in
binding and degradation experiments were produced us-
ing run-off transcription, where the final RNA contained
a 3′ GCT that resulted from the linearization of the tem-
plate vector with the HindIII restriction enzyme. All RNA
constructs contained a hairpin structure (GGCCCCCC-
CCGAAAGGGGGGGG) followed by 32, 63, 92 or 118
adenines (Supplementary Table S1). The DNA vector con-
taining 63, 92 or 118 adenines were obtained from gene-
synthesis (GenScript USA Inc.). In vitro transcribed RNA
was purified natively with weak ion exchange chromatogra-
phy using a DEAE-sepharose column as described (21). The
pooled fractions were concentrated and buffer exchanged
into H2O with a PD10 column, followed by SpeedVac con-
centration.

Degradation assays

RNA degradation assays were performed in 180 �l reaction
buffer (20 mM Hepes pH 6.5, 60 mM KCl, 0.1 mM EDTA, 2

mM DTT, 8 mM MgCl2, 10 mM Na2HPO4) that contained
60 nM exosome (hexameric complex) and 25 �M RNA. The
10 �l samples were taken at different time-points and the
reaction was quenched by addition of 10 �l 8M Urea, 20
mM EDTA, 2mM Tris pH 8.

HPLC analysis

Ten microliters of the quenched reaction were automati-
cally injected onto an analytical DNAPac PA100 column
(Dionex) that was heated to 80◦C. Substrate and product
were separated using a linear gradient from buffer A (5 M
Urea, 20 mM Tris pH 8, 100 mM NaCl) to buffer B (5 M
Urea, 20 mM Tris pH 8, 2 M NaCl) and detected using the
absorption at 260 nm. To convert peak intensities to abso-
lute concentrations, the detector response was calibrated by
injecting known amounts of RNA (Supplementary Figure
S6).

Analysis of degradation data

For each time-point the product concentration was divided
by the total concentration [product + substrate] to normal-
ize the signal. The progression of the reaction was then fitted
from data at several time-points (Supplementary Figures
S4 and S5). Based on the known amounts of enzyme and
substrate together with the length of the substrate, the pro-
gression curves were translated into number of nucleotides
cleaved per second per exosome. To estimate the error in
the extracted catalytic rates, we used a jackknife approach,
where we fitted the data multiple times after randomly re-
moving a subset of the data.

Fluorescence anisotropy

RNA (GCCCCCCCCGAAAGGGGGGGG-A(21)-4-S-
U-A(11)-GCU) for Fluorescence anisotropy measurements
was obtained from Dharmacon. The attachment of the
6-(Iodoacetamido)-fluorescein (Sigma-Aldrich) to the
thio-uridine (4-S-U) was performed according to the
Ramos et al. (22). Dilution series of the inactive exosome
(2000, 1000, 500, 250, 125, 60, 30, 15, 10 and 0 nM) or of
the neck mutant exosome (80, 60, 40, 20, 10, 5, 2, 1, 0.5
and 0 �M) were mixed with 10 nM of RNA labeled with
6-(Iodoacetamido)-fluorescein. For the competition assays,
20 nM of either 32, 63, 98, or 118As RNA was added to the
exosome:fluorescent RNA mixture. In all measurements,
buffer (30 mM KPO4 pH 6.9, 100 mM NaCl, 0.005% Triton
X-100) was used as a reference. Fluorescence anisotropy
was recorded every 5 min using a plate reader (Tecan,
Infinite F200; filter linear polarization XP38: excitation at
485 nm and emission at 535 nm). Affinity constants were
obtained from the data using in-house written scripts using
standard equations (23).

NMR

All NMR samples were in buffer B, based on 100% D2O.
NMR spectra were recorded on AVIII-600 and AVIII-800
spectrometers with room temperature probe-heads. Methyl
TROSY spectra were recorded at 50◦C using a carbon

 at M
ax Planck Institut on February 3, 2016

http://nar.oxfordjournals.org/
D

ow
nloaded from

 

http://nar.oxfordjournals.org/


4 Nucleic Acids Research, 2016

chemical shift evolution time of 40 ms. SQ (single quan-
tum) dispersion experiments were recorded at 600 and 800
MHz using a relaxation delay of 50 ms and Car-Purcell-
Meiboom-Gill (CPGM) frequencies ranging from 40 to
1000 Hz. Relaxation dispersion data were fitted numeri-
cally using in-house written scripts using published equa-
tions (24). For the final analysis, two residues (I71 and
I85), two magnetic fields (600 and 800 MHz) and three
temperatures (308, 315 and 323 K) were fitted together
to one intrinsic R2 rate per curve, one exchange rate per
temperature and one chemical shift difference per residue.
Errors in the extracted parameters were obtained using a
Monte Carlo analysis, where the measured data-points were
randomly varied around the experimental error. Chemi-
cal exchange saturation transfer (CEST) experiments were
recorded on an 800 MHz spectrometer at 20◦C and using a
400 ms, 5 Hz B1 field, at 42 different carbon offsets that were
spaced by 10 Hz. All NMR spectra were processed using the
NMRPipe/NMRDraw software suite (25). Figures display-
ing NMR spectra and molecular structures were produced
using NMRview (onemoonscientific.com) and Pymol (py-
mol.org), respectively.

RESULTS

The exosome interacts tightly with RNA substrate

The first step in an enzymatic cycle is the formation of
an enzyme:substrate complex. Here, we used fluorescence
anisotropy measurements to determine the affinity be-
tween the exosome and an RNA substrate that contains
32 adenines downstream of a stable GC hairpin structure.
To visualize the RNA, we introduced a single 4-thiouridine
15 bases downstream of the 3′ end and coupled this base
to 6-(Iodoacetamido)-fluorescein. We then added increas-
ing amounts of a catalytically inactive version of the exo-
some (D182A in Rrp41). Upon substrate:enzyme complex
formation, the rotational lifetime of the RNA is changed,
from which we extracted an affinity of 11.7 (0.9) nM (Fig-
ure 2A) for the interaction between the exosome and the
RNA. This indicates that the exosome interacts tightly with
substrates and that substrates can thus be recruited to the
complex very efficiently.

We then asked if the interaction between the exosome
and RNA depends on the length of the RNA substrate.
To that end we performed fluorescence anisotropy com-
petition experiments where we added increasing amounts
of non-fluorescently labeled RNA to preformed exo-
some:fluorescently labeled RNA complex (Figure 2B). As
competitors, we used RNA species that contain 32, 63, 92
or 118 adenines downstream of the stable GC hairpin. In
these experiments, the fluorescently labeled RNA is com-
peted away from the exosome, which results in a decrease in
the fluorescence anisotropy. We then used the program Dy-
naFit (26) to extract the kD for the competitor and found
that all RNA species we tested interact with an affinities
around 2.7 (0.9) nM (Figure 2B). Note that the competi-
tion experiments yield somewhat lower affinities, which is
potentially due to minor interference of the fluorescence la-
bel with the binding. These data show that the affinity of
the enzyme for the substrate is independent of the length of
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Figure 2. (A) Fluorescence anisotropy measurements to determine the
affinity between an RNA substrate and the exosome. 32A refers to an RNA
that contains a 5′ GC hairpin structure, followed by 32 adenine bases. The
extracted error is based on three independent measurements. (B) The in-
teraction strength between RNA substrates and the exosome is indepen-
dent of the length of the RNA. Shown are fluorescence anisotropy mea-
surements, where 20 nM exosome and 20 nM fluorescently labeled 32A
RNA (see above), were complemented with increasing amounts of non-
fluorescently labeled RNA. The extracted affinities are very similar for
RNA species that contain 32, 63, 92 or 118 adenine bases 3′ to a GC hairpin
structure. The errors in the extracted parameters result from independent
measurements.

the substrate and implies that the 3′ end of the RNA is the
prime recognition site for the exosome.

The tight exosome substrate interaction provides processivity

The RNA degradation of the exosome is highly processive,
where RNA substrates are not released from the enzyme
prior to complete degradation (27). Here, we confirm this
processivity and show that an RNA substrate that contains
a stable GC hairpin followed by 32 adenines is degraded
into an RNA species that contains 10 adenines in addition
to the hairpin (Figure 3A). This product results from the
fact that the stable hairpin prevents entrance of the sub-
strate into the exosome barrel and from the distance be-
tween the entrance pore and the active sites that spans 10
bases (27). During the degradation reaction no intermedi-
ate products are observed, indicating that the substrate is
not released from the enzyme until degradation has been
completed.

To shed light on the interactions that are responsible for
this processive degradation we introduced a point muta-
tion in the neck region of the exosome complex (R67G in
Rrp41). Interestingly, this mutation that, due to the symme-
try of the complex removes three positive charges, caused
a reduction in the affinity between the RNA and the ex-
osome from 11.7 nM (Figure 2A) to 27 �M (Figure 3B).
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Figure 3. (A) Left: Substrate RNA (32A) is processively degraded into product (10A; a GC hairpin with 10 adenine bases) by WT exosome as no inter-
mediate degradation products are detected. Right: a single point mutation in the neck region (Rrp41 R67G) abolishes the processivity as intermediate
degradation products appear during the reaction. (B) Fluorescence anisotropy binding curve of the neck mutant exosome (Rrp41 R67G) with the fluores-
cently labeled 32A RNA. The single point mutation results in a 1000-fold reduction of the affinity between the RNA and the enzyme (compare: Figure
2A).

The removal of the positive charge at the entrance pore thus
reduces the affinity between the exosome complex and the
substrate RNA by three orders of magnitude. At the same
time, the processivity of the degradation reaction has been
lost as intermediate degradation products appear during the
reaction (Figure 3A, right). Over time, these intermediates
decrease in length and disappear as they act as substrates in
subsequent rounds of degradation by the exosome complex.
These results indicate that the neck region of the exosome
is responsible for the tight interaction between the enzyme
and the substrate and that this tight interaction results in
processive RNA degradation.

The RNA is mobile inside the exosome barrel

Based on RNA degradation experiments that use a sub-
strate that contains a stable 5′ hairpin structure, the distance
between the neck region of the exosome and the active sites
is 10 nucleotides (Figure 3) (27). The exact path of the RNA
between the neck region and the active sites has, however,
not been revealed. In crystal structures of the Sulfolobus
solfataricus exosome, the substrate RNA is only visible for
the 4 bases (bases N1 to N4; where base N1 is the 3′ termi-
nal base; Figure 1) encompassed in the active site as well as
the base N10 in the entrance pore (10,27). Except for these
bases, no electron density is observed for the RNA inside
the chamber. This suggests that parts of the RNA are not
well ordered in the barrel of the exosome.

To obtain additional insights into the path of the sub-
strate RNA within the exosome core, we turned to methyl
TROSY NMR spectroscopy (28). This NMR method re-
sults in high quality proton-carbon NMR spectra (29) that
can be used to identify intermolecular interactions (30). To
that end, we recorded methyl TROSY NMR spectra of the
exosome in the absence and presence of RNA substrate.
Methyl groups that come close to the RNA undergo chem-
ical shift perturbations (CSPs) that can report on the path
of the substrate.

First, we prepared an exosome complex that contained
NMR invisible Rrp41 and a version of Rrp42 that was
NMR active in methyl groups of isoleucine, valine and
leucine residues (ILV labeling). We recently obtained res-
onance assignments for these methyl groups and reported
that the RNA interacts with residues around the pore re-
gion and with the isoleucine 85 of Rrp42 (31) that is close

to the active sites of the enzyme. In case the RNA adopts a
static structure with one of the three active sites in the exo-
some barrel, one would expect that resonances of residues
close to the RNA split into two, where 2/3 of the original
resonance remains and a novel resonance with intensity 1/3
arises. For residue 85, however, we observe that the reso-
nance intensity is reduced by a factor of ∼8, whereas we
failed to identify a novel resonance. This indicates that the
RNA substrate is not stably bound to a single active site
when it is inside the exosome barrel. To determine if other
resonances from Rrp42 also undergo line broadening upon
RNA interaction, we divided resonance intensities observed
in the free exosome by the resonance intensities of the com-
plex with RNA (Figure 4A). Although most resonance in-
tensities are unaffected by the RNA interaction, we noticed
that isoleucine 71 and valine 137 are also significantly weak-
ened in the presence of the RNA. Like isoleucine 85, these
residues cluster close to the four nucleotides of the 3′ end
of the RNA substrate. The peak broadening of isoleucine
85 is more pronounced because it interacts directly with
the RNA, whereas isoleucine 71 and valine 137 are sens-
ing the presence of RNA through conformational changes
of the loop underneath the active site (32). Interestingly, the
line broadening effect is more prominent at higher temper-
ature (50◦C) than at lower temperature (20◦C) (Figure 4A).
Most likely, this temperature dependence is due to tran-
sient interactions between the RNA and the enzyme, where
the RNA binding-unbinding causes exchange broadening
of the methyl groups in the vicinity. The reduction of the
line broadening at lower temperatures can be explained by
slower motions of the RNA at 20◦C than at 50◦C. In sum-
mary, our NMR titration data suggest that the RNA is mo-
bile inside the barrel of the exosome.

To identify residues in Rrp41 that are important for the
RNA interaction, we prepared an exosome complex that
contained NMR active methyl groups for the isoleucine
residues of Rrp41 and Rrp42 (Figure 4B). Resonances from
Rrp41 can be identified in a straightforward manner based
on spectra that were recorded on an exosome that was
only labeled in Rrp42 (Supplementary Figure S2). Addi-
tion of RNA to the Rrp41:Rrp42 isoleucine labeled sam-
ple resulted in a number of CSPs (Figure 4B) where CSPs
in Rrp42 confirmed the data that we obtained from the
Rrp42 ILV labeled sample. To identify amino acids in Rrp41
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Figure 4. (A) The methyl group resonance intensities of Rrp42 resonances in the RNA free exosome divided by the corresponding resonance intensity in
the presence of RNA. High bars indicate significant line broadening upon RNA binding, notably observed for residues Ile 71, Ile 85 and Val 137 of Rrp42.
The line broadening is shown for three different temperatures, 50, 30 and 20◦C. Note that a large number of resonances are not affected by the interaction
with RNA (below the dashed bar). (B) Methyl TROSY NMR spectrum of the isoleucine region of the exosome that contains NMR active groups in
Rrp41 and Rrp42. NMR spectra in the absence (black) and presence (red) of RNA are shown and a number of assignments are indicated. Regions that
are highlighted with a dashed box correspond to resonances in Rrp41 that experience large CSPs upon interaction with the RNA substrate. Spectra were
recorded at 323 K. (C) Structure of the Sulfolobus solfataricus exosome (PDB: 2C38) (27) superimposed onto the RNA substrate (in red) visible in the
structure of the Pyrococcus abyssi exosome (35) (PDB: 2PO1). Assigned residues that show CSPs in the presence of RNA are indicated in blue. Only a single
RNA is present per hexameric exosome complex, as the narrow entrance pore does not allow for the recruitment of multiple substrates simultaneously.

that are affected by the RNA, the NMR resonances need
to be assigned to the residues in the complex. A full reso-
nance assignment of the Rrp41 methyl groups was, in our
hands, not feasible, as Rrp41 in isolation had a high ten-
dency to aggregate. Nevertheless, we assigned a number
of Rrp41 methyl group resonances using a mutational ap-
proach, where we mutated Rrp41 isoleucine residues into
closely related amino acids (33,34). This ideally results in
the disappearance of a single isoleucine resonance from the
methyl TROSY spectrum. In that way we identified that
isoleucines 101 and 131 in Rrp41 interact with the substrate
RNA (Figure 4B). Interestingly, these residues shift rather
than broaden upon RNA binding. In addition, we noticed
that an additional set of unassigned residues in Rrp41 expe-
riences resonance shifts (boxed regions in Figure 4B). Shift-
ing of resonances in NMR titration experiments takes place
when the binding–unbinding process is fast on the NMR
chemical shift timescale. This suggests that a number of
residues in Rrp41, including isoleucine 101 and 131, interact
weaker with the RNA than the residues close to the active
sites in Rrp42. This observation is in agreement with the
lack of electron density for the nucleotides that come close
to the Rrp41 protomer.

In comparison with the structure of the Sulfolobus solfa-
taricus exosome (27), the structure of the Pyrococcus abyssi
exosome (35) in complex with RNA shows additional elec-
tron density for RNA bases N5 and N7, albeit with low
quality. To validate our NMR titration experiments, we
superimposed the RNA of the Pyrococcus abyssi complex
onto the structure of the Sulfolobus solfataricus exosome
(Figure 4C). This reveals that CSPs that we observe in our
NMR titration experiments are in some cases further than
5 Å away from the substrate. This is especially true for
isoleucine 101 in Rrp41 that is more than 9 Å away from
base N7. We can, however, explain the CSPs of isoleucine
101 in Rrp41 with the mobility of the RNA in the exo-

some barrel, where structural changes in the RNA result in
shorter distances between the substrate and isoleucine 101.

Taken together, our NMR data and the lack of electron
density of the RNA substrate (10,27,35) point to a high mo-
bility of the substrate RNA inside the barrel of the exosome.

Quantification of the RNA motions inside the exosome barrel

To directly measure motions of the substrate RNA in the
barrel of the exosome, we made use of methyl group relax-
ation dispersion experiments (36,37). In those experiments,
the line broadening that is induced by an exchange process
can be quantified and exchange rates can be extracted. We
focused our analysis on isoleucine residues of Rrp42 be-
cause concentrated samples that are only labeled in Rrp42
can be produced (31). In agreement with the line broaden-
ing that we observed in isoleucine 85 and isoleucine 71 (Fig-
ure 4A), we detected significant dispersion profiles for these
residues in the presence of substrate RNA (Figure 5A). Im-
portantly, these dispersion profiles are solely due to the in-
teraction of the enzyme with the substrate, as they were not
observed in the absence of RNA (Supplementary Figure
S3). In total, we measured dispersion data at three differ-
ent temperatures (35, 42 and 50◦C) and two magnetic field
strengths (600 and 800 MHz; Supplementary Figure S3).
To extract the underlying exchange parameters, we fitted all
data together and assumed that the chemical shift difference
was temperature independent. In addition, we assumed that
the excited (RNA bound) state had a population of 1/3, as
the substrate RNA can only interact with one of the three
active sites at a time. Based on that, we extracted exchange
rates of 1021 (163), 1615 (230) and 1744 (249) per second
at 35, 42 and 50◦C, respectively. The extracted chemical
shift differences between the free state and the RNA bound
state are 0.25 (0.01) and 0.17 (0.02) p.p.m. for isoleucine 85
and 71, respectively. Isoleucine 71 and isoleucine 85 are lo-
cated close to the active site of the enzyme and the motions
that we detect through those methyl groups thus report on
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Figure 5. (A) Single quantum relaxation dispersion profiles in the presence of RNA. The profiles for isoleucine 71 and isoleucine 85 are shown at two
magnetic field strengths and at 50◦C. For clarity, the dispersion profiles at 600 MHz are plotted 5 Hz lower than they actually are. The circles indicate the
measurement points, where the error bars have been derived from duplicate measurement points. The drawn lines are the best fit to the data, where both
residues at three temperatures were fitted simultaneously to one exchange rate and one carbon chemical shift difference per residue. (B) CEST profiles for
isoleucine 85 in the absence (blue) and presence (red) of the RNA substrate. In the presence of RNA, an invisible state 0.25 downfield of the main resonance
of isoleucine 85 appears.

the binding–unbinding of the substrate RNA with the ac-
tive site region of the exosome. We conclude that the RNA
moves from one active site to the next one with a frequency
between 1000 and 1700 Hz, depending on the temperature.
These data reinforce the notion that the RNA is highly mo-
bile in the lumen of the exosome.

To validate the analysis of the relaxation dispersion ex-
periments, we used CEST experiments (38) to identify the
resonance frequency of the invisible RNA-bound state of
isoleucine 85. The exchange rates that we determined be-
tween 35 and 50◦C are too fast for efficient CEST to oc-
cur. Therefore, we lowered the experimental temperature to
20◦C. Unfortunately, at temperatures lower than 20◦C, the
signal to noise ratio of the NMR spectra drops significantly,
which prevented us from measuring at even lower tempera-
tures. In the CEST experiment, we clearly observe the pres-
ence of a second and invisible state for isoleucine 85 (Figure
5B). Interestingly, this invisible state is located 0.25 p.p.m.
downfield from the resonance frequency of residue 85. This
is in excellent agreement with the chemical shift difference
extracted from the relaxation dispersion experiments and
confirms that the parameters that we extracted from the re-
laxation dispersion experiments are accurate and reliable.

The exosome exploits all three active sites during catalysis

Our NMR data show that the 3′ end of the RNA substrate
is highly mobile inside the lumen of the exosome. Based on
the relaxation dispersion experiments, the substrate inter-
acts with the active sites around 1700 times per second at
50◦C. This raises the question whether all three active sites
are used or potentially even required during the degrada-

tion process. To address this, we used two complementary
biochemical experiments where we measured the activity of
exosome complexes that contained different numbers of ac-
tive sites.

First, we reconstituted exosome complexes from sepa-
rately expressed Rrp42 and Rrp41. To vary the number of
active sites in the reconstituted complex, we used differ-
ent mixtures of catalytically active and catalytically inac-
tive (D182A, that does not interfere with the RNA binding)
Rrp41. For example, when a mixture of 40% active and 60%
inactive Rrp41 is used in the reconstitution process, statisti-
cally the following complexes will form: exosome complexes
without any active sites (22%), with one active site (43%),
with two active sites (29%) and with three active sites (6%).
The relation between the average number of active sites and
the activity of the complex depends on the mechanism that
is used during the degradation process. In case all active sites
equally and independently contribute to the reaction, the
activity will linearly increase with the average number of ac-
tive sites (Figure 6A, red curve). Alternatively, in case only
one active site is used in the degradation process (e.g. when
the substrate stays on a single active site during the degrada-
tion process), the activity will level off with increasing aver-
age number of active sites (Figure 6A, blue curve). In case all
three active sites are essential for efficient catalysis, the ac-
tivity of the exosome will only reach high levels when there
are on average a high number of active sites (Figure 6A,
green curve). Experimentally we can distinguish between
these three scenarios by measuring the catalytic activity of
exosomes that (on average) contain a different number of
active sites. Here, we increased the average number of active
sites in a stepwise manner from 10% to 100% in steps of 10%
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Figure 6. (A) Theoretical relationship between the activity and number of active sites inside the exosome complexes, which were reconstituted, with
different ratios of active and inactive Rrp41. In case all three active sites in Rrp41 are independently used in the RNA degradation process, the predicted
relation between the activity and the percentage of active Rrp41 is shown in red. The blue and green relationships apply to the situation where only one
active site is used and where the exosome requires all three sites for full activity, respectively. (B) Experimental relationship between the percentage of active
Rrp41 in the exosome and the activity. The blue circles indicate the degradation rates (nucleotides cleaved per second per exosome). The red line is the
best fit to the data from which the activity of the fully active exosome is determined to be 14.7 cleavages per exosome at 50◦C. The data clearly show that
all three sites in the exosome are used in the degradation process. (C) Theoretical relationship between the activity and the discrete number of active sites
inside the exosome. The dashed lines are shown for clarity only. See also (A). (D) Experimental relationship between the number of discrete active sites in
the exosome complex and the activity. The blue circles refer to the measurements, the red line is the best fit to the data. As in (B), the data show that all
three sites in the exosome are used in the degradation process.

(see Methods). Each of these exosome complexes was incu-
bated with substrate RNA and the reaction was quenched
at different time-points. In those assays, we choose to use
the RNA substrate that contains a 5′ hairpin structure fol-
lowed by 32 adenine nucleotides. The product of the degra-
dation reaction will then be the hairpin structure with 10
nucleotides, which can be readily detected (see above). Ini-
tially, we quantified the levels of substrate and product dur-
ing the reaction using an Urea PAGE analysis (Supplemen-
tary Figure S4), however, we found that quantification us-
ing an HPLC approach was more accurate (Supplementary
Figure S5) and thus we used this method for all degrada-
tion experiments. To obtain degradation rates, we fitted the
substrate and product concentrations to a progression curve
(Supplementary Figures S4, S5, S6 and methods). In sum-
mary, we observe that the number of cleaved nucleotides
increases linearly with increasing amounts of active Rrp41
(Figure 6B). These data thus show that all three active sites
in the exosome are used during the degradation process.
Based on these data, we conclude that one substrate RNA
is degraded by three active sites in one exosome. At 50◦C,
this results in 14.7 (0.6) nucleotide cleavages per second per
exosome (Figure 6B).

In a second and independent approach to determine how
many active sites in the exosome play a role in the RNA
degradation process, we prepared three different samples
with exosome complexes that contained exactly one, two or
three active sites. These complexes were obtained by over-
expression of untagged Rrp42 with three copies of Rrp41,

each of them fused to a different affinity tag (His-tag, MBP-
tag or Strep-tag). Importantly, we were not able to detect
any subunit exchange between different exosome complexes
(Supplementary Figure S7), establishing that the exosome
complexes with a discrete number of active sites are ex-
tremely stable. Subsequently, three consecutive purification
steps were used to obtain complexes that contained exactly
one of each Rrp41 affinity tags. During expression of the
exosome complex, we used one, two or three catalytically
active versions of the differently tagged Rrp41 proteins and
were thus able to prepare exosome complexes with a dis-
crete number of active sites. As described before, the ac-
tivity of these complexes can provide information on the
mechanism that is used during RNA degradation (Figure
6C, see above). We then experimentally determined the ac-
tivity of the exosome complexes that harbored a discrete
number of active sites and found that all three active sites
are equally involved during the degradation process (Figure
6D). This confirms the experiments that we performed us-
ing exosomes with mixed number of active sites. The overall
activity of the exosome complexes with a discrete number
of active sites appears somewhat lower (9.6 cleavages per
second per exosome at 50◦C) than the activity of the exo-
some complexes that contain mixture of active and inactive
sites. This is most likely due to a loss in activity of the exo-
some complex during the long purification protocol that is
required for the preparation of the exosome complexes with
a discrete number of active sites.
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The RNA motions are much faster than the enzymatic
turnover rates

Our degradation assays show that the RNA substrate uses
all three active sites in the exosome barrel. This is in agree-
ment with the NMR data that show that the substrate
rapidly exchanges between the active sites. Interestingly, at
50◦C the rate of exchange (1700 s−1) is two orders of magni-
tude faster than the number of cleavages per second per exo-
some (∼10 s−1). It is worth noting that these differences are
not a peculiarity of this temperature. Indeed, we compared
degradation experiments at 20, 35, 50 and 65◦C (Figure 7A)
and found that the temperature dependence of the degrada-
tion rate follows the Eyring relationship (Figure 7B). The
temperature dependence of the RNA hopping frequency in
the exosome barrel, as we determined using relaxation dis-
persion experiments, follows a very similar trend, albeit at
much higher frequencies. This indicates that the RNA hop-
ping frequency is significantly larger than the degradation
rates for biologically relevant temperatures.

From the temperature dependence of the activity of
the exosome core (Figure 7B) the RNA degradation
rate at 75◦C (the optimal growth temperature of Sul-
folobus solfataricus) can be predicted to be around 65
nucleotides/second. This degradation rate is comparable to
the RNA degradation rate that was previously determined
for the PNPase enzyme (120 nucleotides/second) (39). In
addition, the rate of RNA degradation by the exosome core
is in the same order of magnitude as the elongation rate of
the archaeal RNA polymerases that was determined to be
around 20 nucleotides per second in Methanothermobacter
thermautotrophicus (40).

The degradation rate is independent on the RNA length

The catalytic cycle of the exosome includes multiple steps.
If substrate binding or product release is very slow, the exo-
some would require a significant time between finishing the
degradation of one substrate and initiating the degradation
of the next one. Such a time would reduce the average cleav-
age frequency that we measured in our biochemical exper-
iments. To probe whether substrate binding or product re-
lease are rate limiting in the catalytic cycle of the exosome
we performed degradation assays with RNA substrates of
increasing length (32, 63, 92 and 118 adenine repeats, that
all interact with the exosome with similar affinities, Figure
2B). For short RNA substrates, the exosome would need to
reload the substrate significantly more often than for long
substrates, which would reduce the overall turnover rate. In
our experiments, we designed the substrates such that short
(less than ∼10 nucleotides) single stranded RNA stretches
are not formed (Supplementary Figure S4A), as these have
been shown to be degraded at very low rates (41). Inter-
estingly, in our degradation experiments, we find that the
activity of the exosome (number of nucleotides cleaved per
second) is very similar for the four RNAs used, showing
that the activity of the exosome is largely independent of
the length of the substrate (Figure 7C). This shows that
substrate binding and product release are not significantly
limiting catalytic turnover. The nucleotide cleavage frequen-
cies that we measured thus directly report on the activity
of the active sites. This validates our conclusion that the

RNA jumping frequencies are much faster than the catalytic
cleavage rates.

DISCUSSION

Self-compartmentalization is a principle that is exploited
not only by the exosome, but also by other enzymes, includ-
ing the proteasome (42). The sequestering of active sites in-
side a small space prevents degradation of substrates that
are not actively targeted to the enzyme. For the archaeal
exosome, substrate selection takes place through RNA in-
teracting proteins that dock around the entrance pore of
the barrel (9,10,19). In the eukaryotic exosome, these RNA-
binding proteins have evolved further and include helicases
that are able to unfold RNA species that contain secondary
structure (43).

Despite the functional advantages that are related to
substrate selection, self-compartmentalization comes at a
cost: multiple protomers in a larger complex can only
act on a single substrate whereas the same number of
monomeric proteins could act on multiple substrates simul-
taneously. For the Archaeoglobus fulgidus exosome, the ac-
tivity of the native (Rrp41:Rrp42)3 exosome complex was
previously compared to the activity of a version of the
complex that only assembles into (Rrp41:Rrp42)1 dimers
(41). Interestingly, for long RNA substrates, it was found
that the catalytic activity of one (Rrp41:Rrp42)3 hexam-
eric complex is higher than that of three (Rrp41:Rrp42)1
dimers. One (Rrp41:Rrp42)3 exosome that acts on one
substrate is thus more efficient than three (Rrp41:Rrp42)1
dimers that act on three substrates simultaneously. For the
Archaeoglobus fulgidus exosome complex, the advantages
of self-compartmentalization thus outweigh the disadvan-
tages. The molecular basis that underlies this gain in activ-
ity upon assembly of the Rrp41 and Rrp42 protomers into
a barrel like quaternary structure remained undetermined.

Here, we addressed the catalytic advantages of oligomer-
ization of the Sulfolobus solfataricus exosome. Two features
that appear in the enzyme upon oligomerization of the
Rrp41 and Rrp42 proteins into a hexameric barrel are the
entrance pore (the neck region) and a lumen that contains
a very high concentration of active sites. We find that these
two aspects are fundamental to the efficiency of the exo-
some complex (Figure 8).

Using binding measurements, we show that the neck re-
gion, where the RNA enters the exosome lumen, strongly in-
teracts with unstructured RNA. Interestingly, this interac-
tion involves substrate nucleotides that are located 10 bases
upstream of the degradation site. This very strong interac-
tion ensures that substrates can be recruited efficiently, and
at the same time prevents that substrates are released from
the enzyme complex before complete degradation (Figures
2 and 3). Experimentally we have shown this using an exo-
some complex that contains a single point mutation in the
neck region. This mutation results in a 1000-fold decrease
of the enzyme substrate interaction strength (Figure 3B).
Importantly, also the processivity that is observed in the
WT complex is lost upon weakening the neck-substrate in-
teractions (Figure 3A) as substrates can no longer be re-
tained to the enzyme complex during turnover. The impor-
tance of the neck region for RNA degradation appears to be
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Figure 7. (A) Effect of the temperature on the activity of the exosome. (B) Eyring analysis of the temperature dependence of the degradation rates (lower
line) and NMR jumping rates (upper line). The lines follow the same trend, indicating that the substrate jumping rate is much faster than the degradation
rate at all biologically relevant temperatures. (C) The number of nucleotides cleaved by the exosome is independent of the length of the RNA. This shows
that substrate recruitments or product release are not rate limiting in the reaction. The larger errors for the 118A RNA substrates might result from some
inhomogeneity in the exact length of the substrate that resulted from slippage or stalling of the T7 polymerase that was used to prepare this long and highly
repetitive sequence.

Rrp41

Rrp42

~1700 Hz

~10 HzRNA

Active site

nM affinity
µM affinity

Figure 8. Cartoon that summarizes our findings. The RNA (red, dashed
red) enters the exosome barrel (gray, sand) through the neck and can
interact with one of three active sites (green circles). The substrate
jumps between these three active sites with frequencies of ∼1700 s−1

(rounded dashed arrows). The catalytic cleavage rates are in the order of 10
s−1 (scissor symbol), two orders of magnitude slower than the RNA jump-
ing rate. Only 1 in 100 RNA:exosome encounters results in a catalytic reac-
tion. The exosome:RNA nM affinity interactions through the neck region
keep the 3′ end of the RNA in the exosome barrel. The high concentration
of active sites and substrate in the barrel of the exosome ensures that the
3′ end of the RNA is always in contact with one of the active sites.

conserved in exosome and exosome-like complexes (Supple-
mentary Figure S1). First, it has been shown that the hex-
americ structure of the RNAse PH complex is essential for
activity as a dimeric form of the enzyme that does not form a
neck region is unable to interact with RNA (44). Secondly,
mutations of basic residues in the entrance channel of the
PNPase complex result in a loss of activity and processiv-
ity (45). Finally, mutations within the Rrp41 neck region of
the yeast exosome have been shown to be important for the
channeling of substrates through the catalytically inactive
Exo-9 complex toward the catalytically active Rrp44 sub-
unit (18).

To address the importance of the high concentration of
active sites in the lumen of the exosome, we determined the
kinetics of the substrate in the proximity of the active sites.
Using methyl TROSY NMR methods we show that the 3′
end of the RNA is highly mobile and that it jumps between
the active sites with a frequency of around 1700 Hz at 50◦C
(Figure 5). This high mobility will allow for a rapid dissoci-
ation of the reaction products, thereby facilitating turnover.

Based on fluorescence anisotropy experiments that use a
mutant where the neck interactions are impaired, the affin-
ity between the active sites and the 3′ end of the RNA is in
the �M regime (Figure 3B). This affinity is in line with pre-
vious ITC measurements that used a very small RNA sub-
strate (46). Based on this �M affinity and the determined
exchange rate of the RNA in the barrel it can be concluded
that the on-rate of the binding process is fast (in the order
of 109 M−1s−1). This fast on-rate is probably a direct con-
sequence of the small volume of the lumen of the exosome
and the resulting high substrate concentration. Using a se-
ries of RNA degradation experiments (Figures 6 and 7) we
show that the motions of the RNA allow that all active sites
in the exosome lumen equally participate in RNA degrada-
tion. Interestingly, the number of nucleotide cleavage events
(∼10 s−1) is two orders of magnitude lower than the number
of active-site: substrate encounters (∼1700 s−1). This shows
that around 100 encounter complex formation events are
required for one cleavage event.

When one assumes that the exosome has a spherical lu-
men with a diameter of 32 Å, the concentration of active
sites in the enclosed volume can be estimated to be around
300 mM whereas the local substrate concentration is one-
third of that (one RNA can enter the lumen). Based on
the �M affinity of the 3′ end of the RNA for the active
sites, the active-site occupancy can be predicted to be es-
sentially 100%. As soon as RNA enters the lumen of the
exosome it will thus be bound to one of the three active
sites. In that light, the oligomerization of the exosome en-
hances catalytic efficiency by ensuring that the enzyme in-
teracts with the substrate in a highly efficient manner at all
times. In the theoretical case, where the archaeal exosome
would only contain a single active site, the RNA would still
be in contact with this site for more than 98% of the time.
The reduction of the number of active sites in exosome(-
like) complexes (6 active sites in RNase PH, 3 active sites
in the PNPase and archaeal exosome, one in the plant ex-
osome; Supplementary Figure S1) does not result in a re-
duction of the catalytic activity; the RNA will always be in
full contact with an active site. After oligomerization of the
exosome-like complexes into a barrel-like quaternary struc-
ture, the diversification of the subunits and the removal of
active sites thus posed no catalytic disadvantages. It should
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be noted that in our degradation experiments (Figure 6) we
intentionally removed activity through a single-point mu-
tation that did not alter the interaction with RNA. In that
situation, the 3′ end of the RNA partitions between active
and inactive sites, which leads to the observed reduction in
activity. When the removal of active sites is accompanied by
the removal of the substrate interaction, the activity should
stay at its maximum, independent of the number of active
sites. In that light, it should be noted that the eukaryotic ex-
osome indeed makes no contacts with the substrate RNA
as all contact points have been removed (47).

In summary, we show that the oligomerizaiton of the ex-
osome complex into a barrel like structure provides novel
catalytic advantages. The basis for this lies in the fact that
the enzyme interacts very strongly with the substrate close
to base N10, whereas the 3′ end of the RNA close to base N1
remains highly flexible (Figure 8). The evolution of the hex-
americ exosome complex from single protein chains might
have benefited from the increase in catalytic efficiency that
is associated with the formation of the quaternary structure.

SUPPLEMENTARY DATA

Supplementary Data are available at NAR Online.
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Figure S1. Structures of the exosome and exosome-like complexes. 

(A) The homo-hexameric RNase PH (PDB: 1UDN) (1) that harbors six active sites (red 

spheres). The six identical protein chains are colored in different shades of green. 

(B) The home-trimeric PNPase (PDB: 1E3H) (2) that harbors three active sites (red spheres). 

The three identical protein chains are colored in different shades of cyan. 

(C) The archaeal exosome complex (PDB: 2BR2) (3) that contains three Rrp41 (grey) Rrp42 

(sand) dimers. Only Rrp41 contains a catalytically active site.  

(D) The core of the eukaryotic exosome structure (PDB: 2NN6) (4) that contains six different 

protein chains. The plant exosome appears to have a single catalytic active site in Rrp41. The 

three different proteins that form the cap of the complex are colored grey. 

(E) As in (D), eukaryotic exosomes from other species have lost all catalytically active sites 

and act as a scaffolding complex.  
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Figure S2.  

Overlay of methyl TROSY NMR spectra of the exosome complex that contains NMR active 

isoleucine residues in both Rrp41 and Rrp42 (black) or only in Rrp42 (green). Resonances 

that result from residues in Rrp41 can be readlily identified.  
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Figure S3.  

Top part: methyl TROSY NMR spectra of Rrp42 in the exosome complex in the absence (left) 

and presence (right) of RNA substrate. Bottom part: Isoleucine 71 and 85 show flat dispersion 

profiles in the absence of RNA (left column). In the presence of substrate RNA, these 

residues show motion on the ms timescale. The motions that we observe in the 

exosome:RNA complex are thus a direct result of the RNA. The shown profiles have been 

recorded at 800 MHz. 
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Figure S4.  
(A) In our experiments the RNA substrate (a GC hairpin followed by 32 adenines, where the 

3’ GCU nucleotides result from the linearization of the DNA template used for in vitro 

transcription) is processively degraded into the product RNA (a GC hairpin followed by 10 

adenines) and nucleotides.  

(B) 30 µM substrate (see A) was incubated with 70 nM exosome (that contained an average 

number of active sites between 10 and 100%) at 50°C. Aliquots of the reaction were taken at 

different time points and mixed with 8M urea to quench the reaction. The samples of the 

different time-points were analyzed using Urea PAGE, after which the RNA was visualized 
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with methylene blue. The amount of substrate and product was quantified using ImageJ 

(Rasband, W.S., ImageJ, U. S. National Institutes of Health, Bethesda, Maryland, USA, 

http://imagej.nih.gov/ij/, 1997-2015). The Urea PAGE band intensities were scaled by the 

length of the RNA to correct for differences in staining efficiency of the substrate and product. 

Two exemplary gels of the reaction in the presence of the exosome that contains on average 

20% (left) or 90% (right) active sites are shown. The time-points at which the reaction was 

quenched are indicated on top.  

(C) The progression of the reaction was determined at each time point by dividing the band 

corrected band intensity of the product by the sum of the corrected band intensities of the 

product and the substrate. The rate of the reaction was subsequently determined by fitting the 

progression of the reaction to the exponential function B*(1-exp(-A*t)), where A is the rate of 

the degradation reaction and B is a scaling factor.  

(D) The relative speeds of the reaction were plotted versus the average number of active 

sites to determine if the reaction linearly depends on the number of active sites (See Fig 6). 

The determined catalytic rates show larger spreads, indicative for inaccuracies in the 

extracted parameters. These inaccuracies can have multiple causes, including inaccuracies 

in the determination of Urea PAGE band intensities, different efficiencies in the methylene 

blue staining of the substrate and product, pipetting errors during the loading of the gel and 

variations in the quality of different urea-page gels.  
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Figure S5.  

(A) Exosome and substrate were mixed as described in Figure S4A and S4B, but using 25 

µM substrate RNA and 60 nM exosome. The reaction time-points were analyzed on a Dionex 

PA-100 column that was heated to 80 °C and coupled to an HPLC system that was equipped 
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with an auto sampler for the precise and reproducible injection of the sample onto the column. 

This allowed for the accurate quantification of the levels of substrate and product in the 

reaction mixture, where the peak areas were converted into absolute concentrations based 

on determined calibration curves (Figure S6). Note that we did not use the concentration of 

the nucleotides in the analysis as the peak that contained the nucleotides overlapped with 

small peaks that resulted from the buffer in the reaction mixture (see e.g. top chromatogram 

taken at time=0 and where no product and nucleotides are present. The progression of the 

reaction was assessed by dividing the product concentration by the total RNA concentration.  

(B) As in Fig S4C, the rate of the reaction was determined at each time point by fitting the 

progression of the reaction to the exponential function B*(1-exp(-A*t)), see Fig S4. Note that 

each data point in panel B is extracted from a single HPLC run. 

(C) Plot that correlates the activity of the exosome complex versus the average number of 

active sites in the complex. The spread in the data is significantly reduced compared to the 

Urea PAGE analysis (See Fig S4). Based on that we decided to analyze all degradation 

experiments using the HPLC method.   
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Figure S6.  

(A) Calibration of the detector response using known amounts of product (a GC hairpin 

followed by 10 adenines) and substrates (a GC hairpin followed by 32, 63, 92 or 118 

adenines).  

(B) Global calibration of the product and substrate amounts that was used to convert all 

HPLC peak areas into absolute concentrations.  

 

 

 

  

A

concentration (µM)

pe
ak

-a
re

a 
* 

1e
7 

[A
U

]

0
0.5

1
1.5

2
2.5

3
3.5 10A 32A 63A 92A 118A

RNA length (bp)

ca
lib

ra
tio

n 
fa

ct
or

 *
 1

e1
1

0
2
4
6
8

10
12

0 10 20 30 0 10 20 30 0 10 20 30 0 10 20 30 0 10 20 30 0 50 100 150

B



	   S11 

Figure S7.  

(A) Exosome complexes that contain only a His-tagged version of Rrp41 (left, green) and 

exosome complexes that only contain an MBP-tagged version of Rrp41 (right, dark grey) 

were separately prepared.  

(B) The His- and MBP-tagged version of the exosome complex were mixed in a 1:1 ratio and 

incubated at 50°C for 3 days. In case of subunit exchange between the His and MPB tagged 

exosome complexes a MBP-Rrp41:His-Rrp41:Rr42 complex would form.  

(C) The sample was split into two parts. One part was applied to Ni-NTA resin. Exosome 

complexes that don’t contain any His-Rrp41 subunits (only MBP-Rrp41:Rrp42) will not bind to 
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the resin. The elution of the Ni-NTA column contains all complexes that contain one or more 

histidine tags and this fraction thus contains His-Rrp41:Rrp42 complexes. In addition 

complexes that result from subunit exchange and that thus contain His-Rrp41:MBP-

Rrp41:Rrp42 will be found in this fraction. The second half of the incubated sample was 

applied to amylose resin that specifically interact with the MPB tag. The fraction that does not 

bind to amylose resin thus only contains His-Rrp41:Rrp42 exosome complexes. The fraction 

that binds to the amylose resin contains the MBP-Rrp41:Rrp42 complex and potentially the 

His-Rrp41:MBP-Rrp41:Rrp42 complex that can have formed as a result of subunit exchange 

during the incubation time. 

(D) SDS page analysis. (1): the exosome complexes after incubation at 50°C for 3 days that 

contains His-Rrp41, MBP-Rrp41 and Rrp42. (2): The FT of the Ni-column, which contains, as 

expected, only MBP-Rrp41 and Rrp42. (3): The elution of the Ni-column, which only contains 

His-tagged Rrp41 and Rrp42. MBP-tagged Rrp41 is absent, showing subunit exchange did 

not take place. (4): The FT of the amylose column, which contains, as expected, only His-

Rrp41 and Rrp42. (5): The elution of the amylose column, which contains only MBP-tagged 

Rrp41 and Rrp42. The His-tagged version of Rrp41 is absent from this fraction, proving that 

subunit exchange between different exosome complexes does not take place at rates that are 

significant for the experiments that we performed here.   
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RNA 1 Sequence Note ID 
20A 3 
 

GCCCCCCCCGAAAGGGGGGGGAAAAAAAAAAAAAA
AAAAAA 

3’ end after 
ribozyme  
cleavage 

12 

32A  GCCCCCCCCGAAAGGGGGGGGAAAAAAAAAAAAAA
AAAAAAAAAAAAAAAAAAGCU 

Run-off 
transcription from 
linearized plasmid 

17 

63A GCCCCCCCCGAAAGGGGGGGGAAAAAAAAAAAAAA
AAAAAAAAAAAAAAAAAAAAAAAAAAAAAAAAAAAAA
AAAAAAAAAAAAGCU 

Run-off 
transcription from 
linearized plasmid 

30 

92A GCCCCCCCCGAAAGGGGGGGGAAAAAAAAAAAAAA
AAAAAAAAAAAAAAAAAAAAAAAAAAAAAAAAAAAAA
AAAAAAAAAAAAAAAAAAAAAAAAAAAAAAAAAAAAA
AAAAGCU 

Run-off 
transcription from 
linearized plasmid 

31 

118A GCCCCCCCCGAAAGGGGGGGGAAAAAAAAAAAAAA
AAAAAAAAAAAAAAAAAAAAAAAAAAAAAAAAAAAAA
AAAAAAAAAAAAAAAAAAAAAAAAAAAAAAAAAAAAA
AAAAAAAAAAAAAAAAAAAAAAAAAAAAAAGCU 

Run-off 
transcription from 
linearized plasmid 

32 

32A 
FA2 

GCCCCCCCCGAAAGGGGGGGGAAAAAAAAAAAAAA
AAAAAAA-4-S-U-AAAAAAAAAAAGCU 

Synthesized 
(Dharmacon) 

- 

	  
Protein 4 Sequence  Note ID 
His-Rrp415 MKHHHHHHPMSDYDIPTTENLYFQGAMGREMLQVER

PKLILDDGKRTDGRKPDELRSIKIELGVLKNADGSAIFE
MGNTKAIAAVYGPKEMHPRHLSLPDRAVLRVRYHMTP
FSTDERKNPAPSRREIELSKVIREALESAVLVELFPRTA
IDVFTEILQADAGSRLVSLMAASLALADAGIPMRDLIAG
VAVGKADGVIILDLNETEDMWGEADMPIAMMPSLNQV
TLFQLNGSMTPDEFRQAFDLAVKGINIIYNLEREALKSK
YVEFKEEGV 

pET based vector 82 
422 

MBP-Rrp415 MKIEEGKLVIWINGDKGYNGLAEVGKKFEKDTGIKVTV
EHPDKLEEKFPQVAATGDGPDIIFWAHDRFGGYAQSG
LLAEITPDKAFQDKLYPFTWDAVRYNGKLIAYPIAVEAL
SLIYNKDLLPNPPKTWEEIPALDKELKAKGKSALMFNL
QEPYFTWPLIAADGGYAFKYENGKYDIKDVGVDNAGA
KAGLTFLVDLIKNKHMNADTDYSIAEAAFNKGETAMTI
NGPWAWSNIDTSKVNYGVTVLPTFKGQPSKPFVGVLS
AGINAASPNKELAKEFLENYLLTDEGLEAVNKDKPLGA
VALKSYEEELAKDPRIAATMENAQKGEIMPNIPQMSAF
WYAVRTAVINAASGRQTVDEALKDAQTNSSSNNNNN
NNNNNPMSENLYFQGAMGREMLQVERPKLILDDGKR
TDGRKPDELRSIKIELGVLKNADGSAIFEMGNTKAIAAV
YGPKEMHPRHLSLPDRAVLRVRYHMTPFSTDERKNP
APSRREIELSKVIREALESAVLVELFPRTAIDVFTEILQA
DAGSRLVSLMAASLALADAGIPMRDLIAGVAVGKADG
VIILDLNETEDMWGEADMPIAMMPSLNQVTLFQLNGS
MTPDEFRQAFDLAVKGINIIYNLEREALKSKYVEFKEEG
V 

pET based vector 938 
993 

TwinStrep-
Rrp415 

MKWSHPQFEKGGGSGGGSGGSSAWSHPQFEKPMS
DYDIPTTENLYFQGAMGREMLQVERPKLILDDGKRTD
GRKPDELRSIKIELGVLKNADGSAIFEMGNTKAIAAVYG
PKEMHPRHLSLPDRAVLRVRYHMTPFSTDERKNPAPS
RREIELSKVIREALESAVLVELFPRTAIDVFTEILQADAG
SRLVSLMAASLALADAGIPMRDLIAGVAVGKADGVIILD
LNETEDMWGEADMPIAMMPSLNQVTLFQLNGSMTPD
EFRQAFDLAVKGINIIYNLEREALKSKYVEFKEEGV 

pET based vector 989 

Rrp42 MGMSSTPSNQNIIPIIKKESIVSLFEKGIRQDGRKLTDY
RPLSITLDYAKKADGSALVKLGTTMVLAGTKLEIDKPYE
DTPNQGNLIVNVELLPLAYETFEPGPPDENAIELARVV

pET based vector 
No affinity tags 

373 
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DRSLRDSKALDLTKLVIEPGKSVWTVWLDVYVLDYGG
NVLDACTLASVAALYNTKVYKVEQHSNGISVNKNEVV
GKLPLNYPVVTISVAKVDKYLVVDPDLDEESIMDAKISF
SYTPDLKIVGIQKSGKGSMSLQDIDQAENTARSTAVKL
LEELKKHLGI 

His-Rrp42 MKHHHHHHPMSDYDIPTTENLYFQGAMSSTPSNQNII
PIIKKESIVSLFEKGIRQDGRKLTDYRPLSITLDYAKKAD
GSALVKLGTTMVLAGTKLEIDKPYEDTPNQGNLIVNVE
LLPLAYETFEPGPPDENAIELARVVDRSLRDSKALDLT
KLVIEPGKSVWTVWLDVYVLDYGGNVLDACTLASVAA
LYNTKVYKVEQHSNGISVNKNEVVGKLPLNYPVVTISV
AKVDKYLVVDPDLDEESIMDAKISFSYTPDLKIVGIQKS
GKGSMSLQDIDQAENTARSTAVKLLEELKKHLGI 

pET based vector 487 

His-Rrp41  
Rrp426 

MKHHHHHHPMSDYDIPTTENLYFQGAMGREMLQVER
PKLILDDGKRTDGRKPDELRSIKIELGVLKNADGSAIFE
MGNTKAIAAVYGPKEMHPRHLSLPDRAVLRVRYHMTP
FSTDERKNPAPSRREIELSKVIREALESAVLVELFPRTA
IDVFTEILQADAGSRLVSLMAASLALADAGIPMRDLIAG
VAVGKADGVIILDLNETEAMWGEADMPIAMMPSLNQV
TLFQLNGSMTPDEFRQAFDLAVKGINIIYNLEREALKSK
YVEFKEEGV 
 
MGMSSTPSNQNIIPIIKKESIVSLFEKGIRQDGRKLTDY
RPLSITLDYAKKADGSALVKLGTTMVLAGTKLEIDKPYE
DTPNQGNLIVNVELLPLAYETFEPGPPDENAIELARVV
DRSLRDSKALDLTKLVIEPGKSVWTVWLDVYVLDYGG
NVLDACTLASVAALYNTKVYKVEQHSNGISVNKNEVV
GKLPLNYPVVTISVAKVDKYLVVDPDLDEESIMDAKISF
SYTPDLKIVGIQKSGKGSMSLQDIDQAENTARSTAVKL
LEELKKHLGI 

pET based vector 
 
Coexpression of 
Rrp41 and Rrp42 
 
Catalytically 
inactive Rrp41 (as 
indicated with the 
underlined D182A 
mutation in the 
sequence) 

1113 

	  
Exosome complexes with a discrete number of active sites 

# active sites Co-expression construct design6 Note ID 
3  His-Rrp41 WT 

TwinStrep-Rrp41 WT 
MBP-Rrp41 WT 
Rrp42 

pET based vector. 
See above for the 
protein sequences 

1020 

2 His-Rrp41 D182A 
TwinStrep-Rrp41 WT 
MBP-Rrp41 WT 
Rrp42 

pET based vector. 
See above for the 
protein sequences 

1021 

1 His-Rrp41 D182A 
TwinStrep-Rrp41 WT 
MBP-Rrp41 D182A 
Rrp42 

pET based vector. 
See above for the 
protein sequences 

1038 

 

Table S1: Used constructs for protein expression and RNA in vitro transcription 
1 The RNA stem-loop is highlighted in green. 
2 RNA used for Fluorescence anisotropy measurements. 4-S-U refers to a thio-uridine 

that is used to couple the RNA to 6-(Iodoacetamido)-fluorescein. 
3 Used for NMR studies as this RNA is not degraded by the exosome due to the 

presence of a 3’ cyclic phosphate that results from ribosomal cleavage. 
4 Protein affinity tags are colored red (His-Tag), pink (MBP-Tag) or yellow (STREP-

Tag). TEV cleavage sites are highlighted in blue, where the TEV protease cleaves 
between the Q and G. 

5 The inactive version of the Rrp41 construct contains the D182A mutation. 
6 Co-expression vectors were constructed as described (5). All four proteins are in one 

vector and simultaneously induced. 
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