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Zusammenfassung

Physikalische Phänomene wie Totalreflexion, Streuung und Interferenz oder Plasmonen-
resonanzen ermöglichen oberflächensensitive analytische Methoden. Diese Methoden
zeichnen sich durch sehr hohe Sensitivitäten aus, welche die Detektion von einzelnen
Molekülen – z.B. Proteinen – ermöglichen. Ein Beispiel für Proteine sind Kinesine. Ki-
nesine sind relevant für viele wichtige biologische Prozesse, eingeschlossen Zellteilung und
dem zellulären Transport und bewegen sich entlang von Mikrotubuli-Filamenten. Um
einzelne Kinesine untersuchen zu können, werden sie typischerweise mit Fluoreszenzfarb-
stoffen markiert und über Interne Totalreflexionsfluoreszenzmikroskopie visualisiert. Um
die Interaktion von Kinesinen mit Mikrotubuli in ihrem nativen Zustand untersuchen
zu können, wird eine Marker-freie Detektion benötigt. Da Kinesine sehr große Moleküle
sind, ist es wahrscheinlich, dass unmarkierte Kinesine mittels optimierter Interferenzre-
flexionsmikroskopie (IRM) oder Interferenzstreumikroskopie (iSCAT) detektiert werden
können. Möglicherweise können unmarkierte Kinesine alternativ über das hochsensitive,
plasmonische Nahfeld detektiert werden. Alle oberflächensensitiven Detektionsmeth-
oden sind jedoch über die Qualität ihrer Oberflächen limitiert. Gerade bei biologis-
chen Experimenten sind die Proben komplex und nicht lange haltbar. Daher müssen
hochqualitativ funktionalisierte Proben sehr häufig und reproduzierbar hergestellt wer-
den. Dafür habe ich eine Methode entwickelt, welche hochqualitative Oberflächen repro-
duzierbar mit minimalem Arbeitsaufwand ermöglicht. Mit dem neuen Protokoll können
molekular saubere Oberflächen zuverlässig funktionalisiert und für Mikrofluidikkanäle
eingesetzt werden. Diese Proben zeichnen sich durch minimierte Hintergrundsignale
und ihre Eignung für Einzelmolekülmessungen aus. Außerdem habe ich für eine zukün-
ftige, Marker-freie Kinesindetektion ein Program geschrieben, welches ermöglicht IRM
und iSCAT-Mikroskopie parallel durchzuführen. Dadurch wird aus der ursprünglichen
Bildnachbearbeitungsmethode iSCAT eine Echtzeitanwendung. Desweiteren habe ich
eine Methode entwickelt, die es ermöglich plasmonische Goldnanoantennen an Mikro-
tubuli zu binden, ohne dabei das sensitive plasmonische Nahfeld zu blockieren. Mes-
sungen zeigten, dass die plasmonischen Nanoantennen als multifunktionale Mikrotubuli-
Marker verwendet werden können, die weder blinken noch bleichen. In Zukunft und
mit verbesserten Oberflächenfunktionalisierungen und Marker-freien Techniken können
Mikrotubuli-gebundene plasmonische Nanoantennen möglicherweise als ultrasensitive
Einzelmolekülsensoren genutzt werden, die einzelne Kinesine im Vorbeilaufen detek-
tieren.
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Abstract

Physical phenomena such as total internal reflection, scattering and interference, or plas-
mon resonances enable surface-sensitive detection methods. These methods have high
sensitivities that allow the detection of single nanoparticles or single molecules such as
proteins. Proteins have interesting physiological functions. One example are kinesins
that are a key to essential biological processes such as cell division and cellular trans-
port. Kinesins are motor proteins that move along microtubule “tracks”. To study
single kinesins, they are conventionally labeled with fluorescent dyes and detected us-
ing total internal reflection fluorescence (TIRF) microscopy. However, to improve the
understanding of their native interaction with microtubules, a label-free detection is
desirable. Due to the large size of the kinesin molecule, label-free detection can be
envisioned by optimized interference reflection or interferometric scattering microscopy
(IRM and iSCAT). Alternatively, unlabeled kinesins could potentially be detected us-
ing the highly sensitive near-field of plasmonic nanoparticles. One limiting factor of
all surface-sensitive detection techniques is the requirement of a high quality surface.
Especially for biological samples, the assays become complex while exhibiting a short
storage life. Therefore, well functionalized surfaces must be prepared frequently. Here,
I developed a method to generate reproducibly high quality surfaces for high contrast
imaging of microtubules and kinesins with a minimized work effort. With the new pro-
tocol, molecularly clean surfaces are obtained that are reliably functionalized and yield
low-background microfluidic chambers suited for all further measurements. To enable
label-free detection of kinesins in the future, I wrote an image acquisition and anal-
ysis program that allows real-time iSCAT imaging with simultaneous IRM detection.
Additionally, I developed a method that enabled the binding of gold nanorods to mi-
crotubules, without blocking their highly sensitive plasmonic near-field. Measurements
suggested that these functionalized plasmonic nanoantennas could serve as multipur-
pose bleach and blink-free in vitro microtubule markers. In the future, with improved
surface preparations and label-free techniques, microtubule-bound plasmonic antennas
potentially can be used as ultrasensitive single-molecule sensors for molecular machines
translocating along microtubules.
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1. Low background microfluidic chambers
for high contrast imaging of
microtubules and kinesins

1.1. Introduction
The interaction of kinesins with microtubules is highly relevant in biological processes
such as cell division and cellular transport [1]. Microtubule-kinesin assays gained popu-
larity in the 1980s with the first single kinesin assay published in 1989 [2–4]. From then
until today, a broad variety of assays optimized for single kinesin-microtubule interac-
tions were published showing that there is still an ongoing need for improvement. In
general, all types of assays have the same goal: offering ideal imaging and analysis con-
ditions of undisturbed specific interactions between kinesins and microtubules [5–10].
The interaction of kinesin and/or dynein with microtubules can be assessed in either
gliding or stepping assays. Gliding assays focus more on the kinesin-driven movement
of the microtubule and stepping assays display the mobile kinesins walking along im-
mobilized microtubules [11–14]. In stepping assays, the rigid fixation of microtubules
is of importance for an optimal resolution and to avoid artefacts when measuring the
kinesin movements [5]. Especially to observe the movement of single kinesin molecules,
unspecific interactions between kinesins and the surface and the presence of contamina-
tions need to be minimized [7]. Imaging methods suited for kinesin-microtubule assays
are typically very surface-sensitive—such as IRM and TIRF microscopy. Thus the re-
spective surfaces must be of high quality with a minimal amount of contamination and
should offer a high signal-to-background ratio (SBR). Typically, surface modification
approaches for stepping assays consist of multiple steps and often comprise a modi-
fication of the glass surface, the adsorption of different macromolecules for blocking
and/or microtubule attachment and sometimes even a further modification of the ab-
sorbed macro molecules [5–10, 15]. An assay that has been successfully performed for
many years by various researchers around the world is based on a hydrophobic sur-
face, that interacts with microtubule-binding antibodies and the hydrophobic middle
part of a blocking agent [15, 16]. To perform this assay, glass surfaces are rendered
hydrophobic by spin coating with a hydrophobic polymer or a covalent attachment of
hydrophobic surface groups via silanization [15, 17, 18]. While the assay itself has been
proven to be functional and reliable, the challenge of this approach occurs with the
difficulty to obtain high quality hydrophobic surfaces [6]. Even though silanization of
glass surfaces has been used for decades, issues with reproducibility are still addressed
repeatedly [6,19–21]. Reproducible surface functionalizations are often achieved by using
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silanes that polymerize in the presence of humidity [5]. However, during single-molecule
measurements performed in close surface proximity, polymers can potentially interfere
with the measurements and are therefore undesirable. Uncontrolled polymerization can
be prevented by working under complete humidity exclusion [19, 21] requiring an ex-
tensive work effort and equipment rare in typical biology-based laboratories. On the
contrary, the usage of monoreactive, non-polymerizing silanes prevents polymer forma-
tion but generates unreactive dimers when used in ambient air [22,23]. In 2018, a simple
and reproducible silanization protocol performed under ambient air was reported which
uses the monoreactive silane trimethylchlorosilane and is suited for microtubule-kinesin
assays [6]. However, this protocol used a catalyst during a solvent-based silanization
procedure. Solvent-based silanizations, as well as cleaning procedures, were experi-
enced as work intensive, waste-producing, and most importantly, prone to catch con-
tamination in the available laboratory environment. For the preservation of molecularly
clean high quality surfaces, vapour phase silanization is expected to be more suited.
Molecularly clean and high quality surfaces suited for single-molecule measurements can
be reliably achieved by chemical etching or plasma cleaning [5, 24, 25]. Additionally,
aqueous chemical treatments and plasma cleaning were reported to improve silaniza-
tion efficiencies by surface hydroxylation [26–30]. In this chapter, an improved, simple,
quick and reproducible silanization protocol to achieve high quality surfaces suited for
hydrophobicity-based microtubule-kinesin single-molecule assays was developed. There-
fore, glass surfaces were treated with different chemical or plasma cleaning procedures
and functionalized with different silanes rendering hydrophobic groups. Then, the water
contact angles of the resulting surfaces were measured. Furthermore, an unconventional
but effective plasma activation procedure was discovered and the resulting surface was
analyzed using x-ray photoelectron spectroscopy (XPS). Then, the functionality of the
assay on the surfaces prepared with the new protocol was confirmed. The resulting
surfaces were used to systematically investigate the “degree of hydrophobicity” required
for a high quality functional assay in TIRF. Finally, to assess whether the IRM contrast
could be improved by the choice of the assay, I investigated the IRM SBR of microtubules
fixed at different heights from the surface.

1.2. Theoretical Background
This section briefly explains the theoretical background required for the understanding
of this chapter.

1.2.1. Silicon-based materials and chemicals
The most important silicon-based materials and chemicals that were used in this chapter
(and thesis) are listed below:

Silicon Silicon (Si) is the 14th element of the periodic table. Silicon is a tetravalent
metalloid and can form by chemical reaction the materials mentioned below [31].
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Silicon dioxide and silica A very common oxidized form of silicon is silicon dioxide
(SiO2). The term SiO2 names either the molecule only consisting of one Si and two
oxygen atoms or any material that consists of the same ratio of silicon and oxygen.
Silica names any material consisting of silicon dioxide. It exists in a pure crystal form
(e.g. naturally occurring rock crystal) but it also can be amorphous as silica gel, silica
glass or silica colloids [31–33].

Glass While the term glass stands for a non-crystalline solid, it often refers to amor-
phous silica-based materials. In multi component silica glasses, some Si atoms are sub-
stituted with alkali or alkaline earth elements such as boron. Due to different valences
(tetrahedral silicon vs trihedral boron), the crystal structure changes. Thus, the struc-
ture of the glass is rather viewed in terms of small structural units such as boron oxide
and silicates. Therefore, a silica based glass will be called e.g. borosilicate glass if there
are boron substitutes in it. Typically the silica content of commercial borosilicate glasses
can vary from 50% (for substrates) to 80% (for lab ware) [34].

Silicic acids and silicates Silicate anions are the conjugate bases of silicic acids. Sili-
cates can occur in different structures / Si-O ratios, e.g. the nesosilicate SiO−4 . Silicic
acids and silica can be used to synthesize silica such as silica gels or spheres [31].

Silanes The term silanes refers to organosilicon derivatives of the molecule silane
(SiH4). Subclasses of silanes are siloxanes (R3Si-O-SiR3), silazanes (R3Si-N-SiR3), chlorosi-
lanes (RxSiCly) and alkoxysilanes (RxSiO[CH2]yCH3]) with R being organic residues and
x and y being indices. [35, 36]

Silicone Silicones are polymeric materials that are based on a siloxane backbone and
can be synthesized using e.g. silanes [37,38].

1.2.2. Glass surface modifications
To plan glass surface modifications, it is important to understand the nature and be-
haviour of glass surfaces. In this context, glass surfaces are usually simplified in the
literature as silica surfaces.

1.2.2.1. Cleaning processes

To modify a silica glass surface, it must be exposed. Even the originally cleanest glass
surface will be contaminated quickly (e.g. total volatile organic compound concentration
of room air: ≈ 1.1mg per m3) by the ambient air and must be cleaned freshly to expose
the silica surface for functionalization [39].

Simple sonication and washing Solvent and soap based washing is expected to remove
organic contamination and particles by the aid of sonication. The exposure to solvents
like ethanol and soap is not expected to have any effect on the surface properties besides
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cleaning. In contrast, sonication has been reported to generate radicals and modify
surface properties [40–42].

Chemical etching In contrast to mild but limited sonication and solvent based pro-
cedures, chemical etching processes quickly decompose high amounts of contaminants
and also etch the glass surface. A relatively harmless chemical etching process (com-
pared to hydrofluoric acid or piranha solution) is the potassium hydroxide (KOH)-
hydrogenperoxide (H2O2) etching process. In this process, the strong oxidant hydro-
gen peroxide is mixed with an aqueous KOH solution such that the hydrogen peroxides
conjugate base, the hydroperoxide anion forms:

H2O2 + OH– + K+ HO –
2 + H2O + K+ (1.1)

This anion is considered to be a weak oxidant and a weak reductant but a strong nucle-
ophile which attacks contaminants that have electron deficient functional groups [43,44].
KOH-H2O2 etching was shown to efficiently remove organic material [45]. At the same
time, KOH is silicon and silicon dioxide corrosive and etches the glass surface which
involves hydration, hydroxylation and hydrolyzation [46,47].

Plasma cleaning A user and environmentally friendly alternative cleaning process is
plasma cleaning [48,49]. During plasma cleaning, a gas or gas mixture becomes ionized
and decomposes, together with its residual free electrons, materials under a vacuum
atmosphere [50]. For instance, carbohydrates can be removed efficiently with oxygen
plasma. The plasma-generated reactive oxygen species decompose carbohydrates and
form CO2, CO and H2O which will be removed by the applied vacuum [51]. In addition
to the cleaning process, the surface properties are changed physically and chemically,
e.g. the surface groups of the substrate are changed [26,52,53].

1.2.2.2. Hydration & hydroxylation

The ratio of siloxane and silanol groups determines the reactivity of a silica surface, as
only silanol groups are reactive towards silanes. The increase of the amount of present
silanol groups is called hydroxylation [54]. The processes of hydroxylation and dehy-
droxylation are schematically described by the Zhuravlev model (Fig. 1.1) [30]:
a fully dehydrated and dehydroxylated glass surface (Fig. 1.1A) can become fully hy-
droxylated (Figure 1.1B-D) upon immersion at 100℃ in water (Arrow 1). The thereby
generated surface OH-groups bind to water molecules via hydrogen bonds and even a
surface appearing “dry” by eye will be covered by multilayers of water (Fig. 1.1B) [31,34].
These multilayers can be reduced to a water monolayer (Fig. 1.1C) by exposure to vac-
uum at room temperature (25℃, Arrow 2). Upon exposure to ambient air (Arrow 3),
a multilayer of water builds up, again. To fully remove all adsorbed water, a heating
of the surface to T > 190 ℃ under vacuum (Arrow 4) is required. Even at these tem-
peratures, the hydroxy groups remain intact. To fully dehydroxylate the surface (Arrow
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[30]: a dehydrated and dehy-
droxylated surface (A) can be
hydrated and hydroxylated by
heating in water (Arrow 1). The
resulting water multilayer (B)
can be reduced to a monolayer
by exposure to vacuum (Arrow
2 and C). A completely dehy-
drated hydroxylated surface (D)
can be achieved by heating the
surface (Arrow 4). Exposure
to ambient air (Arrow 3) allows
the build-up of multilayers of ad-
sorbed water. The surface can
be dehydroxylated by extensive
heating and/or vacuum (Arrow
5). Details on the procedures are
listed in the table at the bottom
of the figure.

5), temperatures higher than T > 800℃ are required, or if performed additionally
under vacuum, temperatures above 400℃ are sufficient. Therefore, hydroxy groups are
rather stable. However, a fully hydroxylated surface (4.6 hydroxy groups per nm2 for
an amorphous silica surface [30, 31, 55]) without adsorbed water layers (Fig. 1.1D) can
only be maintained in vacuum, as exposure to ambient air allows the built-up of water
multilayers [30,31].

1.2.2.3. Silanization

A very common approach to modify glass surface properties is the covalent binding
of silanes to the surface-silanol-groups rendering the desired surface properties to the
substrate. This modification has the advantage over other non-covalent methods that
long term storage and chemical stability is reached. The silanes that were used within
this work can be divided into three basic subgroups that will be introduced briefly within
the next paragraphs.
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Chlorosilanes (Mono-) chlorosilanes have three organic residues (R) and one reactive
chlorine group (Cl). When a chlorosilane encounters a surface silanol, HCl will be formed
and the silane will form a siloxane bond with the surface [22]:

R3SiCl + SiOH SiOSiR3 + HCl (1.2)

Alternatively, the chlorosilane can encounter an adsorbed water molecule and hydrolyse
into a silanol molecule, again under the generation of HCl [23]:

R3SiCl + H2O R3SiOH + HCl (1.3)

Such molecular silanol can condensate with the surface silanols to form a stable siloxane
bond and functionalize the surface [56,57]:

R3SiOH + SiOH SiOSiR3 + H2O (1.4)

However, the above described reactions do not only apply to reactions between silanes
and surface silanols but also to reactions between the silane molecules themselves. Thus,
as soon as molecular silanol is generated, unwanted dimerizations between two molecular
silanol molecules or between a molecular silanol and a chlorosilane can occur.

Silazanes can carry the same organic residues (R) as chlorosilanes and generate in
principal the same type of surface (Figure 1.2). However, the reaction mechanism is
slightly different and involves the decomposition of the disilazane. When encountering
a surface silanol, one silyl group will form a stable siloxane bond with the surface while
the other groups form an aminosilane [58]:

(R3Si)2NH + SiOH SiOSiR3 + R3SiNH2 (1.5)

In a second step, this aminosilane reacts with another surface silanol under generation
of ammonia (NH3) [58]:

R3SiNH2 + SiOH SiOSiR3 + NH3 (1.6)

Alternatively, two aminosilanes can dimerize back into a silazane and start the reaction
all over again [58]:

2R3SiNH2 (R3Si)2NH + NH3 (1.7)

Additionally, silazanes can hydrolyse when they encounter adsorbed water. Upon hy-
drolysis, the silazane decomposes into one molecular silanol and one aminosilane [58]:
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Figure 1.2.: Chlorosilanes, dis-
ilazanes and their hydrolysis
products molecular silanol and
aminosilane can react with sur-
face silanols. When carrying the
same residue R (here R CH3),
all four molecules react under
the formation of the same sur-
face siloxane but with different
byproducts (HCl, aminosilane,
H2O and NH3).

(R3Si)2NH + H2O R3SiOH + R3SiNH2 (1.8)

These aminosilanes and molecular silanols can react with a surface as described earlier
in the text. Overall, chlorosilanes and disilazanes undergo different chemical reactions
but the resulting monolayer at the surface is chemically identical. Figure 1.2 summarizes
how the applied chemicals chlorosilane and disilazane as well as their potential hydrolysis
products (molecular silanol and aminosilane) can react with a surface silanol under the
generation of identical surface siloxanes but with different byproducts (HCl, aminosilane,
H2O and NH3).

Triethoxysilanes (TES) Similar to the above described reactions, TES can directly re-
act with surface silanols under the generation of surface siloxanes and ethanol (Fig. 1.3A,
horizontal reaction). Small amounts of water are necessary to replace the remaining
ethoxy groups of the surface siloxanes with hydroxy groups to further condensate into
fully cross-linked siloxane backbones (Fig. 1.3 right column, vertical reaction).
However, when water is present during the reaction, the ethoxy groups of yet unreacted
TES molecules can be replaced with hydroxy groups as well (Fig. 1.3 vertical reaction
from A to B). Nevertheless, the resulting molecular silanols can react with the sur-
face silanols to form surface siloxanes (Fig. 1.3B, horizontal reaction). These surface
siloxanes can further continue to condensate into the desired fully cross-linked silox-
ane backbones (Fig. 1.3 right column, vertical reaction). Alternatively, the molecular
silanols can condensate into siloxane polymers (Fig. 1.3 vertical reaction from B to C)
that subsequently can react with the surface silanols to directly form fully cross-linked
surface siloxane backbones (Fig. 1.3C, horizontal reaction) [56, 57, 59]. Note: this is a
simplified and schematic description of possible reactions. The condensation reactions
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Figure 1.3.: Triethoxysilanes (A) react with surface silanols to surface siloxanes (hor-
izontal reaction). When water is present, the remaining ethoxy groups of the surface
siloxanes can be replaced by silanols which then can condensate into fully cross-linked
siloxane backbones (reaction favoured at 120℃, vertical reaction). The triethoxyilanes
(A) can hydrolyse alternatively into molecular silanols (B). The molecular silanols can
either condensate with surface silanols to surface siloxanes (horizontal reaction) or with
other molecular silanols to form siloxane polymers (vertical reaction from B to C). Alter-
natively, siloxane polymers (C) can react with surface silanols to form surface siloxanes
(horizontal reaction).

of the silanols can be catalyzed under acidic or basic conditions or by the addition of
primary, secondary or tertiary amines [56]. When the TES residue contains a primary
amine as in the case of aminopropyl-triethoxysilane (APTES, R C3H8N), the molecule
undergoes self-catalysis [56,57].

1.2.3. Proteins: microtubules and kinesins
Microtubules are part of the cytosceleton where they provide mechanical support and
tracks for cellular transport. They are micrometer long and typically 25 nm thick protein
tubules that consist of polymerized α-β tubulin subunits (Figure 1.4). Positions along the
microtubule are described with the “microtubule lattice” [60,61]. Longitudinally viewed,
the tubulins are arranged in a head-to-tail fashion building up polar protofilaments with
an exposure of the β tubulin at the so-called “plus end” and the α tubulin at the “minus
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Figure 1.4.: α-β tubulin dimers
can polymerize into micro-
tubules. Due to the negatively
charged E-hooks, microtubules
carry negative surface charges.

end” of the microtubule. This terminology is derived from microtubule polymeriza-
tion dynamics where the microtubule polarity is reflected: Microtubules grow faster at
the “plus end” and only grow slowly at the “minus end” [62, 63]. Microtubule growth
is guanosine triphosphate (GTP)/guanosine diphoshpate (GDP) and Mg2+ dependent.
For polymerization, tubulin with bound GTP and Mg2+ is required and the hydroly-
sis state of the GTP is an important factor in the stability of the polymerized micro-
tubule [62, 64–66]. GTP-tubulin has a different length compared to GDP-tubulin [67].
Thus, the energy released upon GTP hydrolysis is stored as strain between the lateral
contacts of the microtubule lattice and finally results in depolymerization and shrink-
age [67]. Therefore, microtubules can be stabilized by using the non-hydrolyzable GTP-
analogue GMPCPP [68]. Alternatively, microtubule stabilization can be achieved by
the usage of drugs such as the anti-cancer drug taxol or microtubule associated proteins
(MAPs) [69–71]. Typically, interactions between MAPs and microtubules are based on
hydrophobicity or electrostatic charge neutralization [72,73]. In electrostatic terms, mi-
crotubules and their tubulins have very interesting properties. Single tubulin dimers
carry a bare (vacuum) charge of -52 e under physiological pH. Out of this charge, −24 e
(46%) are spread among the tail-like C-termini of the two monomers. These negatively
charged C-termini are called E-hooks. The charges of the E-hooks originate from aspar-
tic (Asp or D) and glutamic (Glu or E) acid residues that make 49% of the C-terminus.
If the resulting dipole moment (about 4000D per monomer) is summed up within a
microtubule, their longitudinal components generate a length-dependent net dipole mo-
ment for a microtubule [60, 74, 75]. The microtubule surface mainly carries a negative
electrostatic potential (about −1 kT/e) and only small regions with positive potential
(+1 kT/e) are present. Interestingly, the electrostatic potential differs on the two ends
of a microtubule: the plus end’s electrostatic potential is negative similar to the rest of
the microtubules surface while at the minus end the areas with a positive electrostatic
potential are increased [76].

Kinesins are microtubule-associated motor proteins that can move processively along
a microtubule “track” to perform crucial tasks within cells such as the transport of
vesicles, organelles, chromosomes, protein complexes and the regulation of microtubule
dynamics [77–79]. This processive motion is driven by adenosine triphosphate (ATP)-
binding and hydrolysis induced conformational changes. Thus, ATP is considered to
be the “fuel” of the kinesin motor [80–82]. The kinesin superfamily is composed of
subfamilies (Kinesins 1-14) with kinesin-1 called conventional kinesin [78,83].
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1.2.4. Principles of microtubule attachment to surfaces
Electrostatic interactions The electrostatic properties of microtubules can be exploited
to attach them to surfaces for in vitro assays and imaging. As microtubules are negatively
charged, surfaces must be rendered positively charged to electrostatically attract the
microtubules. Therefore, typically amino groups are introduced by adsorbed layers of
polylysine or covalent layers of 3-aminopropyl-triethoxysilane (APTES) [5,84–87]. Upon
exposure to water or aqueous buffers with neutral or acidic pH, the amino groups are
protonated, become positively charged and are thought to bind the negatively charged
microtubules due to electrostatic interactions (Fig. 1.5) [5].

OH2

NH3 NH3 NH3
+ + +

+

negatively 
charged

microtubule

+microtubule

microtubule attachment
by

electrostatic
interactions

NH2 NH2 NH2

amino surface positively charged surface

Figure 1.5.: An aminated glass
surface becomes protonated and
positively charged upon expo-
sure to the aqueous buffer of a
microtubule solution. The nega-
tively charged microtubules are
thought to bind to the surface
via electrostatic interactions [5].

Hydrophobic interactions Alternatively, microtubules can be attached to surfaces ex-
ploiting hydrophobic and antigen-antibody interactions (Fig. 1.6). Here, glass surfaces
are rendered hydrophobic by either spin coating with a hydrophobic polymer or a co-
valent attachment of hydrophobic surface groups via silanization [15,17]. Subsequently,
anti-tubulin antibodies are bound to the surface. How antibodies bind to surfaces is
not yet fully understood. Some authors consider van der Waals interactions, others as-
sume that upon contact with a hydrophobic surface, the antibody denatures partially
and orients such that hydrophobic antibody parts stay attached to the surface avoiding
contact with the surrounding aqueous solution [88–90]. This principle of dehydration
of the hydrophobic surface is also exploited for the surface passivation of the remaining
surface: the hydrophobic middle part of the triblock copolymer Pluronic F-127 orients
towards the hydrophobic surface while the hydrophilic polyethylene glycol (PEG) outer

hydrophobic
layer

F-127
hydrophilic

hydrophobic 

θ < 90 deg:

θ > 90 deg:

microtubule

glass 

antibody

microtubule attachment
by

hydrophobic
interactions

water contact angle θ: 

Figure 1.6.: Glass surface func-
tionalized with a hydrophobic
layer binds anti-tubulin anti-
bodies and the triblock copoly-
mer Pluronic F-127 through hy-
drophobic interactions. Micro-
tubules attach specifically to the
antibodies while the rest of the
surface is passivated by F-127.
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parts protrude in the aqueous solution for surface passivation [15, 91]. Hydrophilic mi-
crotubules will attach specifically to the respective antibodies [12,15,92,93].

1.2.5. Surface-sensitive microscopy methods
Surface-bound microtubules can be visualized with high SBRs using surface-sensitive
microscopy methods such as total internal reflection fluorescence (TIRF, when fluores-
cently labeled) and interference reflection microscopy (IRM, label-free detection). These
methods are described in the following.

1.2.5.1. Total internal reflection fluorescence microscopy

TIRF microscopy exploits the properties of the evanescent field that is created upon
total internal reflection of a laser beam at a sample surface. Total internal reflection
is achieved by reflecting the excitation laser beam at the interface between cover glass
(refractive index n1) and sample (n2) under the critical angle Θcritical = sin−1(n1/n2).
The thereby generated evanescent field only penetrates the sample by the wavelength
λ dependent penetration depth dp = λ/(4π)(n2

2sin
2Θ − n2

1)−1/2. The field can excite
fluorophores with an intensity decaying exponentially with distance from the surface:

Iz = I0e
−z/dp (1.9)

with Iz being the intensity at the depth z and I0 the initial intensity [94]. This restriction
of the excitation volume to the focal plane improves SBRs compared to epifluorescence
microscopy. Close to the critical angle, the intensity of the evanescent field can be up to
5 times greater than the intensity of the incident beam [95].

1.2.5.2. Interference reflection microscopy

IRM is a surface-sensitive, label-free microscopy method in which monochromatic light
with the intensity I0 illuminates a specimen containing glass surface (Fig. 1.7). Light is
reflected by the glass surface (I1) or transmitted into the sample, where the light can
then be reflected by the specimen (I2). Only upon the reflection at an interface with a
higher refractive index, a 180° phase shift occurs. Typically the refractive index of glass
(borosilicate glass, n0≈ 1.52 [96]) is higher than the refractive index of the medium
(water, n1≈ 1.33 [97]). Thus, no phase shift occurs upon reflection at the glass-water
interface. In the contrary, the refractive index of the specimen (e.g. protein, 1.36 < n2 <
1.55 [98]) is typically higher than the refractive index of the medium n1. Therefore, a 180°
phase shift occurs typically upon reflection at the medium-specimen interface. When
the specimen is directly located at the glass surface, a fully destructive interference of I1
and I2 occurs which results in a black IRM signal IIRM . If the specimen is located at a
different height, the effective phase shift between the two interfering waves depends on
the optical path difference. The optical path is the product of the physical path of the
light and the refractive index of the medium through which the light travels. When all
refractive indices (n0, n1, n2) can be considered as constant, the physical path difference

11



h between glass surface and specimen can be quantified according to the interference
patterns resulting from it. Theoretically, the intensity of the IRM image IIRM can be
directly related to the height of the specimen above the surface h according to [99,100]:

IIRM = I1 + I2 − 2
√
I1I2 cos

(4πn1h

λ

)
(1.10)

with λ being the illumination wavelength. However, for a realistic understanding of the
experiment, Eq. 1.10 requires to be corrected for the objective’s point spread function
according to [100,101]:

2 · IIRM,corrected = S +D
sin y
y

cos
(4πn1h

λ
(1− sinα/2)

)
(1.11)

The point spread function is modeled by y = 2kh sin (α/2)2 were α = arcsin (INA/n1) is
half the angle of the cone of the illumination numerical aperture (INA). The interference
amplitude D scales the function to the intensity values obtained by the setup and cam-
era settings. The factor S corrects the intensity values for a background [99–101]. Fig-
ure 1.7B compares the results of Eq. 1.10 (black) and Eq. 1.11 (magenta). Here, absolute
intensity values are neglected and only the pattern of the cosine functions cos

(
4πn1h
λ

)
and

sin y
y cos

(
4πn1h
λ (1− sinα/2)

)
are compared for a wavelength of λ=450 nm, the refractive

index of water n1 =1.33 [97] and an INA of 1.15. It becomes clear, that considering
realistic illumination conditions leads to a noteworthy deviation from the theoretical
interference.
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Figure 1.7.: (A) The incident
light I0 is reflected at a glass sur-
face (I1) and by a microtubule
(I2). The height h of the micro-
tubule above the surface deter-
mines how (I1) and (I2) inter-
fere. In the depicted example,
(I1) and (I2) interfere destruc-
tively and the detected intensity
IIRM is reduced. Figure adapted
from Ref. [102]. (B) Plots of
the IRM intensity calculated ac-
cording to Eq. 1.10 (black) and
the IRM intensity corrected for
an INA of 1.15 according to
Eq. 1.11 (magenta).
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1.2.6. X-ray photoelectron spectroscopy
For x-ray photoelectron spectroscopy (XPS), a sample is irradiated with soft x-rays
of a known wave length (hν < 6 keV). At the sample surface, the x-ray energy (hν) is
transferred to a core level electron which is then emitted as a photoelectron (photoelectric
effect). The kinetic energy (KE) of the photoelectron is detected and its previous binding
energy (BE) calculated according to:

BE = hν −KE − Φspec (1.12)

with Φspec being the spectrometer work function. The emission of the photoelectron
generates a core hole that can be filled with an electron from a valence orbital. This re-
laxation process releases energy either as x-ray fluorescence (not detected) or the emission
of an Auger electron. Auger electrons are denoted using the K, L and M nomenclature
for atomic orbitals. For instance, the term “KLL” states the following: first, the x-ray
radiation ejected an electron from a K orbital. Second, the thereby generated core hole
was filled by an electron of the L orbital. Third, the ejected Auger electron originates
from an L orbital. The binding energy of both photoelectrons and Auger electrons differs
for different elements and further depends on the state of oxidation and the chemical en-
vironment of these elements. Therefore, with XPS the chemical composition of a surface
can be analyzed [103].

1.3. Materials & Methods
1.3.1. Materials
All chemicals were purchased from Sigma Aldrich and used without further purification
unless noted otherwise. Purified Type 1 water was used for all experiments (18.2MΩ cm,
Nanopure System MilliQ reference with Q-POD and Biopak filter). Glass staining jars
(BRAND™ Soda Lime Glass Staining Troughs with Lid, Fisherscientific, US) were used
to store and treat all cover slides. Teflon (TE) racks (custom-made at the university
workshop) were used for glass slide treatments unless noted otherwise. All procedures
were performed at room temperature (20–28℃) unless noted otherwise.

Glass slide specifications For the construction of flow cells, square cover glasses with
different thicknesses (d) and surface areas (A) were purchased:

1. 0.08mm < d < 0.12mm and A = 18mm × 18mm (Thermoscientific #0 Menzel-
Gläser, Braunschweig, DE). These cover slides are for the top of the flow cell and
thin enough for the final flow cell to fit into a specific setup (called “Aswad” [104]).

2. 0.13mm < d < 0.16mm and A = 18mm × 18mm (Thermoscientific #1 Menzel-
Gläser, Braunschweig, DE). These cover slides are an alternative for the top of the
flow cell and thick enough to not float when KOH/H2O2 etched.
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3. 0.16mm < d < 0.19mm and A = 22mm × 22mm (Corning Square #1.5 cover
glasses, Corning, New York, US). These cover slides are the bottom part of the flow
cells, fit in all used sample holders and their thickness is optimized for reducing
optical aberrations [105]. Additionally, this slide thickness offers a good stability
for supporting the flow cell.

All glasses were pure white borosilicate glasses (D263) suited for fluorescence microscopy
and of high chemical resistance (“hydrolytische Klasse 1”). For these glasses it is addi-
tionally guaranteed that no bubbles or streaks are present [106,107].

1.3.2. Surface preparations
1.3.2.1. Cleaning and surface activation

Sonication and solvent based cleaning Glass slides were sonicated (Ultrasonic cleaner
USC-THD, VWR, US) in 5% Mucasol (Schülke & Mayr GmbH, Norderstedt, DE) for
3min and washed with water. Subsequently, they were sonicated for 3min in acetone
and washed again with water. Drying was performed by a combination of blow drying
with nitrogen and placement in an 65℃ warm oven (ULM 500, Memmert, Büchenbarch,
DE).

Potassium hydroxide / hydrogen peroxide etching Potassium hydroxide / hydrogen
peroxide etching [45, 108] was performed as instructed by Ronny Löffler [109] except
that cover slide racks were used: TE racks with cover slides were immersed in 0.9M
KOH and slowly heated up to 60℃ while carefully adding 10% H2O2 in water until a
molarity of 0.13M was reached. Heating and H2O2 addition needed to be done carefully
as an increased gas formation during the etching process needs to be monitored closely,
especially to prevent the slides from floating out of the holder. Only glass slides thicker
than 13mm were used during H2O2 etching processes as they were heavy enough to not
float out of the holder. After 1h of exposure, the solution with the racks was allowed to
cool down and the slides were extracted and washed 3× in deionized water.

HCl-sonication-based cleaning and hydroxylation HCl-sonication-based surface acti-
vation was performed as described earlier [18]. Clean glass slides stored in TE racks
were sonicated in 75℃ hot 1M HCl for 1 h. To remove all residual Cl– ions, the slides
were sonicated thrice for 5min in deionized water.

KOH-sonication-based etching and hydroxylation This surface activation procedure
was performed similar as described for the HCl-sonication-based surface activation, ex-
cept that the slides were immersed in a 1M aqueous solution of KOH for only 5min,
followed by a sonication-free final washing in water.

Plasma-based cleaning and hydroxylation Sonicated and solvent cleaned slides were
plasma activated and cleaned for 5mins. A TePla plasma cleaner (Plasma system 100E,
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PVA TePla AG, Wettenberg, DE) was used to generate O2 (0.7mbar process gas pres-
sure, 300W radio frequency (RF) power) and N2 (0.5mbar process gas pressure, 300W
RF power) plasma. Air plasma was generated at the plasma system Zepto (Diener,
Ebhausen, DE) with 0.7mbar process gas pressure and 100W RF power. For polypropy-
lene (PP)-assisted treatments (see results), glass infused PP holders (Wash-N-Dry cov-
erslip racks WSDR-1000, Diversified Biotech, Doylestown, US) were used instead of TE
holders. An increased pressure in the vacuum chamber observed during PP decomposi-
tion in oxygen plasma was compensated by reducing the process gas stepwise to maintain
the 0.7mbar process pressure. The closing of the process gas valve after finishing the
plasma process was performed within milliseconds to reduce the amount of process gas
reacting with the plasma treated surface.

1.3.3. Silanizations
Sonication- and solvent-cleaned glass slides were either KOH / H2O2 etched, HCl cooked,
KOH etched, or plasma treated for further hydroxylation. Dryed hydroxylated glass
slides were silanized according to one of the following procedures.

1.3.3.1. Trimethylchlorosilane (TMCS)

800µL TMCS was evaporated in a dessicator by alternating intervals of vacuum gener-
ation (20mbar, PC 3004 Vario with CVC 3000 display, Vacuubrand, Wertheim, DE) as
described earlier [18].

1.3.3.2. Hexamethyldisilazane (HMDS)

HMDS silanization was performed as described in Ref. [110] except that 4.5mL HMDS
were added to the bottom of glass staining jars containing freshly hydroxylated slides in
TE racks. The slides were incubated in the closed staining jars for 48 h at 25℃.

1.3.3.3. Octadecyltriethoxysilane (OTES)

OTES treatment was slightly modified from Ref. [111]: Hydroxylated glass slides were
submerged within a mixture of 200mL toluene, 4mL OTES (abcr, Karlsruhe, DE) and
1mL n-butylamine (nBuNH2) catalyst for 90min. To remove residual chemicals, the
slides were swirled in toluene, sonicated 3min in acetone and were subsequently swirled
in water and dried (dry, filtered and pressured air).

1.3.3.4. Aminopropyl-triethoxysilane (APTES)

Vapour silanization was performed similar as described in Ref. [112]: 500mL of APTES
were filled in a small petri dish located at the bottom of a dessicator containing clean
and dry glass slides.
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Next, a 15mbar vacuum was generated within the dessicator (Vacuum pump PC 3004
Vario with CVC 3000 display, Vacuubrand, Wertheim, DE). Then, the dessicator was
closed and the slides were incubated in APTES vapour for 30 s.

Liquid silanization was performed as described earlier [5] by immersing cleaned cover
slide racks first in acetone, then in a 2%APTES-tolouene solution for 10 s and subse-
quently in acetone.

To remove adsorbed polymers, APTES functionalized slides were sonicated in ethanol
for 10min and in deionized water for 5min, respectively. Both sonication steps were
repeated. Finally, the glass slides were dried and stored in a vacuum dessicator.

1.3.4. Glass chamber constructions
Four different types of glass chambers were constructed from readily functionalized glass
slides (Fig. 1.8). All chambers used the 22mm glass slide as a bottom slide and a 18mm
glass slide as a top slide but differed in the choice of spacers and sealings:

A Droplet volume is spacer and sample at the same time, sealed with nail polish
(Volume gloss, P2).

B Double-sticky tape (Tesa, part of Hexagon AB, Stockholm, Sweden) as spacer, no
sealing [5, 18].

C Melted parafilm (Bemis Company Inc., Neenah, US) spacers, no sealing [5, 18].

D Silicone film (thickness d =0.4mm, SIPZBS0,4UT30C250x250-PSA100, MVQ Sil-
icones GmbH, Weinheim, DE) spacers, ultrathin pipette tips (Microloader, Ep-
pendorf) as channel entries and epoxy (5 min Epoxy Harz und Härter, R & G
Faserverbundwerkstoffe GmbH, Waldenbuch, DE) sealing.

22 mm

A B C D
Figure 1.8.: Schematic drawings
(top) of different types of flow
cells (A–D, specified in the main
text) built from two differently
sized coverslides (grey), spacers
(light blue) and sealings (yel-
low). Pictures of the respective
flow cells are shown below.

16



1.3.5. Microtubule polymerization and stabilization
1.3.5.1. Taxol-stabilized microtubules

Porcine tubulin (25µM) was polymerized in PEM buffer (80mM PIPES, 1mM EGTA,
1mM MgCl2, pH= 6.9) supplemented with 4mM MgCl2 and 1mM GTP for 30min at
37℃ as described previously [113]. Afterwards, the microtubule solution was diluted
(1:40 ratio) in PEM-T (PEM buffer with 1% Paclitaxel), centrifuged (Airfuge Beckman
Coulter, Brea, CA), and resuspended in 150µL PEM-T.

1.3.5.2. GMPCPP-stabilized microtubules

Porcine tubulin (2µM) was polymerized in PEM buffer supplemented with 4mM MgCl2
and 1mM GMPCPP for 4 h at 37℃ as described previously [113]. Afterwards, the
microtubule solution was diluted (1:40 ratio) in PEM, centrifuged (Airfuge Beckman
Coulter, Brea, CA), and resuspended in 150µL PEM buffer.

1.3.6. Microfluidic chamber treatments
1.3.6.1. Microtubule-kinesin assays

APTES-based microtubule-kinesin assay The channel was washed twice with 20µL
water and once with 20µL PEM buffer. Then, 10µL GMPCPP-stabilized microtubules
were incubated for 10 s and unbound microtubules were washed out with 20µL PEM
buffer. Finally, 10µL kinesin-8 (yeast, Kip3-eGFP-His6) was diluted to 5 nM in motility
buffer (PEM, 0.08mg/mL casein, 1mM ATP, 20mM D-glucose, 250 nM glucose oxidase,
134 nM catalase, 10mM dithiotrethiol in PEM buffer) and imaged.

Hydrophobic interaction-based microtubule-kinesin assay Underpressure (Vacuum
pump PC 3004 Vario with CVC 3000 display, Vacuubrand, Wertheim, DE) was ap-
plied to one end of the hydrophobic flow chamber channel and used for the following
washing and treatment steps. Microtubule attachment, surface passivation and kinesin
assays were performed as explained previously [113] except that antibodies were directly
incubated to a clean surface without previous washing steps and that incubation times
of 3min (antibody) and 10min (F-127) were sufficient, 10mM dithiotrethiol was used
instead of β-mercaptoethanol. Kinesin-1 (rat, trunkated rk430-eGFP-His6) was the used
motor protein.

1.3.7. Analytical Methods
1.3.7.1. Surface-sensitive microscopy

IRM and TIRFM images were measured at room temperature (23℃) on a setup similar
to a previously published setup [104] combining IRM and TIRF. The TIRF excitation
wavelength was 488 nm (100mW LuxX 488-100 Omicron Laser, Rodgau, DE) for the
green channel. The green channel was defined by an ET Bandpass 520/40. The image
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acquisition time was 200ms using an Orca Flash 4.0 V2 camera (Hamamatsu Photonics,
Hamamatsu City, JP). For IRM illumination, a blue LED (Royal-Blue LUXEON Rebel
LED, Lumileds, DE) with an emission wavelength of λ=450±20 nm was operated at
3V and a current of 0.1A. IRM imaging was performed with a CCD camera (LU135-M,
Lumenera, Canada) at 60 frames per second (fps).

1.3.7.2. SBR determination

IRM images From an image stack containing 20 IRM images, 40 pixel long straight line
segments of microtubules were chosen and 40× 40 pixel ROIs were generated, centered
around these line segments, using a slightly modified “ROIsaveTool” in Fiji, originally
written by Steve Simmert. These ROIs were averaged and their SBRs were determined
using a Python script written by Steve Simmert [101]. This script generated a median
profile perpendicular to the microtubule axis from the ROI and approximated the micro-
tubule profile with a Gaussian fit. Next, the script subtracted the fitted Gaussian from
the image to determine the residual image. The noise of the residual image was filtered
as described in Ref. [101] to not overestimate noise caused by irregularities, dirt, drift
or illumination intensity fluctuations. The intensity distribution of the filtered residuals
was fitted to another Gaussian and its standard deviation (SD) was considered as noise.
The SBR was determined as the ratio between microtubule profile and noise.

TIRF images To determine the average gray value of the kinesin decorated micro-
tubules, average line profiles perpendicular to the microtubule axis were generated from
image stacks containing 100 TIRF images as described in the previous paragraph. The
maximum of these average line profiles was used as the “signal” of the kinesin decorated
microtubule. Next, the average gray value of the background, originating from kinesins
unspecifically interacting with the surface, was determined. Therefore, 100× 100 pixel
ROIs of microtubule-free regions were taken from the average image of the image stack.
The average gray level of these background-containing ROIs was considered as the “back-
ground” value. The dark background value of a kinesin-free sample was subtracted from
the “signal” and “background” gray levels, respectively. Finally, the ratio of the “signal”
(S) divided by the “background” (B) was used as the SBR. The error propagation was
calculated according to δSBR = SBR ·

√
(δS/S)2 + (δB/B)2

1.3.7.3. Kinesin motility parameters

Kymographs were obtained by plotting the microtubule axis horizontally vs the time axis
through the image stack vertically. Kinesin traces shorter than 4 pixels were excluded
from the analysis due to difficulties to clearly identify these events as processive mo-
tion. Kinesin traces appearing to be due to the movement of multiple kinesins (clusters,
different brightnesses, partial bleaching) were excluded as well.
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1.3.7.4. Contact angle measurements

Static contact angle (CA) measurements were performed at a temperature of 23–25℃ us-
ing the sessile drop method on the CAM 200 optical angle meter (KSV Instruments
LTD). The drop volume was 2µL and 12 droplets were measured per surface. Three
surfaces were measured per sample yielding 36CAs per sample. Six batches were mea-
sured per method on different days yielding 216 droplets per method. As no systematic
difference was visible between left and right angles, all measured angles were considered
separately yielding 432CAs per method. Statistical tests were performed according to
a one-way ANOVA with Tukey HSD post-hoc test with a confidence level of α=0.01
using the Real Statistics Data Analysis Tool with Excel.

1.3.7.5. Fabrication of methylated surfaces with different CAs

Methylated surfaces with different CAs ranging from 28 to 93 deg were fabricated as
stated in Table 1.1.

Table 1.1.: Fabrication of methylated surfaces with different CAs. All surfaces were pre-
cleaned as described in Paragraph 1.3.2.1. All processes stated in the table are explained
in Sect. 1.3.2 in more detail. TE holders were used.

CA Cleaning & Activation Silane
28 O2 plasma TMCS
61 O2 plasma HMDS
82 O2 plasma + heating in H2O HMDS
87 O2 plasma + etching in HCl HMDS
93 O2 plasma + etching in HCl HMDS

1.3.7.6. Fitting of the SBR data

Fitting model According to the Cassie equation, the effective CA of a liquid on a flat
surface composed of two different materials can be calculated according to:

cos (CA) = a1 · cos (Θ1) + a2 · cos (Θ2). (1.13)

Here, the materials are considered as area fractions a1,2 characterized by the respective
CAs Θ1,2 [114].

Since the experimentally prepared surfaces were initially superhydrophilic after the
plasma activation, we used Θ1 = 0 deg for a1. We further assumed, that the HMDS
silanization added a second hydrophobic area fraction a2 with a CA of Θ2 = 90 deg.
Inserting Θ1 deg and Θ2 deg into Eq. 1.13 related the effective CA directly to the hy-
drophilic area fraction a1:

cos (CA) = a1. (1.14)
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hydrophobic
functionalization

F-127 brushes

θ2 = 90 degθ1 = 0 deg
hydrophilic

glass surface 

a1 a2

F-127 pancake

Nsurf

NMT

microtubule

kinesin Figure 1.9.: F-127 adsorbs to a
hydrophilic surface area a1 (blue,
Θ1 = 0deg) in a “pancake” con-
figuration and to a hydropho-
bic surface area a2 (red, Θ2 =
90 deg) in a brush configuration
[115]. The “pancake” configura-
tion may allow nonspecific bind-
ing of kinesins to the surface
(Nsurf ) in addition to specific
microtubule binding (NMT ).

The effective CA of a surface was relevant, since the CA was reported to affect the
adsorption configuration of the surface passivating agent F-127 [115]. For a hydrophilic
surface, F-127 is thought to adsorb in a “pancake” configuration (Fig. 1.9, left). For a
surface with a CA above 80 deg, F-127 is expected to adsorb in a brush-like configuration
(Fig. 1.9, right) [115]. While F-127 polymer brushes are used to passivate surfaces
against unspecific kinesin interactions [15], F-127 in a “pancake” configuration may
not operate as a functional passivating agent. The “pancake” configuration may allow
kinesins to bind nonspecifically to surfaces (Nsurf , Fig. 1.9, left). Ideally, kinesins should
only specifically interact with microtubules (NMT , Fig. 1.9, middle). The number of
microtubule-bound kinesins NMT is proportional to the landing rate that in turn is
proportional to the concentration of kinesins in the solution Nsol. Nsol can be determined
by subtracting Nsurf from the total number of kinesins Nt present in the assay. Using
the proportionality constant k to account for the landing rate and other factors, NMT

can be calculated according to:

NMT = k ·Nsol = k(Nt −Nsurf ) (1.15)

Since the hydrophobic area fraction a2 is expected to be efficiently blocked by F-127,
Nsurf was expected to scale with the poorly blocked area fraction a1. For a completely
hydrophilic surface (a1 = 1, a2 = 0), the surface passivation is expected to be the least
efficient and the number of nonspecifically surface-bound kinesins Nsurf to be maximal.
This maximum amount of Nsurf is NS . Therefore, we assumed

Nsurf = NS · a1. (1.16)

The SBR of an unlabeled microtubule decorated with eGFP-labeled kinesins was ex-
pected to be the ratio of NMT and Nsurf plus a constant, kinesin-independend back-
ground:

SBR = NMT

Nsurf +Bkg
. (1.17)
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Inserting Eq. 1.14, Eq. 1.15 and Eq. 1.16 into Eq. 1.17 yields the final equation used for
fitting the SBR dependence on the CA:

SBR = k
Nt −NS · cos (CA)
NS · cos (CA) +Bkg

. (1.18)

The model is only valid for CAs≤ 90 deg and does not consider any effects that may
lead to a saturation such as denaturation of antibodies or changes in the polymer brush
dimensions.

Fitting procedure To fit the SBR data with Eq. 1.18 containing 4 different variables,
more data was required. Therefore, the “Signal”, “Background” and SBR data was
fitted simultaneously with shared variables and the following functions: The SBR data
was fitted with with Eq. 1.18, the “Signal” data with NMT = k(NT − NS · cos (CA))
and the “Background” data with NS · cos (CA) + Bkg. Weighed fitting was performed
based on the error bars of the data. Since the model is only valid for CAs≤ 90 deg, the
last data point at 93 deg was not included in the fit. The resulting fit parameters were
a=6.7± 3.5, Nt=13.6± 5.9, NS =8.9± 2.8 and Bkg=1.5± 0.6.

1.3.7.7. XPS measurements

XPS measurements and analysis were performed in cooperation with Dustin Quinones
and Prof. Heiko Peisert of the “Interfaces of Organic Semiconductors” group (Univer-
sity of Tübingen, DE). Measurements were performed using a multi-chamber ultrahigh
vacuum system (base pressure 8 × 10−9 mbar) including a Phoibos 100 analyzer, a
1d-Delay Line detector (SPECS, DE) and an X-ray source with a conventional Al/Mg
anode (XR-50 m X-ray source). All measurements were performed with Mg Kα radi-
ation (hv=1253.6 eV), a dwell time of 0.2 s and a pass energy of 20 eV. The overview
spectra were recorded from −5–1100 eV and a step size of 0.5 eV. The core-level spectra
of the individual elements (Si2p, C1s, O1s) were collected with a 0.05 eV step size. The
shifts observed due to charging effects of the glass surface were corrected as described
earlier [26]. The peak centers were determined using Gaussian fits. To determine the
elemental composition and atomic percentages, peak areas were calculated using Python
and weighted with Yeh and Landau sensitivity factors [116].

1.4. Results & Discussion
Section 1.4.1 focuses on the optimization of hydrophobicity-based kinesin-microtubule
assays. In Sect. 1.4.2, the SBRs of microtubules attached via different methods are
compared and correlated to height information.
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1.4.1. Coverslide hydrophobization was optimized for kinesin stepping
assays

While various approaches to render glass surfaces hydrophobic by silanization exist, the
reproducibility of these procedures remains an important issue of ongoing research [6,19].
In this section, different surface modification approaches are compared. I developed a
new protocol that yielded high quality, low background surfaces with an optimal water
contact angle suited for kinesin assays that are based on hydrophobic interactions.

1.4.1.1. Suited cleaning procedures yielded superhydrophilic surfaces

To demonstrate to what extent insufficient cleaning procedures can affect the repro-
ducibility of a silanization protocol, the desired contact angle (CA) obtained by silaniza-
tion is compared with the CA of an uncleaned coverslide. For hydrophobicity-based
microtubule-kinesin assays, a CA of 90 deg was reported to be required [18]. A dirty
coverslide that was solely rinsed with water for the removal of major dust particles al-
ready had a CA of 74.7± 3.6 deg (mean±SD, N =98 CAs, 1 exemplary batch with 3
slides). To remove the majority of hydrophobic dirt, the glass slices were sonicated in
acetone, resulting in a reduced CA of 37.2± 5.1 deg (mean±SD, N =343 CAs, 5 batches
with 3 slides). A further cleaning of the acetone sonicated surfaces with either HCl, KOH
or KOH-H2O2 etching or plasma treatments yielded superhydrophilic surfaces.

As expected, the CA of the acetone sonicated surface was close to the literature value
of 33.6± 2 deg for an almost fully dehydroxylated surface [117]. This agreement with
the literature suggests that the glass surfaces obtained directly from the manufacturer
were mainly dehydroxylated. The slightly higher CA of the acetone sonicated surfaces
compared to the literature value suggests that not all hydrophobic dirt was fully removed
and that a more efficient cleaning was necessary. The superhydrophilic surfaces achieved
by chemical etching were partially in agreement with the literature where CAs strongly
depended on the chemical etching protocols [27,118]. Comparing literature reports with
my results, it seems that superhydrophilic surfaces resulted from less aggressive chemical
etching procedures performed in hot aqueous solutions that yielded rather smooth hy-
droxylated surfaces. Comparably, the literature relates plasma treated, superhydrophilic
surfaces to smooth surfaces and higher surface silanol densities [26, 119, 120]. Overall,
all suited cleaning procedures yielded superhydrophilic surfaces that required additional
surface hydrophobization by silanization.

1.4.1.2. Choice of silane for cover slide hydrophobization

To reliably achieve high-quality hydrophobic surfaces, different types of silanes were
further investigated. According to the literature, the CA of a surface suited for as-
says based on hydrophobic interactions should be 90 deg or above (black solid line in
Fig. 1.10A) [18]. To achieve such CAs, two different standard cleaning procedures, O2
plasma activation and HCl etching [5, 18], were used to generate freshly hydroxylated
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Figure 1.10.: (A) CAs obtained
for glass surfaces after silaniza-
tion with OTES, TMCS and
HMDS with either O2 plasma
(blue) or HCl etching (red) used
for hydroxylation. All steps
were performed using TE hold-
ers. Single values are displayed
as small light colored dots, av-
erages of the distinct batches as
colored lines and the total aver-
ages as large black dots with SDs
as error bars. For reference, hor-
izontal lines are drawn at CAs
of 30, 60 and 90 deg with the
respective CA silhouettes shown
on the right. (B) Polymerizing
silanes such as OTES can po-
tentially bridge unhydroxylated
sites while monoreactive silanes
such as TMCS cannot.

glass surfaces. These surfaces were then treated with three different types of silanes: the
triethoxysilane representative octadecyltriethoxysilane (OTES), the chlorosilane repre-
sentative trimethylchlorosilane (TMCS) and the disilazane representative hexamethyl-
disilazane (HMDS). After the functionalization, their surface hydrophobization poten-
tial was investigated by measuring the water CAs (Fig. 1.10A). The hydrophobization
potentials are directly comparable, as the exact same batches of activated surfaces were
used for all three silanizations at the same time.

Octadecyltriethoxysilane Based on previous experiences with the triethoxysilane
APTES [121], the triethoxysilane OTES was expected to efficiently functionalize the
surface. As expected [111], CAs approaching 90 deg could be easily reproduced for HCl
treated slides having a CA of 86.9± 2.8 deg (mean±SD, N =432). Interestingly, the O2
plasma cleaned and OTES silanized surfaces resulted in a lower CA of 80.0± 5.1 deg
(mean±SD, N =432). This suggested that the O2 plasma activation was less efficient
than the HCl activation. Different surface roughnesses causing such differences were ex-
pected to be negligible as both HCl and plasma treatments resulted in superhydrophilic
surfaces. The high consumption of solvents, the work intensity, the waste production,
and proneness to catch contaminations during the frequent liquid exposures were expe-
rienced as disadvantages. These issues can potentially be solved by applying OTES via
vacuum silanization. However, the main reason to not further pursue OTES silanization,

23



was the ability of triethoxysilanes to polymerize upon water contamination [56,59,122].
A possible interaction of these polymers with later introduced samples (that were close
to the surface) was undesirable. The presence of polymers on the surface can already
be suspected when comparing the sensitivity of the OTES CA to the activation method
with the sensitivity of TMCS. While a monofunctional and monolayer forming silane
such as TMCS can only react with hydroxy groups, polymerized OTES can potentially
bridge over unhydroxylated surface areas [122] and thereby possibly yield a higher CA
than the non-polymerizing TMCS would for the same hydroxy density (Fig. 1.10B).

Trimethylchlorosilane As already mentioned, the TMCS silanization was more sensi-
tive towards the used cleaning procedure than the OTES silanization: O2 plasma cleaned
surfaces had a CA of 47.4± 13.5 deg (mean± SD, N =410), while HCl activated surfaces
had a CA of 64.7± 5.6 deg (mean±SD, N =432). All CAs were far from approaching
the desired 90 deg. This observation was partially contradictory and partially in agree-
ment with the literature: Herzberg et al. reported a CA of 85 deg for a highly controlled
vacuum silanization procedure and pointed out its sensitivity to air humidity [123]. Skop
et al. reported CAs of 70 deg for a liquid approach without the use of a catalyst (and
110 deg with the catalyst imidazole) and demonstrated the limitations due to the reactiv-
ity of the TMCS [6]. Thus, our low CAs possibly originate from the difficulty to exclude
air humidity in our simple lab dessicator and the absence of a catalyst. More reactive
chlorosilanes (di- or tri-chlorosilanes) are more sensitive towards air humidity [22,23,124]
and did not improve the results.

Hexamethyldisilazane A promising candidate for a reliable and more effective surface
methylation under ambient air conditions was HMDS. An increased reactivity towards
surface silanol groups compared to mono-chlorosilanes such as TMCS was reported,
while being less reactive towards water [22, 125]. Indeed, when HMDS was applied to
the same cleaning and activation protocols already used for TMCS (and OTES), a CA
of 86.9± 3.9 deg (mean±SD, N =432) was achieved for the HCl treated slides and a
CA of 74.6± 11.1 deg (mean± SD, N =494) for the O2 plasma treated slides. Compa-
rable to TMCS, the high SD of 11.1 deg for the O2 plasma treated slides suggests a high
sensitivity towards the surface silanols and the inability to polymerize [22, 125]. For an
improved comparison, the results are listed in Table 1.2. Values of the individual batches
are shown in Appendix A.2.

Overall, CA approaching 90 deg could be achieved combining HCl treatment and OTES
or HMDS silanization. However, as OTES silanes are capable of polymerization, the
surface methylating silane HMDS was preferred.
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Table 1.2.: Contact angles (CAs) of differently activated (HCl etching or O2 plasma)
glass surfaces after silanization with either OTES, TMCS or HMDS. CAs of N droplets
were acquired for six different samples per method. All CAs were about zero before
silanization. TE holders were used. Mean± SD (N).

Treatment CA (deg) HCl etching CA (deg) O2 plasma
OTES (liquid phase) 86.9± 2.8 (N =432) 80.0± 5.1 (N =432)
TMCS (vapour phase) 64.7± 5.6 (N =432) 47.4± 13.5 (N =410)
HMDS (vapour phase) 86.9± 3.6 (N =432) 74.6± 11.1 (N =494)

1.4.1.3. Further optimization of the surface activation

To find a substitute to the waste producing, work intensive and contamination prone
HCl etching activation procedure, I compared different surface activation (hydroxylation)
methods.

Liquid phase activation As all cleaning procedures described at the beginning of this
section (Sect. 1.4.1.1) yielded superhydrophilic—and therefore most likely hydroxylated—
surfaces, they were further investigated in terms of their potential for surface activation.
Freshly cleaned surfaces were silanized with HMDS and their CAs were measured. The
H2O2 / KOH etched surfaces had a CA of 80.2± 1.4 deg (mean±SD, N =76, 1 batch)
and were not further considered due to the required work effort, harsh chemicals and poor
results. Interestingly, surfaces that were etched in 1M KOH for 5min or control samples
that were simply cooked in water for 1 h had CAs approaching 90 deg after HMDS treat-
ment: KOH etched surfaces had a CA of 89.6± 1.1 deg (mean± SD, N =116, 1 batch)
and water cooked surfaces a CA of 87.4± 4.4 deg (mean± SD, N =268, 3 batches).
Therefore, the HCl activation of the original protocol [18] could possibly be replaced by
either a time saving 5min activation in KOH or a mild, environmentally friendly 1 h
activation in water. However, all liquid activation procedures had the disadvantage of
being prone to catch contaminations during the liquid exposures and were, therefore,
not investigated in further detail.

Plasma activation A very promising, alternative approach was plasma activation. This
activation is performed in vacuum and almost contamination free. Since the usage of wa-
ter or hydrogen plasma would have required more complex and expensive devices, easily
accessible plasma procedures were investigated. The CAs of HMDS silanized surfaces
with different preceding plasma activations are shown in Fig. 1.11. For an improved
comparison, a black line is drawn through the control CA value based on HCl etching.
An ANOVA with Tukey post-hoc test (N=432, F=417, α=0.01) was used to determine
the significant differences between the CAs obtained with the different methods.

First, the plasma treatments without a sample holder will be discussed. The O2 plasma
treated surfaces (O2, violet) had a CA of 78.2± 1.7 (N =360). The air plasma treated
surfaces (air, green) had a CA of 80.0± 2.1 (N =432).
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Both plasma treatments without sample holder were not suited to achieve the desired
CA of about 87 deg. The introduction of a TE sample holder to the O2 plasma treatment
(O2+TE, blue) yielded a significantly reduced CA of 74.6± 11.1 (N =494, Tukey post-
hoc analysis, p< 0.001, 3.60, 99% -CI[2.41, 4.79]) with a noticeably increased SD. On
the contrary, the introduction of a TE holder to the air plasma treatment did not change
the CAs significantly compared to the air plasma without sample holder (Tukey post-hoc
analysis, p= 1.00, 0.23, 99% -CI[-0.94, 1.40]): the air+TE plasma (light blue) treated
surfaces had a CA of 80.2± 3.0 deg (mean±SD, N =432). The N2+TE (cyan) plasma
treated surfaces had a significantly increased CA of 82.5± 2.2 (mean± SD, N =432)
when compared to air+TE treated surfaces (Tukey post-hoc analysis, p< 0.001, 2.31,
99% -CI[1.13, 3.48]).

Interestingly, only the introduction of a PP holder allowed the generation of surfaces
with CAs approaching 90 deg. As expected for the plasma decomposition of a solid to
gaseous products, the introduction of the PP holder to the O2+TE plasma led to an
increase in chamber pressure and the plasma flame changed from blue to white. Af-
ter the HMDS treatment, the O2+PP (orange) plasma treated surfaces had a CA of
87.5± 3.1 deg (mean±SD, N =432) that was significantly higher compared to the O2
and O2+TE plasma treated surfaces (Tukey post-hoc analysis, p< 0.001, 9.23, 99% -
CI[8.01, 10.46] and p< 0.001, 12.83, 99% -CI[11.70, 13.97]). One disadvantage was the
strong decomposition of the PP holders. This decomposition caused a deformation and
surface roughening of the PP holders making a frequent reuse (more than three times)
difficult. A reduction of the power for a milder plasma and to prevent the holders from
damage did not work as it led to an irregular plasma flame at the device used for the
generation of N2 and O2 plasma.
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The device used for air plasma generated a homogenous plasma at lower power. Here,
the PP sample holders did not deform visibly. Also, neither a visible change in the
plasma color nor an increase in the plasma process pressure was observed apart from the
initial outgassing of decomposed dirt in the first seconds. Surprisingly, the air+PP (ma-
genta) treated surfaces had a CA of 87.1± 2.5 deg (mean± SD, N =432) after HMDS
silanization. This CA was significantly higher (p< 0.001) compared to air and air+TE
plasma activated surfaces according to Tukey post-hoc analysis (7.13, 99%-CI[5.96, 8.30]
and 6.90, 99%-CI[5.73, 8.07]). Most importantly, this CA approached the desired 90 deg
and was not significantly different from the CA of the O2+PP treated surfaces (Tukey
post-hoc analysis, p= 0.93, 0.40, 99% -CI[-0.77, 1.57]). The SD was further reduced
indicating that the air+PP plasma treatment was even more reproducible compared to
the O2+PP plasma treatment.

Both, the O2+PP and air+PP plasma treated samples were not significantly different
from the HCl control sample (Tukey post-hoc analysis, p= 0.60, 0.61, 99% -CI[-0.57,
1.78] and p= 1.00, 0.21, 99% -CI[-0.97, 1.38]). For an overview of all significance pa-
rameters, see Appendix A.1. An overview over the CAs achieved with the different
plasma treatments is shown in Table 1.3 and more detailed in Appendix A.2.

Overall, the observation that the plasma activation was more efficient with an increase
in N2 content in the plasma (O2 < air < N2) was not unexpected since literature re-
ports suggested that N2 plasma treatments generated higher amounts of surface silanols
compared to O2 plasma [26]. However, in these reports, no TE was used. Since O2 and
N2 plasma both do not contain hydrogen species suited to hydroxylate surfaces, it is
assumed, that the exposure of the plasma treated, reactive surface to the ambient air
after treatment causes silanol formation [26].

Initially, I suspected that the increased activation potential introduced by the PP holders
was due to the introduction of hydrocarbons. During plasma decomposition of hydro-
carbons a variety of hydrogen containing reactive species are generated [126,127].
These species could potentially donate hydrogen or hydroxy groups for an improved
surface activation. However, I could not achieve the same improved results using inex-
pensive or recycled PP labware or pure PP plates. Comparing the appearance of the O2
plasma treated PP holder and random PP parts, the glass infused PP holder became
visibly and increasingly porous, most likely due to the infused glass, while the surface of
the random PP parts remained smooth. Possibly, the increased PP surface due to the
surface roughening of the sample holder played a key role in creating enough hydrox-
ylating species. Another possibility could be that the PP holder contained unknown
supplements that were benefitial for the surface activation.
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Table 1.3.: Contact angles (CAs) of differently plasma-activated glass surfaces after
HMDS silanization. CAs of N droplets were acquired for 5–7 different batches per
method. All CAs were zero before HMDS treatment. Mean±SD (N).

Plasma CA (deg) No. of Batches
HCl 86.9± 3.6 (432) 6
O2 78.2± 1.7 (360) 5
air 80.0± 2.1 (432) 6
O2+TE 74.6± 11.1 (494) 7
air+TE 80.2± 3.0 (432) 6
N2+TE 82.5± 2.2 (432) 6
O2+PP 87.5± 3.1 (432) 6
air+PP 87.1± 2.5 (432) 6

Overall, the surface activation with conventional plasma treatments was not sufficient
to achieve CAs approaching 90 deg after HMDS silanization. However, significantly
improved CAs approaching 90 deg could be reliably achieved after HMDS silanization
using glass infused PP holders during either O2 or air plasma activations.

1.4.1.4. XPS spectra showed the chemical composition of the activated surfaces

To gain insight into the chemical composition of the surface before and after the air+PP
plasma treatment, we performed x-ray photoelectron spectroscopy (XPS) measurements
(Fig. 1.12). A control measurement of the cleaned glass surface without any plasma treat-
ment (black) gave insight into the chemical composition of the glass. The composition
remained almost unchanged upon treatment with air+TE plasma (cyan) or air+PP
plasma (magenta, all superimposed for highlighting the similarities and differences in
Fig. 1.12B). The main peaks visible are from left to right the Si 2s, Si 2p, NaKLL, C 1s,
K 2p, Ti 2p, O 1s, FKLL, F 1s, OKLL, Zn 2p and Na 1s peaks. The binding energy of
these elements reflects their chemical environment. The binding energies appeared to be
almost unaffected by the plasma treatments.

The Si 2p and O1s peaks of the air+TE and air+PP plasma activated surfaces appeared
slightly shifted compared to the untreated sample (Fig. 1.12B left and middle). Such
changes of the Si 2p and O1s peak position may indicate a change in siloxane/silanol
ratios. For a surface hydroxylation, positive shifts of up to 0.6 eV can be expected [128].
To investigate these peaks, detailed spectra were recorded (Fig. 1.12B left and middle)
and the peak center was determined using Gaussian fits (see Appendix A.3). The loca-
tion of the Si 2p and O1s peaks of the untreated glass surface was at 102.5± 0.1 eV and
532.0± 0.1 eV (mean±SD of the fit), respectively. In comparison, the peak center shifted
by 0.2 eV for both plasma treated surfaces. As charging effects of the glass surfaces were
corrected by normalizing the spectrum to the Si 2p and C1s peaks and since the shift was
small, it may not be significant. A possible explanation for the small shift could be that
the untreated surfaces were already more hydroxylated than expected due to cleaning
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Figure 1.12.: (A) XPS spectra of an untreated (thick black line), air+TE plasma (light
blue line) and an air+PP plasma treated (magenta line) glass surface. The elements
attributed to the respective main peaks are noted. Enlarged plots are shown for the
areas outlined with a black box. (B) Separately recorded spectra of the Si 2p peak
(left), the O 1s peak (middle) and the C 1s peak (right).

by sonication in aqueous solutions. Sonication in water has been shown to affect the
hydroxylation/oxidation state of titanium dioxide and iron oxide surfaces [40, 41]. This
effect is attributed to the generation of OH radicals upon sonication in pure water [41,42]
and may also affect glass surfaces. An explanation for the absence of shifted binding
energies in general may be that the surface activation induced by the air+PP treated
surfaces is a short-lived effect. Due to the incubation of the samples in the vacuum
system overnight prior to the measurements, the effect could not be measured directly
after the activation but was measured more than 12 h later.
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Table 1.4.: Elemental composition of the plasma activated glass surfaces. Noticeably
different values are highlighted with bold text. The analyzed peaks were O1s, Si 2p,
C 1s, F 1s, K 2s, Na 1s, Ti 2p, Zn 2p, respectively.

Elemental composition (%)
Plasma O Si C F K Na Ti Zn
none 53.8 31.7 7.4 3.5 2.0 0.7 0.4 0.5
air+TE 49.7 31.6 6.6 8.5 2.1 0.6 0.4 0.4
air+PP 52.5 33.0 6.9 4.6 2.0 0.2 0.3 0.3

To determine the elemental composition, the O1s, Si 2p, C 1s, F 1s, K 2s, Na 1s, Ti 2p
and Zn 2p peaks were integrated and weighed according to their sensitivities. The re-
sulting atomic percentages are listed in Table 1.4. For a borosilicate glass, a high boron
content was expected [129] but not observed. The presence of low amounts of carbon
in all three samples can be attributed to the air exposure before introduction to the
XPS chambers [120]. The carbon amount remained low for the slides exposed to air
plasma decomposed PP (Fig. 1.12B, right) suggesting that no incompletely degraded
PP polymers were deposited on the surface. Only two noticeable changes in the chemi-
cal composition were observed (Table 1.4): first, the air+TE plasma treated surface had
an increased fluorine content of 8.5%, compared to the untreated and air+PP plasma
treated surfaces with 3.5% and 4.6%, respectively. This increase was most likely due
to the TE sample holder used during the air plasma treatment. Note that the different
fluorine contents did not influence the contact angles noticeably as all surfaces were su-
perhydrophilic after these plasma treatments. Second, the sodium content was reduced
threefold when using the PP holder. Possibly, sodium enclosed in the glass network is
extracted by the plasma.

Overall, the chemical composition of the glass surfaces barely changed upon the differ-
ent treatments. Short-lived effects could not be measured. Interestingly, the air+PP
plasma treatment seemed to cause a decreased sodium content. Possibly, the removal of
sodium from the surface with the air+PP plasma activation made more chemical bonds
accessible for surface functionalization. Alternatively, the usage of TE holders may not
be optimal. In principle, the presence of hydrophobic fluorine groups at the surface may
be beneficial to create a hydrophobic surface. However, since single fluorine atoms are
sterically smaller than methyl groups [130], the may be too short to come in contact with
the water surface. While the reason for an improved surface activation with air+PP
plasma remains unclear, the measurements were excellent controls suggesting that this
treatment did not cause major unexpected chemical modifications.

1.4.1.5. Plasma activated surfaces were suitable for kinesin stepping assays

To test whether the air+PP plasma activated surfaces affected kinesin assays, I mea-
sured kinesin motility parameters. Therefore, I analyzed the speed and run length for
individual kinesin-1 molecules using a TIRF stepping assay performed on the air+PP

30



Speed (μm/s)

A

1.000.750.50
0

5

Run length (μm)
2 4

1.0

0.5

0.0

B

C
ou

nt
s

1 µm

1 
s

Fit
Data

Fit
Data

N = 49 N = 49

eG
F

P
 k

in
es

in
-1

C
um

m
ul

at
iv

e 
di

st
rib

ut
io

n

Figure 1.13.: (A) Kymograph showing the eGFP signal of single kinesin-1 molecules.
(B) Multiple kymographs were analyzed to generate a histogram of the speed (left) and
the cummulative distribution function of the run length (right). The data (gray) was
fitted (black curves) with a Gaussian for the speed and an exponential for the run length.

plasma activated and HMDS functionalized surfaces. From recorded time series, kymo-
graphs showing the kinesin-1 translocation along a microtubule (horizontal) over time
(vertical) were generated (Fig. 1.13A).

Based on the kymographs, speeds and run lengths were analyzed and represented in
the histograms of Fig. 1.13B. The speed of kinesin-1 followed a Gaussian distribution
and a fit yielded y = Ae−(x−µ

2σ )2 = 9.1e−(x−0.8
2·0.1 )2 . This fit suggested that the kinesin-1

speed was 0.8± 0.1µm/s (mean± SD, N =49). The cummulative distribution of the run
lengths followed an exponential distribution that could be fitted with y = −Ae−bx+C =
2.2e−1.3x + 1.0. The run length was 1.4± 0.8µm (mean±SD, N =49) in average and
0.8µm according to the fit of the cummulative distribution function. Both, speed and
run length, were in good agreement with literature values [4, 131]. Thus, the air+PP
plasma activated surfaces did not affect the kinesin’s motility and were suited for kinesin
stepping assays.

1.4.1.6. Hydrophobic surfaces with contact angles above 90 deg are not necessary
or ideal for hydrophobic-interaction-based kinesin stepping assays

Having confirmed the chemical composition, quality and functionality of the surfaces
prepared with plasma treatments, I investigated the influence of the CA on the perfor-
mance of the hydrophobicity-based kinesin stepping assays. According to the literature,
CAs above 90 deg are required for hydrophobicity-based single-molecule assays on mi-
crotubules [6, 18]. This requirement has not been systematically investigated or experi-
mentally confirmed. To assess the “degree of hydrophobicity” required for a high-quality
single-molecule assay, the assay was performed on surfaces with different CAs ranging
from 28 to 93 deg using IRM and TIRF microscopy (Fig. 1.14 and 1.15).

First, I investigated the microtubule attachment without kinesins using IRM. For the
same assay performed on surfaces with different CAs, I could not observe a difference
visible by eye. To determine the SBR of the microtubules, 40× 40 pixel ROIs (black
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rectangle in Fig. 1.14A) containing straight microtubule segments were chosen and con-
verted to median gray value line profiles perpendicular to the microtubule (Fig. 1.14B). A
Gaussian fit of the line profile was used to extract the microtubule signal and determine
the residual noise (Fig. 1.14B, see Methods Sect. 1.3.7.2). Without kinesins, the SBR
of the microtubules was unaffected by the “degree of hydrophobicity”. Stably attached
microtubules with the same SBR of 5± 1 deg (mean± SD, Nseg =16 and Nseg =12 for
CAs of 30 deg and 90 deg, respectively) were observed irrespective of the CA. Note that
a CA of 30 deg is comparable to the that of an unfunctionalized glass slide but was
obtained by an inefficient TMCS silanization procedure.

In contrast, when kinesin in its motility buffer was added, surfaces with a higher CA
performed better (Fig. 1.15). With lower CAs, microtubules loosened and unspecific in-
teractions between kinesins and the surface increased. Microtubule loosening, unspecific
kinesin interactions with the surface and specific interactions with microtubules were
observed by imaging the enhanced green fluorescent protein (eGFP) tags of the kinesin-
1 molecules using TIRFM (Fig. 1.15A). Nonspecific kinesin-surface interactions were
investigated by calculating the mean pixel intensity of the microtubule-free background
and will further be referred to as “background”. Specific kinesin-microtubule interac-
tions were quantified by determining the maximum intensity of an average line profile
calculated from microtubule segments and will further be referred to as “signal”. The
SBR was calculated as the ratio of the “signal” and the “background”. Ideally, kinesins
should specifically interact with the microtubules and not with the surface, resulting in
a high SBR. The number of straight microtubules segments Nseg and background areas
Nbkg used for the SBR analysis are not related to the total number of microtubule ends
Nend observed within a sample to assess the microtubule attachment. Microtubules with
attached ends but loose middle parts were included in the calculations by counting the
loose middle parts as loose ends. All kinesin assays were performed on the same day
with exactly the same buffer and kinesin dilution (5 nM).

For the lowest CA of 28 deg, frequent unspecific interactions of the kinesins with the sur-
face were observed, resulting in a high background of 14.0± 3.0 (mean± SD, Nbkg =16).
Kinesins colocalized with the microtubules, resulting in a signal of 47.9± 7.1 (mean±SD,
Nseg =7). Despite the resulting low SBR of 3.5± 0.9, the microtubules were still visi-
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of kinesin-1 decorated micro-
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with water CAs of 30 (violet),
60 (pink) and 90 (red) deg.
White arrows indicate loose mi-
crotubule ends. SBRs are stated
as mean± SD. Data points in-
dicate the signal of kinesin-
decorated microtubules (B), the
background decorated with un-
specifically interacting kinesins
(C), the resulting SBR (D) and
end attachment percentages (E)
as a function of the CA. Fits
(gray lines) are either based on
the model underlying Eq. ??
(B-D) or linear (E). The color
scheme specified in A applies
to the data points. Black data
points are additional measure-
ments not shown in A.

ble (Fig. 1.15A-D). Furthermore, microtubules were not attached stably anymore. All
microtubule ends were loose (Nend=10), resulting in a microtubule end attachment of
0% (Fig. 1.15E). Loose ends are indicated with white arrows in Fig. 1.15A. For CAs of
61 deg, 50% of the microtubule ends were attached (Nends=18). While the microtubule
signal remained comparable to the previous sample (signal of 43.2± 8.8, mean±SD,
Nseg =12), there was a visible reduction in unspecific interactions between kinesins and
the surface (background of 3.0± 1.4, mean±SD, Nbkg =16). Accordingly, the SBR in-
creased to 12.8± 6.5.

Interestingly, the transition to a high-quality assay was observed between 80 deg and
90 deg and not above 90 deg as suggested previously [6, 18]. Therefore, these CAs were
investigated in more detail. Assays performed on surfaces with a CA of 82 deg had an
increased microtubule signal of 88.6± 11.1 (mean±SD, Nseg =16) and a background of
2.8± 0.8 (mean±SD,Nbkg =16). The resulting SBR of 32.2± 10.0 was further increased.
With 90% (Nends=56), most of the microtubule ends were attached. For CAs of 87 deg,
the signal was maximal with 115.1± 21.7 (mean± SD, Nseg =16) while the background
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decreased to 2.3± 0.5 (mean±SD, Nbkg =16). Accordingly, the SBR further increased
to 49.8± 14.3. Additionally, all microtubule ends were attached (100%, Nends=46).
For a CA of 93 deg, a reduced microtubule signal of 81.4± 10.7 (mean± SD, Nseg =16)
was observed. The background further decreased to 1.6± 0.5 (mean±SD, Nbkg =16).
Interestingly, the resulting SBR of 50.1± 17.0 was not significantly different (t(30)= 1.7,
p=0.1, α=0.05) from the SBR of the 87 deg sample. Furthermore, the microtubule end
attachment of 100% (Nends=40) was achieved as well. An overview of the signal, back-
ground, SBR and end attachment data is shown in Table 1.5.

The “signal”, “background” and SBR data was simultaneously fitted with shared vari-
ables (gray line in Fig. 1.15B-D) with the functions underlying the model described in
Sect. 1.3.7.6. According to this fit, a F-127 passivated surface with a CA of about 0 deg
would offer a minimal SBR of about 3.0 and 65% of the total amount of kinesins avail-
able in the assay would bind to the surface. Since the underlying model is just a rough
simplification, the exact numbers should be considered with care and the gray slopes
in Fig. 1.15B-D should rather be considered as guides to the eye. However, this rough
calculation may illustrate and reinforce the importance of the CA for passivation of the
surface against unspecific kinesin binding.

Interestingly, the microtubule end attachment alone was not influenced by the CAs
(Fig. 1.14), but the addition of the kinesin motility assay induced a linear dependence
(y=mx+ c with m=1.76± 0.03 and c=−53.62± 2.38) of the microtubule attachment
on the CA (Fig. 1.15C). One explanation may be that the Pluronic F-127 polymer brush
is only formed on surfaces with CAs above 80 deg [115]. A proper F-127 polymer brush
may be required to protect antibody-surface attachment sites from other proteins that
compete for the surface attachment with the antibody. Furthermore, the F-127 brush
thickness was reported to increase with the CA at least up to 9 nm at ≈ 100 deg [115].
Thus, the polymer brush has a dimension comparable to the size of antibodies used
to attach the microtubules [90, 132]. Accordingly, a polymer brush with an increased
thickness may prevent kinesins from binding to the lower side of the microtubule and
potentially even push the microtubule further away from the surface. Less densely
decorated microtubules or kinesins that are further away from the TIRF field may explain
the decreased microtubule signal observed at 93 deg. An improved passivation property

Table 1.5.: Average gray values of the signal of kinesin decorated microtubules (S), back-
ground fluorescence (B) caused by kinesins nonspecifically interacting with the surface
and the resulting SBR in dependence on the CA. Means±SD (N). The end-attachment
percentages (EA) are shown below.
CA 28 61 82 87 93
S 47.9± 7.1 (7) 43.2± 8.8 (12) 88.6± 11.1 (16) 115.1± 21.7 (16) 81.4± 10.7 (16)
B 14.0± 3.0 (16) 3.0± 1.4 (16) 2.8± 0.8 (16) 2.3± 0.5 (16) 1.6± 0.5 (16)
SBR 3.5± 0.9 12.8± 6.5 32.2± 10.0 49.8± 14.3 50.1± 17.0
EA 0% (10) 50% (18) 90% (56) 100% (46) 100% (40)
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of the thicker (and denser) polymer brushes may explain the decreased background.
While the exact numbers may be considered with caution due to the low statistics, the
observed SBRs and microtubules attachments clearly show that CAs above 90 deg are
not required to obtain high-quality single-molecule assays. Potentially, the surfaces at
87 deg may be even optimal due to showing the highest microtubule signal.

1.4.2. Improved label-free IRM contrast can partially be achieved for
APTES-based microtubule assays

To investigate, whether the SBR of microtubules visualized in IRM can be further im-
proved by the choice of the assay, I compared the hydrophobic interaction-based micro-
tubule attachment with electrostatic microtubule attachment. The relevant difference
between these two methods is the expected height of the microtubule above the glass
surface. This height difference is expected to affect the IRM contrast of a microtubule
(see Theory Sect. 1.2.5.2). The highest contrast results if microtubules are in direct con-
tact with the surface [101]. Using the glass surface as a reference (dglass = 0, Fig. 1.16A),
the height of the negatively charged microtubule above a the negatively charged glass
surface should, among other effects, depend on the electrostatic screening of the buffer.
With a Debye length λD of about 1 nm [133], a high contrast is expected.

A comparable or smaller distance to the surface and thus similar or higher contrast would
be expected for a microtubule attached to a monolayer of silane (dS << 1 nm based on the
chemical structure). A reduced contrast would be expected for a microtubule attached
to the surface via an antibody (vertically oriented antibody dABv ≈ 15 nm , horizon-
tally oriented antibody dABv ≈ 7 nm based on the crystallographic structure [90, 132],
Fig. 1.16A). To test how the microtubule contrast depended on the immobilization pro-
cedure, microtubules attached via different methods were imaged with IRM and their
SBRs were measured. Microtubules were either attached directly to a plasma cleaned
glass surface (Fig. 1.16B), a positively charged surface generated by APTES silanization
(Fig. 1.16C) or attached indirectly via antibodies to a hydrophobic surface (Fig. 1.16D)
generated by the protocol optimized in Sect. 1.4.1.

Interestingly, microtubules attached by antibodies had the highest SBR of 4.6± 0.6
(mean± SD, N =16). In contrast, microtubules attached to an APTES surface had a
SBR of 3.7± 1.4 (mean±SD, N =18). The corresponding IRM images showed that
microtubules were rigidly attached to the APTES surface, but some microtubule parts
were located at different heights. This height variation resulted in the high SD and
lower average value. Therefore, the microtubule parts were assigned to three different
subgroups: microtubules that were located (1) close to the surface (attached, black), (2)
about 40 nm above the surface (not attached, gray) or (3) about 80 nm above the surface
(not attached, white).

Next, the SBR analysis was applied to all subgroups separately. Thereby, it became ap-
parent that the microtubule parts of groups (2) and (3) contributed to the low average
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SBR value with SBRs of 2.5± 0.6 (mean±SD, N =6) and 3.5± 0.7 (mean± SD, N =6,
Fig. 1.16 grey box at the bottom), respectively. Microtubule parts of group (1) showed
a SBR of 5.3± 0.8 (mean±SD, N =6) that was significantly higher compared to the
antibody-based assay (students unpaired t-test, t(20)= 2.2299, p=0.0374).

To correlate the SBRs with the height of the microtubule above the surface, several
assumptions were made: First, the microtubule was considered as the sum of multiple
tubulins at different heights, resulting in an IRM signal that corresponded approximately
to the central axis of the microtubule. Therefore, it was assumed that the highest SBR
of microtubules directly attached to an APTES surface of 5.3+ 0.8=6.1(mean+SD)
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effectively corresponded to the height hc of the radius of the microtubule above the sur-
face at hc=12.5 nm. Thus, this height was used to numerically calculate the amplitude
A according to [101]:

SBRcorrected = A× sin (2kh sin2 (α/2))
2kh sin2 (α/2)

cos
(4πn1h

λ
(1− sinα/2)

)
(1.19)

Using α = arcsin (INA/n1), k = 2πn1/λ, λ=450 nm, INA=1.15 and n1 =1.33 [101],
an amplitude of A≈ 6.5 was calculated. This amplitude was used to determine all further
heights h (Fig. 1.17A). To determine the error propagation, upper and lower limits were
calculated by adding or subtracting the SDs from the mean SBRs, respectively. For
these upper and lower limits of the SBR values, the heights were calculated and assigned
to error intervals. The calculated heights corresponded to the distance between the glass
surface and the microtubule center. To obtain the distances between glass surface and
microtubule surface as in Fig. 1.16, the microtubule radius was subtracted. The resulting
heights of the microtubule above the glass surfaces are shown in Fig. 1.17B. Accordingly,
the microtubules were located above the surface at a height h of 9.3+6.7

−9.3nm (mean±SD,
N =6) when attached to APTES, 15.3+4.3

−5.1 nm (mean±SD, N =6) when attached via
antibodies and 19.6+3.4

−3.6nm (mean±SD, N =6) when located at a bare glass surface.
The large errors of these values suggested the presence of bent microtubules located
at different heights above the surface. Especially for the APTES-bound microtubules,
which appeared to vary in heights in the IRM images and therefore were categorized
in groups (1)-(3), this vertical bending appeared very likely. Interestingly, the height
of the antibody-attached microtubules was with 15.3 nm as expected from theory for a
vertically oriented antibody (Fig. 1.16A, [90,132]). Considering the corresponding errors,
it appeared likely that the majority of the microtubule-bound antibodies was oriented
vertically while some were oriented horizontally. Additionally, the sterically variable
hinge region of the antibody (Fig. 1.16A) most likely contributed to height variations.
The attachment of the microtubule to antibodies at different heights potentially caused
a microtubule bending and the observed errors. Above average antibody heights and
microtubule bending may be responsible for microtubule heights above the average value.
The low SBR of the microtubules located at a bare glass surface did correspond to a
height of about 20 nm above the surface. This distance was unexpectedly high, as the
Debye length calculated for PEM buffer was λD =1nm [133]. However, the Debye length
is only valid for small surface potentials below 20mV [134]. The zeta potential of a
conventional glass surface is 60mV at neutral pH [135] and surface charges are expected
to be about 2000 e/µm2 [136]. For microtubule surfaces (covered by the negatively
charged E-hooks), charge densities between 280 and 32,000 e/µm have been reported
[137]. Therefore, the electrostatic interaction between the two highly negatively charged
surfaces may not be predictable with the Debye length and a longer range of the electro-
static repulsion between microtubule and glass surface may be expected. An additional
effect that most likely contributed to all of the measured data and error bars could have
been a limited precision in the focus positions. Overall, microtubules had a high and
homogeneous contrast when attached via antibodies. On the contrary, the contrast and
SBR was less homogeneous but partially increased for APTES-attached microtubules.
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Figure 1.17.: (A) Signal-to-background ratio vs height. The INA corrected (magenta)
heights were assumed to correspond to the distance between glass surface and micro-
tubule center. (B) Distances between glass and microtubule surfaces obtained from (A).
Microtubules were either attached via APTES (cyan), antibodies (red) or loosely located
at a bare glass (blue).

A correlation of the SBR with height suggested that the microtubule-surface distance
was partially reduced for microtubules attached via APTES compared to antibody-
attachment. Thus, electrostatic microtubule attachment via APTES surfaces might be
suitable for measurements requiring higher SBR ratios.

1.5. Conclusion & Outlook
To achieve a more reproducible surface hydrophobization procedure, cleaning and surface
hydroxylation methods were investigated and different silanes were compared. A combi-
nation of a vapour-phase hexamethyldisilazane treatment with a new plasma-based acti-
vation procedure using PP holders performed best. While O2, air, O2+TE, N2+TE and
air+TE plasma treatments did not activate the surfaces sufficiently, the introduction
of the glass infused polypropylene holder into O2 or air plasma improved the activation
significantly. After HMDS silanizations, O2+PP or air+PP activated surfaces had the
desired CAs approaching 90 deg. XPS control measurements showed that no unexpected
surface modification occurred due to the air+PP treatment. Since XPS measurements
could not be performed immediately after the activation procedure, it remains an open
question whether to us unknown short-lived effects occured and improved the activation
efficiency. In the future, it would be interesting to further investigate the mechanisms
of plasma activation in general to create a better understanding of the processes and
the activated surface. It would be interesting to understand what components of the
PP holder improved the results significantly. An analysis of the chemical composition of
the PP holder would be required to confirm if it is composed of glass and polypropylene
as specified. Kinesin-single-molecule analysis further confirmed that the functionality of
the kinesin remained intact when moving on the optimized surfaces. Furthermore, TIRF
analysis of kinesin stepping assays performed on surfaces with various CAs showed that
the SBR and the microtubule attachment depended on the CA. Interestingly, hydropho-
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bic surfaces with a CA above 90 deg were not required as stated in the literature [18].
CAs of about 87 deg were not only sufficient but possibly also optimal due to a high signal
combined with a high SBR. Importantly, the presented methods enable the preparation
of optimal and reliable surfaces while additionally reducing chemical consumption, waste
production and work effort to a minimum. Compared to the original protocol requiring
almost a full day of active work, surfaces can now be prepared more reliably, with higher
quality, and require only 30minutes of active work. The incubation with HMDS over the
weekend can most likely be replaced by a vacuum silanization procedure which would
require an additional active work time of several minutes up to 30min. However, with
adequate planning of experiments, this extra work effort is not necessary. Furthermore,
the IRM signal of microtubules attached via different methods to glass surfaces was
investigated and correlated to surface-microtubule distances. While the expected SBR
dependence on height was not observed for average values, a closer look at the black mi-
crotubule areas of APTES attached microtubules showed that these areas were partially
located closer at the surface compared to antibody-attached microtubules. Neverthe-
less, the data analysis suggested an average microtubule-surface distance of 10 nm for
the black microtubule areas on APTES surfaces, suggesting that microtubules were also
bent upwards at areas visually appearing “attached”. In contrast, antibody-attached
microtubules showed a more homogeneous average SBR that corresponded to a height
of 15 nm. This height was in agreement with the size of an antibody and suggested, that
antibodies attached mainly in a vertical orientation to the hydrophobic surfaces. Over-
all, the antibody-based microtubule assay was optimized and appeared—in its optimized
form—more suited for kinesin single-molecule assays in TIRF and IRM. Nevertheless, the
IRM contrast of a microtubule could be partially enhanced using APTES surfaces. Such
a high contrast might be beneficial especially for highly sensitive iSCAT measurements
in the future.
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2. A custom-written camera program for
real-time iSCAT imaging and
simultaneous IRM detection

2.1. Introduction
For optimized IRM, the contrast is sufficient to monitor microtubule dynamics label-free,
in real-time with an end tracking length precision of about 20 nm [102]. Tracking the
shrinkage and growth of microtubules can be used to indirectly study the behaviour of
kinesins [18, 138, 139]. However, to directly observe single kinesins in IRM, a labeling
with strong scattering nanoparticles is currently required [140]. Alternatively, IRM can
be combined with TIRFM to study fluorescently labeled kinesins [141]. All labeling
techniques have the common disadvantage, that the proteins cannot be studied in their
native state. A relatively new microscopy approach first reported in 2004 [142, 143]
that enables the label-free optical detection of single proteins as small as 19 kDa is
interferometric scattering (iSCAT) microscopy, also called mass photometry [144]. The
technique is essentially the same as IRM but uses a different light source and image
processing. In principle using iSCAT, the translocation of single kinesins (100 kDa [145])
can potentially be monitored label-free and in real-time in the near future. However,
so far only the tracking of nanoparticles coupled to single kinesins in iSCAT has been
reported [146]. iSCAT illumination is based on laser light. The field of view is typically a
few micron small or if larger, requires laser scanning [143]. The reflected and interfering
light is collected by a camera comparable to IRM. iSCAT images achieve their highly
improved iSCAT contrast by the higher photon flux and further data postprocessing
[147]. While the individual postprocessing procedures differ, the main principle of iSCAT
processing is to remove any static background. In this manner, only dynamic signals
are visualized [144, 147, 148], for example moving samples or binding and desorption
events. As the images are postprocessed after the measurement, experiments are often
performed “blindly”. The contrast of small absorbing proteins may not stand out from
the roughness of the glass surface or other sample features while the raw data is collected.
To enable the direct observation with iSCAT contrast in real-time, I included the iSCAT
post-processing in a custom-written and high-speed-optimized imaging program enabling
the simultaneous usage of IRM and iSCAT.
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2.2. Materials & Methods
2.2.1. Optical setup
The optical design of the microscope was realized within three separate master’s the-
ses [149–151]. The overall design of the microscope was developed by Steve Simmert,
Anita Jannasch and Erik Schäffer. All optical components were purchased from Qioptiq
(Göttingen, DE) unless noted otherwise. Instead of the laser illumination convention-
ally used for iSCAT, a superluminescent light emitting diode (sLED, EXS210014-01,
EXALOS AG, Schlieren, CH) with a wavelength of λ=450± 15 nm was implemented
(Fig. 2.1). The sLED light was collected with lens L1 and focused through an aperture
iris AI. Lens L3 parallelized the beam and enabled the placement of a half-wave plate
(λ2 , WPH05M-445, Thorlabs, US) and a field iris FI. The beam was redirected by two
mirrors M1 and M2 and the lens L4 focused the beam in the back focal plane (BFP) of
the objective (CFI S Fluor 100x oil, Nikon, JP), while passing a polarizing beamsplitter
(PBS, CCM1-PBS251/M, Thorlabs, US), a quarter-wave plate (λ4 , WPQ10M-445, Thor-
labs, US) and mirror M3. In this manner, Köhler illumination was achieved. The wave
plates were oriented such, that transmission and reflection by the PBS were maximized.
The light reflected by the sample was redirected by mirror M3 through the quarter-wave
plate and the PBS to mirror M4. M4 directed the transmitted light through lenses L5-
L7. These lenses magnified the image onto the CMOS camera (MV1-D1024E-160-CL,
Photonfocus AG, Lachen, CH). The optical setup was mounted on an optical table

L1 = 30 L2 = 100 L3 = 50

sLED

L4 = 160

beam
block

sample

CMOS 
camera

M1

M2
M3
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objective

L5 = 120L6 = 50L7 = 100

AI FI

Illumination path

Detection path PBS

4
λ

2
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Figure 2.1.: Optical setup of the iSCAT capable IRM microscope. An sLED is used for
Köhler illumination of the sample. The reflected light is focused on a CMOS camera for
detection. Lenses Li are stated with focal distances in mm. Distances are not drawn to
scale.
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(Opto-mechanics table 1HB, Standa Ltd., Vilnius, LT) isolated from vibrations by a
custom-built damping system similar to the one described in [152].

2.2.2. System control
The high-speed CMOS camera was connected via a camera link base to a NI PXIe 1435
frame grabber. The frame grabber was compatible with a NI PXI 1073 box that was
connected via PCIe to the PC. The software PFRemote, provided by the manufacturer,
was used to connect to the NI frame grabber and control the camera interface. With
the NI driver IMAQdx, data acquisition was performed in the custom-written camera
program (camera.vi) in Labview 2017. For an improved background image creation, the
stage translocation upon image collection was automated. The camera.vi was able to
interact with another custom-written program that generated random steps and commu-
nicated the step information via VISA drivers over a COM port to the Mechonics stage
control. To control the power of the USB connected light source, DAQmx drivers were
used to change the power within a Labview program (LED.vi). All further steps were
performed within a master’s thesis by Tom Stumpp [149] and are therefore written with
gray text in Fig. 2.2. The sLED was connected to an EXALOS driver board (EBD 7000,
EXALOS AG, Schlieren, Switzerland). The EXALOS driver obtained power from a DC
power supply (E3648A, Agilent, Santa Clara, US) and was connected to a Labview-
controllable USB module (Multi-channel data acquisition module USB-621, National
Instruments, US). For an improved heat dissipation, the sLED was mounted on a heat
sink (SK46, Fischer Elektronik, Lüdenscheidt, DE) and for additional active cooling, a
thermo-electric cooler (TEC, TECD2S, Thorlabs, US) was added. The PID temper-
ature feedback control of the TEC element was mediated by a micro controller board
(Arduino Uno Rev 3, Arduino, US) and a corresponding Arduino 1.8.13 software written
by Ganesh Sanal.

Labview 2017
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TEC

stage

camera
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steps
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Remote

PC connection

Arduino 1.8.13
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Figure 2.2.: Schematic overview of the hardware-software control.
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2.2.3. IRM processing
To account for inhomogenous illumination, a median background image MedBack was
generated. To prevent static sample features from being considered as background, the
sample was moved automatically with the stage while raw image frames fraw,1 - fraw,L
were collected (Fig. 2.3).

time

...

stage movement

MedBack

fraw,1
fraw,L IIRM,MIIRM,i = fraw,i - MedBack

Figure 2.3.: For IRM processing,
raw image frames fraw,1− fraw,L
(black) were collected while the
stage was moved. From these
frames, a median background
image MedBack (magenta) was
generated. Afterwards, IRM im-
ages IIRM,i (blue) were obtained
by subtracting the background
from the raw image frames.

The background image was created once in advance to imaging. During imaging,
MedBack was subtracted from every raw image frame fraw,i to generate the processed
IRM image IIRM,i:

IIRM,i = fraw,i −MedBack (2.1)

2.2.4. iSCAT processing
While the IRM image processing was based on an experimentally motivated, simple
background subtraction, iSCAT processing was motivated by Eq. 2.2 [148]

Idet = |Einc|2(r2 + |s|2 + 2r|s| cosφ), (2.2)

with the incident electric field Einc, the reflectivity of the sample or interface r2, the
scattering amplitude of the object s and the phase difference between scattered and
reflected light φ. Since |s|2 is negligible for weak scatterers, Eq. 2.3 can be rewritten to

Idet
Ibkg

= 1 + 2|s| cosφ
r

, (2.3)

with |Einc|2 · r2 as the background intensity Ibkg. Eq. 2.3 defines the iSCAT contrast
according to Ref. [148]. Such a ratiometric calculation of the iSCAT contrast can be
realized in a static or dynamic fashion. Since iSCAT imaging resolves the roughness
of the samples’s glass surface, even small changes in the sample position require to be
corrected. Therefore, the removal of static sample features with a background image
created in advance is not sufficient. A dynamic approach using a constantly updated
background image is favourable [142,144,148].
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The dynamic iSCAT contrast was realized as described in Ref. [148]. There, the median
image MedBack used for the static background correction of the IRM image was also
used for iSCAT imaging. The raw image frames fraw,i were divided by MedBack to
generate the frames entering the iSCAT processing fiSCAT,i:

fiSCAT,i = fraw,i
MedBack

(2.4)

The resulting frames fiSCAT,i were then used to generate two running averages Avk and
Avk+1. To account for fluctuations in the illumination intensity, each of the running
averages was normalized to its average pixel intensity IAvPx:

Avk = 1
IAvPx,k(Z + 1)

i+Z∑
i

fiSCAT,i (2.5)

Avk+1 = 1
IAvPx,k+1(Z + 1)

i+1+2Z∑
i+1+Z

fiSCAT,i (2.6)

These running averages move with the index i through the image stack fiSCAT,1 −
fiSCAT,M collected over time (Fig. 2.4A) and are combined through division for the
generation of a ratiometric iSCAT image IiSCAT,k:

IiSCAT,k+1 = Avk+1
Avk

(2.7)

Upon generation of the ratiometric image, the median background image accounted for
in Eq. 2.4 cancels out. Eq. 2.4 thus did not affect the image quality and could be omitted.
The computational performance was not measurably affected by inclusion or exclusion
of this step of calculation. The amount of images (Z + 1) used for one separate running
average Avk or Avk+1 will be further referred to as “running average size”.

...

Avk Avk+1

...

A

fi+Z fi+1+Z fi+1+2ZfiSCAT,1 fiSCAT,M

fi = fiSCAT,i

running average

IiSCAT,1 IiSCAT,N

time

B

fi

IiSCAT,k+1 = Avk+1 / Avk

Figure 2.4.: For iSCAT process-
ing, two running averages nor-
malized to their respective mean
pixel intensities are generated
(Avk in magenta and Avk+1
in cyan) and divided by each
other. These running averages
move through background cor-
rected frames fiSCAT,i (black)
over time to generate the iSCAT
images (IiSCAT,k, blue)
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Implementation in Labview The realization of the IRM and iSCAT processing was
realized in Labview 2017. The data acquisition was done using the IMAQdx drivers of the
additional NI Vision Acquisition software package. Furthermore, basic image processing
such as median or average creation or background subtraction was done using the NI
Vision Utilities and Image Processing tools palette. For iSCAT processing, images were
converted into arrays that prevented the loss of information stored in decimal places. To
convert the decimal places to pixel values or an iSCAT contrast, a user specified factor
called “iSCAT contrast” was multiplied with the resulting integer iSCAT image array.
After multiplying the iSCAT image array with the as iSCAT contrast specified factor,
the array was converted into unsigned 16-bit integer (U16) and reconverted into the NI
Vision and Motion image format for displaying and saving the data.

2.2.5. Performance tests
To investige the performance of the camera program, four different image dimensions
specified by the region of interest (ROI) sizes were chosen. The reduction of the ROI en-
abled faster camera frame rates. Using a ROI of 400× 400 pixels, a maximal frame rate
(FRmax) of 948 fps could be achieved, that was close to a typical iSCAT image acquisi-
tion rate of 1000 fps [144]. However, a ROI of 300× 300 pixels was sufficient to image the
whole field of view that was illuminated by the sLED and enabled a FRmax of 1648 fps.
Due to illumination inhomogenities, typically ROI sizes of 200× 200 or 100× 100 pixels
were used for imaging that enabled even faster imaging frame rates. These two smaller
ROIs were operated at 2115 fps. ROI and frame rate were set to the respective dimen-
sion using the PFRemote software. The central processing unit (CPU) usage of Labview
was estimated using the Windows computer system’s task manager. The random ac-
cess memory (RAM) usage could be monitored precisely using the Labview profile tool.
While monitoring these performance parameters, different features of the program were
activated consecutively. First, the acquisition loop was activated. Second, the raw image
was displayed via the IRM image. Third, the IRM image was corrected by subtracting
the background from the raw image and displayed via the IRM display. Fourth, the data
was decimated by averaging three images. Fifth, the iSCAT mode was activated with a
running average size of 6, which included data decimation and the iSCAT image display.
The data decimation was adjusted to the minimal amount of decimation, at which the
program still ran stably. A stably performing program could be identified monitoring
the data acquisition and processing queues displayed at the user interface: queues that
were constantly close to zero indicated a stably running program, while queues that
grew indicated performance issues. Then, the running average size was increased to 24,
50, 100 and 200. The effective iSCAT imaging rates were calculated by dividing the
acquisition frame rate of the camera by the amount of data decimation.
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2.2.6. Sample preparation
For imaging loose microtubules, GMPCPP-stabilized microtubules (Sect. 1.3.5.2) were
flushed into microfluidic chambers of type B (Sect. 1.3.4) built of month-old APTES-
functionalized surfaces (see Sect. 1.3.3.4) that did not bind microtubles anymore.

2.2.7. Imaging using the IRM and iSCAT mode in parallel
The camera was used with PFRemote standard settings (free running, 0 strobe delay,
strobe pulse width 1ms, 12 bit resolution, 1x digital gain, 0 skimming, no simultane-
ous readout) except that no hardware pixel correction was performed. Imaging was
performed at 948 fps within a 200× 200 pixel region of interest (ROI). One pixel corre-
sponded to a distance of 84.8± 0.1 nm (mean±SEM, N =54) within the sample [149].
3 images were averaged for decimation. A median background image was created us-
ing the automated background subtraction feature (80 random 1µm steps with 10ms
waiting time in between the steps) to translocate the stage randomly while collecting
1000 images. For the iSCAT mode, a running average number of 24 was chosen and
an iSCAT contrast of 2550. The sLED was operated at 12.5mW power at 20℃. For
the pseudocolor overlay, image grey values were inverted. IRM images were displayed in
green and iSCAT images in magenta.

2.2.8. RAD52 detection
The binding of protein multimers was investigated using the DNA repair protein RAD52
[153,154]. Truncated RAD52 in TRIS buffer (25mM tris(hydroxymethyl)aminomethan,
50mM NaCl, pH 7.5) was prepared by Maria Kharlamova. Sandro Münch performed
the experiments. 1µM truncated RAD52 was flushed into a flow cell (type B, Sect. 1.3.4
of air plasma cleaned glass). The sLED was operated at 0.5mW at 20℃. The camera
was operated at 100 fps and standard settings. The iSCAT contrast was set to 55 000.

2.3. Results & Discussion: Camera program with IRM and
iSCAT mode

To achieve an efficient and high speed optimized camera program, I wrote the new camera
program combining IRM and iSCAT mode from scratch. Using the NI PXIe 1435 frame
grabber, the Labview IMAQ-dx drivers could be used to obtain the data from the camera
in Labview. To keep the overall loop speed high and identify performance issues quickly,
all independent processes were performed in separate loops working in parallel. To
prevent data loss, data transfer between the loops was performed by enqueuing elements
in the data-producing loops and dequeuing elements in the data-consuming loops. A
growing queue size indicated that the performance of a consumer loop was not sufficient
to keep up with the producer loop. Thus, the queues should be monitored in the user
interface when settings are modified (Fig. 2.5).
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Figure 2.5.: Camera program user interface

2.3.1. User Interface
The user interface is structured in four different blocks: first the “Data Acquisition” block
enables the user to stop the program, monitor the data acquisition queue, (de)activate
the IRM and/or iSCAT data generation loops and adjust the image size. The “Prepro-
cessing” block enables the optional decimation of the raw data by generating average
or median images from a specified number or by binning a specified amount of pixels.
This preprocessing affects the data that will be displayed and saved. The next block
comprises multiple tab windows. The “Background Image” tab enables the automated
background subtraction with a specified number of random steps, the time to wait at
each position before a new step is performed and the size of the steps determining the
speed of the movement. When the “Background creation?” button is activated, the
stage performs the specified movement. Then, the program collects a specified number
of images to create either a median or an average image depending on the user settings.
The last created background image of each method is displayed at the user interface and
can be selected or deactivated. The “Display” tab contains options to adjust the display
windows of both IRM and iSCAT. To keep the overall performance of the program while
generating data at high speed, the displayed data can be decimated and binned sepa-
rately without influencing the saved data. Furthermore, the position and zoom of the
windows can be modified and the brightness and contrast can be adjusted separately.
In the “iSCAT” tab, the type of background image used for iSCAT can be chosen and
the size of the running average can be set. Furthermore, the iSCAT contrast can be
modified. The tab “Filepaths” contains the file paths for data saving. A histogram
of the unprocessed raw data can be activated and monitored in the “Histogram” tab
and the minimal, maximal and mean pixel values of the unprocessed IRM image and
the iSCAT image are displayed upon activation. In the “Basic” tab, required settings
to initialize the camera are displayed. The “Saving” box enables the activation of two
different saving methods: if the “Free Running?” button is activated, saving can be
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performed as long as the user switches back from “Saving” to “None”. If the “Free Run-
ning?” button is deactivated, only a specified amount of images is saved upon switching
the saving button from “None” to “Saving”. This feature is, for example, useful for high
speed imaging where only one image is desired to be saved but many images would be
recorded within the response time of the user. To enable the parallel saving of IRM and
iSCAT images, one or both imaging modes can be activated below before the saving is
started. Additionally, the background image can be saved.

2.3.2. Program structure
The program structure underlying the user interface is schematically shown in Fig. 2.6.
In the acquisition loop (Fig. 2.6, 1), the raw data is transferred to a histogram (Fig. 2.6,
2) and a preprocessing and data distribution (Fig. 2.6, 3) queue. The histogram queue
generates histograms and displays them. The preprocessing and data distribution queue
comprises multiple features. First, incoming raw data can be binned or decimated by
creating average or median images. Second, the preprocessed data can be enqueued
to three different queues for either the creation of a background image (Fig. 2.6, 4),
IRM (Fig. 2.6, 5), or iSCAT processing (Fig. 2.6, 6). While the IRM processing only
comprises the optional subtraction of a background image (median or average), the
iSCAT processing comprises multiple steps as described in Sect. 2.2.4. As the IRM
and iSCAT modes can require different saving and display options, two separate display
(Fig. 2.6, 7 and 10) and saving loops (Fig. 2.6, 8 and 9) are used.

Acquisition 1

Preprocessing & data distribution 3

IRM 
processing 5

Background 
image creation 4

iSCAT
processing 6

Display 7 Saving 8 Display 10Saving 9

Stage Control

Histogram 2IMAQ dx drivers

Figure 2.6.: Schematic overview
of the internal structure of the
camera program. Loops running
in parallel are shown as frames.
The data flow is shown as ar-
rows. The data transfer be-
tween two loops is implemented
by queues.

2.3.3. Performance
To test whether the performance of the program was sufficient for typical iSCAT ex-
periments, the parameters CPU and RAM were monitored for different ROIs and frame
rates (Fig. 2.7). The RAM usage (Fig. 2.7A) remained relatively constant during the
usage of the IRM mode but increased upon increasing the iSCAT running average size.
This increase was due to the presence of large image stacks in the memory that were re-
quired for data processing. Using a ROI of 400x400 pixels and a frame rate of 948 (cyan),
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the RAM usage increased up to 2.1GB for a running average size of 200. Here, 2× 200
images of 400× 400 pixels were required to be in the memory for data processing. For
the lower ROI sizes of 300× 300, 200× 200 and 100× 100 pixels (black, blue, magenta),
this RAM usage was reduced to about 1.2, 0.5 and 0.1GB, respectively. In contrast,
the CPU (Intel® Core™ i5-4590 CPU at 3.30 GHz) used by Labview already increased
noticeably already using the IRM mode only (Fig. 2.7B). Depending on the frame rate
and ROI size, Labview required already half of the available CPU (42–53%) to acquire
the data through the frame grabber. Additionally displaying the acquired IRM images
at a rate of 25 fps caused an overall CPU usage of 47–64%. Constantly subtracting a
background image increased the CPU usage to 57–86%. Additionally decimating the
data by 3, 5 or 10 increased the CPU usage to 82–88%. Further activating the iSCAT
mode (data processing and display) increased the CPU usage to 88–96% which remained
constant independent of the running average sizes. The data decimation required for
stable iSCAT imaging (Fig. 2.7C) at the respective frame rate and ROI size resulted in
an effective iSCAT imaging rate (Fig. 2.7D). For comparison, an effective iSCAT imag-
ing rate of 100 fps (1000 fps data acquisition and data decimation by a factor of 10) was
reported [144] and is drawn as a black dashed line in Fig. 2.7D. Overall, effective iSCAT
rates above 100 fps could be achieved for all ROI sizes.
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Figure 2.7.: RAM (A) and CPU (B) usage of the program with different features (0–
4) activated consecutively. The activation of the iSCAT feature with different running
average size (5–9) required data decimation (C) that reduced the effective iSCAT image
processing rate (D). A literature reported effective iSCAT processing rate of 100 fps
[144] is marked with a black dashed line. The parameters depended on the acquisition
frame rate and the ROI and were exemplarily measured for 400× 400 pixels at FRmax
of 948 fps (cyan), 300× 300 pixels at FRmax of 1648 fps (black), 200× 200 (blue) and
100× 100 pixels (magenta) at 2115 fps.
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2.3.4. Simultaneous IRM and iSCAT imaging
The difference between IRM and iSCAT imaging is demonstrated at the example of
microtubules that were loosely attached to a glass surface (Fig. 2.8). While the IRM
image displayed all sample features, the iSCAT images only visualized dynamic features.
In Fig. 2.8, microtubules are barely moving at time t1 and the stage is kept constant.
Thus, the removal of the static sample features generated an almost blank iSCAT image.
At time t2, the stage was moved manually. This stage movement caused all sample fea-
tures to appear as dynamic features in the iSCAT image with a high contrast (Fig. 2.8B).
A microtubule that appeared black in an IRM image appeared black in iSCAT as well.
The position where the microtubule was located before the movement appeared white
in the iSCAT image. Therefore, the translation direction of the stage (black arrow)
could be identified by the resulting characteristic black-and-white pattern in iSCAT. At
time t3, the stage was kept constant and the microtubules moved strongly compared to
time t1. The corresponding iSCAT image is presented with optimized contrast settings
(Fig. 2.8C). In this image, the static background is removed and the moving microtubule
parts stand out. Again, the black-and-white pattern provided information about the

IRM iSCAT Pseudocolor overlay

2 μm

iSCAT iSCAT with moving sample

3 μm

A

C

translation
direction

microtubule
rotation

X height
variation

IRM IRM

t2t1

t3

iSCAT
IRM

B

Figure 2.8.: IRM (left) and iSCAT (right) image simultaneously recorded at time t1
(A) and t2 (B). At t1 microtubules barely move and the stage is kept constant. At
t2, the stage is moved manually and all sample features appear in iSCAT. At time t3
(C), the stage is kept constant but the microtubules move strongly and are presented at
optimized contrast settings. Black arrows indicate lateral movement and a circle with
cross indicates vertical movement. A pseudocolor overlay of the IRM and iSCAT image
visualizes the static (green, IRM) together with the dynamic sample parts (magenta,
iSCAT, overlay resulting in white color).
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movement direction. The black arrows in Fig. 2.8C indicate the direction of the rota-
tional movement of the microtubule. A microtubule part moving at different heights
is indicated by a black circle with a cross. Combining the IRM and iSCAT informa-
tion in a pseudocolor overlay (Fig. 2.8C, right) allowed the identification of static and
moving sample features without the necessity of recording a time series. In this overlay
image, the IRM image is shown in green while the iSCAT image is shown in magenta.
Overlapping signals are displayed in white and indicate moving sample features. Over-
all, simultaneous IRM and real-time iSCAT imaging allowed to record the information
of the static features, moving features and movement direction at a single time point
without the necessity of recording image sequences, and removed the static background.

2.3.5. Detection of RAD52 multimers using the iSCAT mode
Typically, iSCAT is used to detect the binding of single molecules or multimers. To
demonstrate such a measurement, a protein forming multimeric rings called RAD52
[153, 154] has been investigated. RAD52 monomers were most likely not yet visible.
Nevertheless, the binding of single RAD52 11mers with a molecular weight of about
270 kDa [154] could be observed (Fig. 2.9). The magenta arrow in Fig. 2.9 highlights
the binding of a large, pronounced RAD52 multimer. The contrast of this multimer
increases over time until a maximum is reached and then gradually decreases over time
again. In iSCAT imaging, the signal of a single binding event becomes first more pro-
nounced when the protein is present in more and more image frames contributing to the
running average Avk+1. After reaching the maximum, the signal contrast reduces grad-
ually when the protein is additionally present in more and more images of the second
running average Avk used for ratiometric image correction. Therefore, the amount of
images in which the signal was present was 2× the running average size.

At the beginning of the time series (t = 0 s), only interference signals of the binding
proteins are visible. However, at the end of the time series (t = 1.6 s) an irregular
background structure is visible. This structure may indicate, that drift or other sample
fluctuations are present. Alternatively, the already bound proteins are not attached
stably to the surface and contribute with small fluctuations at the surface to an increasing
background. Using the iSCAT mode in real-time during the experiment enables the user
to identify and improve such issues before the actual data acquisition. Overall, the real-
time iSCAT mode proved to be suitable for typical protein binding experiments and the
optimization of the experimental conditions. A calibrated setup can further be used to
determine the molecular mass of the binding protein multimers based on the contrast.
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Figure 2.9.: Time series of iSCAT images showing the binding of RAD52 multimers to
the surface. One exemplary multimer is highlighted with a magenta arrow.

2.4. Conclusion & Outlook
In summary, I wrote a functional imaging program combining IRM and iSCAT data
processing. Both modes could be used separately and in parallel. The internal structure
of the program was optimized for imaging at high speeds by separating image process-
ing in parallel operating loops. Furthermore, the stage movement upon background
subtraction was automated and could be adjusted for different imaging speeds. This
feature will be relevant when imaging is performed at high speeds. Here, an automated
quick movement of the stage is required to move the sample continuously during the
collection of images for the background generation. In this manner, image artifacts
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are prevented. Microscope images demonstrated the effective reduction of background
artifacts during iSCAT imaging. Furthermore, iSCAT imaging successfully visualized
only the moving parts of the sample. The movement direction could be identified based
on a characteristic black-and-white pattern. The binding of RAD52 protein multimers
was successfully detected. Performance tests showed that the program was operating
efficiently at low memory usage unless iSCAT imaging was performed at high running
average numbers. At speeds of about 1000 or 2000 fps, the CPU of the current system
approached the limit for iSCAT processing requiring a decimation. This data decima-
tion reduced the effective iSCAT imaging rate. Nevertheless, iSCAT real-time imaging
at literature reported effective iSCAT imaging rates of 100 fps [144] or faster was pos-
sible. At this frame rate and with the implemented ratiometric imaging, the detection
of small streptavidin molecules of about 19 kDa has been reported [144]. Therefore, the
performance of the imaging program is most likely sufficient to detect the about 100 kDa
large [145] single kinesin molecules. For a faster performance and additional features,
the computer hardware would have to be improved. An interesting additional feature
would be to detect and analyze the protein mass in real-time. However, for the analysis
of protein masses, a calibrated setup is necessary. An experimentally limiting factor
is the available photon flux for detection. Higher frame rates require a higher photon
flux. While conventional iSCAT is performed using laser illumination, the present setup
employs an sLED with different illumination characteristics such as light density and
coherence length. It remains an open question, whether the sLED illumination performs
comparable to or better than laser illumination. When the expected sensitivities can be
achieved or exceeded with the new iSCAT setup, the detection of single kinesin molecules
translocating along microtubules adds additional challenges. The microtubule “tracks”
possess a high molecular mass compared to a single kinesin. A stably bound microtubule
is expected to be invisible in the iSCAT mode where only the moving kinesins would
appear. Therefore, microtubules require to be well attached as any microtubule move-
ment would cause iSCAT image artifacts. Such a stable microtubule attachment may
be achieved using the HMDS or APTES-silanized surfaces discussed in Chapter 1.
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3. Polycationic gold nanorods as
multipurpose in vitro microtubule
markers

3.1. Introduction
The localized surface plasmon resonance (LSPR) of gold nanoparticles leads to fas-
cinating phenomena such as electric field enhancements, plasmonic luminescence and
refractive index dependend absorption and scattering. These phenomena allow the us-
age of gold nanoparticles as plasmonic nano antennas, non-blinking and nonbleaching
luminescent probes, refractive index sensitive sensors and many more [155–161]. These
plasmonic resonances depend on the shape of the particle. Different geometrical axes will
translate into different plasmon modes that can be selectively excited using polarized
light [162–164]. One example are gold nanorods (AuNRs). Their simple geometry yields
two plasmon modes. Due to their increased aspect ratio, strong field enhancements
exist at the AuNR tip [162–164]. This tip enhancement of the AuNRs can boost the
emission of fluorophores or strongly enhance sensor signals and fields [158, 159]. There-
fore, AuNRs can be used as nanoantennas in combination with other sensory devices
and further extend their limits. For instance, combining resonators such as whispering-
gallery modes with AuNR nanoantennas allows a nanosecond time resolution sensitive
enough to detect single ions [159–161]. The binding and decomposition of single ions
and molecules such as adenosine triphosphate (ATP) is highly relevant in biological pro-
cesses such as conformational changes of molecular motors [78, 165, 166]. These motors
are necessary for various cellular processes such as cell division and cellular transport [1].
Nevertheless, important molecular details on how the conformational changes relate with
ATP binding and hydrolysis are still speculative, as tools for a simultaneous detection of
both processes are missing. The ATP-driven conformational changes of kinesins enable
an 8 nm step per hydrolysis cycle, divided into two 4 nm substeps, along microtubule
“tracks” while rotating in a hand-over-hand mechanism [167,168]. The translocation of
kinesins can be monitored by imaging gliding or stepping assays. In these assays, either
surface-attached kinesins transport microtubules (gliding assay) or surface-attached mi-
crotubules serve as “tracks” for kinesin movement (stepping assay), respectively. Imaging
techniques are typically differential interference contrast (DIC), total internal reflection
fluorescence (TIRF) and interference reflection microscopy (IRM). These techniques are
often used in combination with optical tweezers to gain detailed information about the
performance of single kinesins [101,113,169–175]. Furthermore, these techniques can be
combined with plasmonics. By tracking kinesins via the resonance-enhanced scattering
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of gold nanoparticles, it was possible to resolve conformational changes and intermedi-
ate steps within an ATP hydrolysis cycle [173, 174]. Microtubule-bound AuNRs were
used to determine the translational or rotational motion of microtubules during gliding
assays via DIC microscopy [169–171]. However, established techniques can only resolve
the trajectories of motion. Yet, AuNR nanoantenna based techniques have the required
spatiotemporal resolution that might allow the correlation of chemical and conforma-
tional changes in the future. To achieve this challenging goal, the first step was to bind
AuNRs to microtubules such that the plasmonic near-field of the AuNR could poten-
tially sense kinesins that walk past them. So far, irregularly shaped gold nanoparticles
were directly synthesized onto microtubule templates or presynthesized gold nanopar-
ticles were functionalized with NeutrAvidin or anti-biotin antibodies and attached to
biotinylated microtubules [169–171, 176–178]. NeutrAvidin and antibodies have diame-
ters of about 5 nm [179] and 10 nm [180], respectively. The resulting protein coatings
block the most sensitive region of the plasmonic sensor. However, the most sensitive
plasmonic near-field within the first few nanometers close to the surface is required to
keep the spatiotemporal resolution high [158, 181–183]. Another disadvantage of anti-
body coatings is, that an additional surface passivation to prevent aggregation of the
particles is required [5]. The aggregation of synthesized AuNRs is typically prevented
by adsorbed bilayers of charge-stabilizing cetyltrimethylammonium bromide (CTAB).
These bilayers have a thickness of several nanometers and block the plasmonic near field
as well [160,182,184]. Other disadvantages of CTAB-coated AuNRs are cytotoxicity and
a specific concentration of CTAB required to stabilize the colloid. If the CTAB concen-
tration is too high or too low, particles aggregate [185–187]. To reduce the cytotoxicity
and to be independent of CTAB concentrations, AuNRs were charge-stabilized using
(11-mercaptoundecyl)-N,N,N-trimethylammonium bromide (MUTAB) [188, 189]. The
thin, covalently bound cationic MUTAB monolayer was able to electrostatically interact
with the negatively charged microtubule surface. The CTAB and MUTAB AuNRs were
compared in terms of their coating thickness and sensing functionality. Transmission
electron microscopy (TEM) was used to confirm AuNR binding to microtubules and
investigate their orientation relative to the microtubule axis. To rule out that binding
to microtubules was an artifact of TEM sample preparation, various in vitro assays were
performed using IRM and TIRF. To detect the AuNRs in TIRF, AuNRs were either
fluorescently labeled or the plasmonic luminescence of the AuNR was excited. To have
an optimized coupling of AuNR and whispering-gallery mode in potential future mea-
surements, different methods to bind AuNRs and microtubules in close surface proximity
were investigated.

3.2. Theoretical background
3.2.1. Localized surface plasmon resonance
Plasmons are the quantized oscillation of free electron gas density relative to fixed
cationic metal cores [190]. Plasmonic oscillations are typically induced in metals by
electromagetic (EM) radiation. While propagating surface plasmon resonances require
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the excitation with an evanescent field parallel to the metal surface, the localized surface
plasmon resonance can be induced by excitation from various angles. A surface plasmon
resonance is localized, when the dimension of the metal is smaller than the wavelength
of the EM radiation, e.g. a nanoparticle. Here, the electromagnetic field in the nanopar-
ticle can be considered as static and causes a dislocation of the free electron gas relative
to the cationic atomic cores (Fig. 3.1) [191]. The generated surface charges lead to a
restoring force which excites an oscillation of the free electron gas with an eigenfre-
quency. The restoring force and thus the eigenfrequency depend on the polarizability of
the surrounding medium and on the distance between the surface charges (size and as-
pect ratio of the particle). When the exciting EM radiation matches the eigenfrequency
of the electron oscillation, a localized surface plasmon resonance (LSPR) is generated
and leads to high field enhancements [190]. Besides the generation of strong plasmonic
fields, the electron oscillations can emit EM radiation with the same wavelength as their
oscillation frequency. This radiative decay is termed plasmonic scattering. During a
nonradiative decay that is called absorption, energy is lost due to dampening of the
oscillations in the material. When the light transmittance of plasmonic nanoparticles
is measured, both processes—scattering and absorption—contribute to the measured
transmittance or extinction [192–196]. Irrespective of the exact contribution of the two
decay processes, the extinction spectra shows at which frequency the LSPR is excited.
Using Mie theory [191,197], the extinction spectrum of a metal sphere can be calculated
according to

E(λ) = 24π2Npr
3ε

3/2
out

λ ln(10)

[
εi(λ)

(εr(λ) + χεout)2 + εi(λ)2

]
(3.1)

with the size r of the particle, the amount of polarizable elements Np within the particle,
the wavelength λ of the exciting EM radiation, the external dielectric constant εout and
the real and imaginary components of the dielectric function of the metal εr and εi,
respectively. The shape factor χ is 2 in the case of a sphere. It can only be solved ana-
lytically for spheroids and requires extensive numerical calculations for other geometries.
Nevertheless, Eq. 3.1 shows how the extinction spectra of the LSPR scale with the par-
ticle size, shape and refractive index of the particle and surrounding medium [191]. For
a particle of a given size and shape, changes in the extinction spectra can be correlated

e-
e-

metal sphere

electron cloud

electric field
Figure 3.1.: Gold nanopar-
ticles (yellow) exposed
to electric radiation (ma-
genta): free electrons
(cyan) oscillate opposite
to an electromagnetic
field around the posi-
tive atomic cores of the
particle.
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with a change in the refractive index at the nanoparticle surface. Typically, the wave-
length with a maximal extinction is considered as the position of the LSPR peak (λmax)
and a shift in λmax (∆λmax) can be used to gain information about the environment of
a plasmonic particle according to

∆λmax = m∆n [1− exp(−2da/ld)] (3.2)

with the response of the nanoparticles to a change in the refractive index m (obtained
by calibration), the change in the refractive index ∆n (induced by the adsorbate), the
adsorbate layer thickness da and the characteristic decay length of the EM-field ld [191,
198].

Photoluminescence When excited with a laser, plasmonic nanoparticles can emit light.
Compared to bulk metal or surfaces, plasmonic nanoparticles show a photoluminescence
that is enhanced up to a factor of 106 [199]. The reason for this enhanced photolumi-
nescence efficiency is still discussed [200]. When the photoluminescence spectrum of a
plasmonic nanoparticle deviates from the plasmonic scattering and absorption spectrum,
it is determined by the band structure i.e. the orientation of the gold crystals. Here, the
LSPR is thought to enhance the radiative electron-hole recombination [157, 201–204].
However, the photoluminescence spectra of plasmonic nanoparticles are often observed
at the same energy as the plasmonic scattering and absorption spectra. Therefore, they
are assumed to be directly related to plasmons. One explanation is that the plasmons
directly decay radiatively [199, 205, 206]. Alternatively, the electron-hole pairs created
by absorption may produce plasmons upon recombination and decay radiatively [199].
A combination of all three explanations did describe certain experiments best [207].

Plasmonic coupling When particles are close enough to each other such that their
plasmonic near-fields can interact, plasmonic coupling occurs and the particles behave
as one coupled system. This system can be described by the plasmon hybridization
model. Here, the individual plasmonic states are described with dipole moments that
can be oriented differently to each other, and thus lead to different possible energy levels.
Considering a symmetric homodimer, the plasmons can be excited such that the dipole
moments are oscillating in-phase. The in-phase configuration leads to an enhancement
and a bright plasmon mode. Depending on the orientation of the light polarization
to the geometrical axis of the dimer, an in-phase bonding (for polarization along the
axis) or antibonding (polarization perpendicular to the axis) configuration is possible.
Compared to the individual plasmonic modes, the energy of the coupled state is higher
for an antibonding and lower for a bonding configuration. Comparably, antibonding
and bonding out-of-phase configurations can be excited. Out-of-phase configurations
cause an extinction of the dipole moments and are therefore spectrally dark plasmon
modes [208–210].

Plasmon-fluorophore interactions When fluorophores are located within the near field
of a plasmonic nanoparticle, the LSPR field enhancement can increase the light intensity
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incident on the fluorophore and thereby enhance the fluorescent emission [211]. Addi-
tionally, the plasmonic field can modify the radiative and nonradiative decay rates of the
fluorophore, leading to either fluorescent enhancement or quenching depending on the
distance between the fluorophore and the nanoparticle [155, 199, 211–213]. Overall, the
interaction between plasmon resonances and fluorophores is not yet understood and sub-
ject of current research [211]. Phenomenologically, it was reported that the plasmon res-
onance energy transfer can change the rate, intensity, direction, polarization and spectral
shape of the spontaneous fluorophore emission [214–216]. Therefore, a plasmonic particle
and a fluorophore are often considered combined as a plasmophore [215, 217, 218]. The
plasmophore resonance energy transfer between plasmon and fluorophore exciton is de-
termined by the plasmonic near-field, the overlap between absorption and emission spec-
tra and the distance between the plasmonic particle and the fluorophore [216,219–221].

Plasmonic properties of gold nanorods The different geometrical axes of a plasmonic
particle are associated with independent plasmon modes. In gold nanorods, the width
axis is associated with the transverse LSPR mode (T-LSPR) and the length axis with
the longitudinal LSPR mode (L-LSPR). Relative to the T-LSPR mode, the longitudinal
mode is red shifted. For a constant width, this red shift scales with the length of
the rod [191, 222]. Thereby, plasmonic particles can be generated that have L-LSPRs
at spectral regions where the plasmon damping is very small and where huge electric
field enhancements can be generated [156]. Additionally, the increased curvature at the
high-aspect-ratio-rod tip causes a concentration of the electric field lines and thereby
leads to an additional nonresonant amplification [223]. When polarized light is used for
excitation, the orientation of the mode axis relative to the light polarization determines
the excitation efficiency [224].

3.2.2. Whispering-gallery-mode sensors
The whispering-gallery mode (WGM) has first been observed as a traveling acoustic
wave guided around the closed concave surface of the whispering gallery of the St.
Paul’s Cathedral by Lord Rayleigh [225]. Especially light waves can travel inside a
closed concave surface efficiently via total internal reflection and resonate at geometry
dependent wavelengths. Due to radiative, scattering and material losses the guided
wave decays over time and requires a constant excitation at the resonance frequency
to generate strong and stable resonances. The damping of the resonance due to such
losses can be characterized by determining the full width half maximum (FWHM) of the
resonance peak. Dividing the energy by the energy loss or in other words the resonance
frequency ω by the FWHM yields the dimensionless quality (Q) factor:

Q = ω/FWHM. (3.3)

Q factors for WGM resonators are typically high and can be in the range of 106-108

[160,226]. Due to the total internal reflection of the traveling light wave at the resonator
surface, an evanescent field around the cavity is excited. This evanescent field can be
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used to excite the fluorescence of fluorophores or the LSPR of plasmonic nanoparticles
[160, 227, 228]. The penetration depth of the evanescent field depends among others on
the refractive index contrast at the surface. Larger refractive index contrasts at the
resonator surface help to minimize radiative losses via a stronger confinement of the
WGM to the resonator [228]. In contrast, a higher penetration depth of the evanescent
field due to a smaller refractive index contrast at the resonator surface increases the
resonator’s sensitivity towards refractive index changes of the surrounding medium. The
work required to polarize the surrounding medium is associated with a shift in the
resonance frequency and coupling losses. These coupling losses lead to a further mode
broadening. Both effects—mode shift and broadening—can be used as quantities for
WGM sensing [228]. Figure 3.2A shows schematically, how laser light with an initial
intensity I0 (magenta arrow) is coupled into a spherical resonator (grey sphere) and
excites a WGM (magenta wave). Analytes (cyan dots) can only be detected in the
equatorial area where the WGM resonates. The transmitted laser light IT shows a dip
at the resonance wavelength where most energy is transmitted to the resonator (black
line, Fig. 3.2B). Upon the binding of analytes, the mode shifts to the red (dashed cyan
line, ∆λ) and broadens (∆FWHM). Both quantities are measured over time (cyan line,
Fig. 3.2C). The mode shift and broadening increase step-wise (black circles, zoom-in) for
the binding of single analytes. The increase saturates, when the surface is fully covered
with analytes [229].
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Figure 3.2.: (A) A laser with intensity I0 (magenta arrow) excites a WGM (magenta
wave) propagating along the equatorial area of a spherical resonator (gray sphere). Ana-
lytes (cyan dots) that bind within the equatorial area can be detected. (B) The resonance
dip in the spectrum of the transmitted laser light IT (black line) shifts (∆λ) and broad-
ens (∆FWHM) upon the binding of analytes (dashed cyan line). (C) ∆λ and ∆FWHM
(cyan line) increase step-wise upon the binding of single analytes (circular insets). The
gray dashed lines refer to the schematics to the right symbolizing a surface (grey rectan-
cle) that is either uncovered, partially covered or fully covered with analytes (cyan dots).
Figure partially adapted from [229].

3.3. Materials & Methods
For all experiments, Type 1 water (18.2MΩ cm, Nanopure System MilliQ reference with
Q-POD and Biopak filter) was used. All chemicals were purchased from Sigma Aldrich
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and used without further purification, unless noted otherwise. All methods and reactions
were performed at room temperature (20–28℃) unless noted otherwise.

3.3.1. Polycationic gold nanorods
Experiments were performed with different types of AuNRs that were either purchased
or synthesized.

Purchased AuNRs For photoluminescence measurements, AuNRs (0.38 nM, A12-25-
550-CTAB-DIH-1-25) were purchased from Nanopartz Inc. (Loveland, US). These CTAB
stabilized AuNRs with an aspect ratio of 1.6 (25 nm width and 40 nm length) had a
nominal plasmon resonance of 550 nm (two combined peaks at 525 nm and 570 nm). For
whispering-gallery-mode measurements, we used higher aspect ratio AuNRs (0.39 nM,
A12-10-780-CTAB-DIH-1-25, Nanopartz Inc., Loveland, US). These AuNRs had an as-
pect ratio of 3.8, a length of 38 nm, a width of 10 nm and a L-LSPR at 780 nm compatible
with the whispering-gallery-mode setup described in Sect. 3.3.4.

3.3.1.1. Synthesis

AuNRs were synthesized according to a conventional seeding growth method [230].
Firstly, gold seeds were prepared and secondly, these seeds were grown into a rod shape
with the help of the structure directing silver nitrate. Gold seeds were synthesized in a
yellow colored solution containing 3.75mL 0.1M CTAB surfactant and 125 µL of 0.01M
HAuCl4 by quickly adding 300 µL 0.01M ice cold NaBH4 while stirring vigorously. Af-
ter the addition of the reducing agent NaBH4 the solution was stirred for 2min at the
same speed. Then, the seed solution was left undisturbed in the dark for 2 h. The
growth solution was prepared in 42.75mL of the 0.1M CTAB solution under a constant
gentle stirring. Firstly, 1.8mL of 0.01M HAuCl4 were added and the resulting yellow
solution is stirred for 1min. Secondly, 270µL of the structure directing aqueous 0.01M
AgNO3 solution were added quickly. Immediately afterwards, the addition of 288 µL of
an aqueous 0.1M ascorbic acid solution turned the solution colorless. This indicated the
reduction of the aurochloric acid (HAuCl4). After stirring the colorless growth solution
for 20 s, 189 µL of the seed solution were added to the growth solution and stirred for
60 s. A color change of the solution to purple after 30min indicated a successful growth
of the seeds. The solution was stored undisturbed and in the dark for further growth
over night (12 h). The final dark red AuNR solution was washed and concentrated by a
30min ultra-centrifugation at 30,000 g followed by a redispersion of the AuNRs in 4mL
of water. Assuming a theoretical yield of 100%, the AuNR concentration of the final
samples was calculated to be at most 12 nM.

3.3.1.2. Functionalization

CTAB was replaced by MUTAB by following a procedure similar to the one described
in [189]. To achieve a clean product ready for functionalization, two additional washing
steps composed of a 15min centrifugation at 11,000 g and a redispersion in water were
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performed. During the final washing, AuNRs were concentrated by redispersion in 1mL
water. 80mg MUTAB (weighed/stored under nitrogen) was dispersed in 3.7mL of pure
water under vigorous stirring. For an optional fluorescent labeling, 0.3mL of a 14.7mM
rhodamine-3.4 k-PEG-thiol solution (Biochempeg Scientific Inc., Watertown, US) were
mixed with the MUTAB solution. Subsequently, AuNRs were added and stirred in the
dark for 2 days. Finally, the MUTAB or MUTAB-rhodamine functionalized AuNRs were
washed 5× by a combination of 15min centrifugation at 11,000 g and redispersion of the
sample in pure water.

The purchased AuNRs were functionalized by dissolving 20mg MUTAB in 250 µL water
and mixing 250µL of the 0.38 nM CTAB AuNR colloid to the solution under constant
stirring in the dark for 2 days. The functionalized AuNRs were washed as described
above but concentrated to 0.7 nM during the last washing step.

3.3.1.3. Characterization

Extinction spectra were recorded with a Peqlab (Erlangen, DE) Nanodrop ND-1000
spectrofluorometer (UV/Vis function). Hydrodynamic radius and surface potentials
were determined using a Malvern (Worcestershire, United Kingdom) Zetasizer Nano ZS.
For dynamic-light-scattering (DLS) and zeta-potential measurements, the used parame-
ters for the dispersant (water) were a viscosity of 0.8872 cP, a Henry’s function of 1.5, a
dielectric constant of 78.5 and a refractive index of 1.33. All samples were equilibrated
to 25℃ for 30 s. Zeta-potential measurements were performed in a zeta cell (DTS1070,
Malvern Instruments) and measured at an applied voltage of ± 150V. Dynamic-light-
scattering measurements were performed in Sarstedt Disposable Cuvettes DTS0012 and
measured with the integrated 633-nm He-Ne laser operating at an angle of 173◦. Three
automated runs of 70 s duration were performed per sample. The intensity size distribu-
tions were calculated by the device associated program from the autocorrelation function
using the “multiple narrow mode”.

3.3.2. Microtubule-gold-nanorod assays
GMPCPP-stabilized microtubules were polymerized and stabilized as described in
Sect. 1.3.5.

3.3.2.1. Transmission electron microscopy (TEM)

Electron microscopy exploits the short wavelength of electrons to achieve high resolutions
compared to light microscopy. Instead of optical lenses, magnetic lenses are used to
manipulate the electron beam. For TEM, the electrons transmitted by a thin (below
100 nm) sample are recorded as a 2D image [231]. For the used JEOL 120 kV 1400plus
microscope, the resolution was specified by the manifacturer to be 0.38 nm point-to-point
resolution when operated at 120 kV [232]. However, the negative staining of biological
samples with uranylacetate allows only resolutions of about 2 nm due to the grain size
of the stain [233]. All images displayed in the thesis were recorded by York Stierhof
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with a Tietz TemCam F-416 CMOS camera. A small portion of undisplayed images
used for data analysis was recorded by myself. TEM samples were prepared by the drop
application method [234]. First, AuNR-microtubule binding was induced by mixing 5 µL
of microtubule solution with 9µL MUTAB AuNR solution (0.1–1 nM assuming a 12 nM
CTAB solution and losses up to a factor of 10 during MUTAB functionalization) for
10min with a AuNRs solution. Afterwards, pioloform and carbon-coated copper TEM
grids were incubated for 3min with 5 µL droplets of this AuNR-microtubule mixture.
Excess sample was washed off by incubating the grid with a clean 20µL PEM (80mM
PIPES, 1mM EGTA, 1mM MgCl2, pH= 6.9) droplet for 1min. The sample was fixed
with 2.5% glutaraldehyde for 5min. Excess glutaraldehyde was removed by incubating
the TEM grids 5× with 20µL of nanopure water for 10 s. Finally, the TEM grids were
stained for 30 s with 1% aqueous uranyl acetate. Excess uranyl acetate was removed
with a dry filter paper and the sample was left to dry.

3.3.2.2. Microfluidic assay for IRM & TIRF

Flow cell preparation Coverslides were rendered hydrophobic via TMCS silanization
or functionalized with APTES as described in Sect. 1.3.3.1 and 1.3.3.4. Parafilm based
flow cells (Sect. 1.3.4) were constructed in a clean room environment. For hydrophobic
flow cells, microtubule attachment and surface passivation was performed as explained in
Sect. 1.3.6.1. APTES flow cells were directly incubated with microtubules for 5min. All
subsequent steps were equally performed for both flow cell types: residual microtubules
were washed out with diluted PEM (10% in water, PEM10). To minimize the overall
salt concentration but prevent microtubule depolymerization upon AuNR addtion, PEM
buffer was added to the functionalized the AuNRs such that a PEM concentration of 10%
was achieved. Then, the AuNR-PEM solution was flushed in the microfluidic channel
and incubated for 5min. Unbound AuNRs were washed out with either diluted PEM
or an anti-fading mix (0.02m/mL glucose oxidase, 20mM D-glucose and 0.008mg/mL
catalase), depending on the type of AuNRs used. AuNRs without rhodamine label, that
were plasmonically active at the used excitation wavelength of 561 nm, were flushed out
with PEM10. AuNRs with rhodamine label but plasmonically inactive were washed
out with anti-fading mix to increase the fluorescence lifetimes of the dyes. For Fig. 3.12,
0.5 nM Kip3 (yeast, Kip3-eGFP-His6 [138,235]) was first incubated to the APTES-bound
microtubules and afterwards, rhodamine-labeled AuNRs were added.

Imaging Imaging was performed on a temperature-stabilized setup with millikelvin
precision and the temperature set to 29.000℃ [104]. The setup combined IRM and
TIRF similar to a previously published setup [101]. TIRF excitation was performed
with two different wavelengths using a 488 nm (100mW LuxX 488-100 Omicron Laserage,
Rodgau, DE) and a 561 nm (100mW OBIS 561CS-100, Coherent, Santa Clara, CA, US)
laser, respectively. A HC-Beamsplitter BS 560 separated the excited signal into the two
distinct channels using a custom-made color splitter [101]. An ET Bandpass 520/40
defined the green channel and an ET Bandpass 605/70 defined the red channel. 5mW
output power of the 561-nm laser was used to excite rhodamine and the AuNRs’ intrinsic

62



Table 3.1.: Used exposure times (Exp), laser intensities (I561 and I488), and imaging
intervals that were used to record the data of the respective figures.

Figure Exp (ms) I561 (%) I488 (%) Interval (s)
3.9B 200 5 - -
3.9C 200 50 - -
3.9D blue line 5000 5 - 2
3.9D black line 200 5 - 5
3.10 200 5 - -
3.11 200 5 - -
3.12 200 5 5 1

luminescence. The image acquisition time was 200ms using an Orca Flash 4.0 V2 camera
(Hamamatsu Photonics, Hamamatsu City, JP). Specific TIRF imaging parameters are
shown in Table 3.1.

3.3.3. Image Processing
All images were further processed in Fiji [236] and GIMP. To obtain bleaching time lines
as shown in Fig. 3.9D, multiple fluorescence images were recorded over a time line and
processed as an image stack. With Jython programming in Fiji, AuNR positions were
detected with an intensity threshold. Furthermore, the pixel intensities at all AuNR
positions were extracted for every image in the stack and saved as a matrix. In Python,
the time line of each AuNR intensity was plotted. Exemplary time lines are shown in
Fig. 3.9D.

For Fig. 3.10G and H, the software Gwyddion was used to remove an uneven parabolic
background of the TIRF image with the feature “remove polynomial background” with
a horizontal and vertical polynomial degree of two. For all IRM images, the contrast de-
pends on the object’s molecular mass, refractive index, and distance to the surface. For
objects of the same mass and refractive index with different distances from the surface—
e.g. a microtubule partially attached and partially extending into the channel—the
following contrast is expected. Microtubule regions directly attached to the surface
have black intensity gray levels. Intermediate gray levels correspond to ≈ 40 nm and
white gray levels to ≈ 80 nm distance of the microtubule from the surface [101]. For
IRM/TIRF overlays (Fig. 3.10D, H and Fig. 3.11D) the following pseudocolor scale was
used to make colocalizations appear in white. First, the 256 IRM gray scale values were
inverted. Second, the mean image gray value was chosen as a threshold. All gray values
above the threshold were displayed as brightness values of green. Third, the thresh-
old was added to gray values below the threshold and the resulting gray values were
displayed as brightness values of cyan. Thus, microtubules directly attached to the sur-
face (originally black) were displayed as bright green and microtubule parts that were
not in direct contact with the surface (originally white) were displayed as cyan regions.
Thereby, all AuNR-microtubule colocalizations appeared ideally in white.
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These color conversions were performed with Jython scripting in Fiji. Kymographs were
obtained and analyzed as described in Sect. 1.3.7.3.

3.3.4. Whispering-gallery-mode measurements
Whispering-gallery-mode measurements were performed during a 10 day long research
visit in cooperation with Narima Eerqing (N.E.) at the “Nano and Quantum Sensing”
group of Prof. Dr. Frank Vollmer (Living Systems Institute, University of Exeter, EX4
4QD, UK). PEM buffer, proteins, other assay ingredients, and MUTAB AuNRs were
fabricated in the Cellular Nanoscience group (University of Tübingen, DE) as indicated
in Sect. 1.3.5–1.3.6.1, except for the 2-[4-(2-hydroxyethyl)piperazin-1-yl]ethanesulfonic
acid (HEPES, 1M, pH 7.5) buffer and the APTES solution. GMPCPP-stabilized mi-
crotubules were polymerized as described in Sect. 1.3.5.2 but using the Ultima MAX-TL
Ultracentrifuge (Beckman Coulter, Brea, CA). Spherical glass resonators (80µm diame-
ter) were fabricated by N.E. by melting a single mode optical fiber (SMF 28e, Corning).
For the APTES functionalization, the resonator was dipped 10 s in 5% APTES/acetone
solution and sonicated 30 s in acetone to remove adsorbed polymers. As flow chambers
were not compatible with the setup, a reusable measurement chamber was filled with
buffer (PEM or HEPES) and further analytes had to be added successively. Different
sequences of microtubule, AuNR and kinesin additions were tried. First, microtubules
were added, either diluted 1:10 or 1:100 in PEM10 or HEPES buffer. Second, 0.005–5 nM
kinesin Kip3 motors were added to microtubule incubated resonators. Kinesin exper-
iments were performed either in motility buffer (Sect. 1.3.6.1) without the anti-fading
mix (20mM D-glucose, 250 nM glucose oxidase, 134 nM catalase) or in PEM or HEPES
buffer with 1mM adenosinetriphosphate only. Measurements were performed together
with N.E. on a custom-built setup as described in Ref. [237].

3.4. Results & Discussion
3.4.1. CTAB AuNRs were covalently functionalized and charge stabilized

with MUTAB
AuNRs were synthesized using a two-step seeding growth method employing CTAB as
stabilizing agent [230] (Molecule 1 in Fig. 3.3A, see Sect. 3.3.1.1). TEM image analysis
revealed AuNR dimensions of 43± 4 nm length and 17± 1 nm width resulting in an aspect
ratio of 2.6± 0.3 (Fig. 3.3B top, mean±SD,N =34). The corresponding surface plasmon
resonance was measured with a spectrofluorometer. A Gaussian fit of the longitudinal
localized surface plasmon resonance (L-LSPR) in water resulted in a wavelength λH2O =
691.5± 0.1 nm (fit result± SD, Fig. 3.3B bottom). Additionally, the TEM imaging with
negative staining revealed an about 4 nm thick irregular layer covering the AuNR that
was expected for a CTAB bilayer [238].
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In agreement with the literature [189,239,240], the stability of the CTAB coated AuNRs
depended strongly on the total CTAB concentration present in the solution and on the
buffer conditions, that restricted dilution and biological applications.

To work with positively charged and stabilized AuNRs independent from the CTAB
concentration and to generate a regular and thin coating, the adsorbed CTAB bi-
layer was replaced by a covalently bound cationic MUTAB monolayer (Fig. 3.3A) [189].
After the MUTAB functionalization, the LSPR spectrum had a lower intensity due
to a reduced AuNR concentration. Furthermore, the L-LSPR maximum shifted to
λH2O =703.6± 0.3 nm (fit result±SD, ∆λ(MUTAB-CTAB)=12.1 nm, Fig. 3.3C bot-
tom). This shift indicated a changed refractive index close to the gold surface. Instead
of the thick irregular CTAB coating, the negative stained TEM images of the MUTAB
AuNRs revealed a smooth ≈ 1 nm thick layer around the AuNR that may be MUTAB
(Fig. 3.3C top). Based on the chemical structure, the expected monolayer thickness is
below 1 nm. While a sole reduction of layer thickness would be associated with a blue
shift, the observed red shift may be attributed to the change of an adsorbed CTAB
bilayer to a covalently bound MUTAB monolayer. Similar replacements of a CTAB
bilayer with a covalent, thin monolayer have been reported to result in a red shift like-
wise [241]. As an alternative size measurement, DLS measurements were performed
(exemplary measurement in Fig. 3.4A). The peak values provided by the measurement
software were averaged. With DLS measurements, it was possible to detect a differ-
ence in the hydrodynamic diameter between CTAB and MUTAB AuNRs that was in
agreement with the TEM analysis. The diameter of CTAB AuNRs was 51± 8 nm
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(mean±SD, N =3) and 8 nm larger (2 × 4 nm CTAB layer) than the MUTAB AuNRs
diameter of 43± 1 nm (mean± SD, N =3). Additionally, zeta-potential measurements
confirmed the positive surface charge and polycationic nature of the MUTAB AuNRs
with a measured zeta potential of 31± 2mV (Fig. 3.4B, mean±SD, N =3). Together,
these results suggest that MUTAB AuNRs have a homogeneous, thin and stable poly-
cationic coating suited for use under physiological buffer conditions [121].

3.4.2. MUTAB AuNRs plasmonically sensed microtubules
To investigate whether AuNRs interacted with microtubules and whether this interaction
affected the plasmon resonance, AuNR extinction spectra were recorded using UV/Vis
spectroscopy (Fig. 3.5). The overall signal-to-noise ratio (SNR) of the AuNRs was low
and an increased noise beyond 750 nm originating from the device was apparent. The
L-LSPR peak positions were estimated by fitting a Gaussian distribution. To reduce the
systematic error introduced by the increased noise above 750 nm, the peaks were only
fitted for lower wavelengths (see Appendix A.4). Compared to the CTAB AuNRs in wa-
ter (black line Fig. 3.5A, λH2O =698.0± 0.7 nm, fit result± SD), CTAB AuNRs in PEM
buffer (green line, λPEM =720.2± 1.6 nm, fit result± SD) showed a L-LSPR red shift
of ∆λ(PEM-H2O)=22.2 nm. This shift appeared huge for the dilution in an aqueous
buffer. Upon dilution in microtubule-PEM solution (blue line, λMTs=717.0± 1.3 nm, fit
result±SD), a further red shift would be expected for a functional LSPR sensor binding
to microtubules. However, we did not observe such a shift for CTAB AuNRs.

In contrary, the MUTAB AuNR L-LSPR red shifted by different magnitudes upon dilu-
tion in PEM and microtubule-PEM solution (Fig. 3.5B). Compared to MUTAB AuNRs
in water (black line, λH2O =715.6± 0.7 nm, fit result± SD), the L-LSPR of MUTAB
AuNRs in PEM (green line, λPEM =719.8± 1.2 nm, fit result±SD) was red-shifted
by ∆λ(PEM-H2O)=4.2 nm. The L-LSPR of MUTAB AuNRs diluted in microtubule-
PEM solution (λMTs=761.6± 2.1 nm, fit result±SD) was shifted further to the red
by ∆λ(MTs-PEM)=41.8 nm. Note: After this shift, the L-LSPR wavelength was be-
yond the recommended measurement range of the device (220–750 nm). All peak po-
sitions should be considered as estimates due to the poor data and fit qualities (see
Appendix A.4). Note that the L-LSPR positions measured for CTAB and MUTAB
AuNRs in H2O should be identical to the L-LSPR positions stated in Sect. 3.4.1 for the
L-LSPRs shown in Fig. 3.3B. The discrepancies between these L-LSPR positions (about
10 nm) was most likely due to the increased SNR caused by further dilution (1:2) in water.
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Figure 3.5.: Extinction spectra
of (A) CTAB AuNRs and (B)
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PEM dispersion (blue line).
TEM images of the respec-
tive AuNR-microtubule disper-
sions are shown as small insets
with a 25 nm scale bar. L-LSPR
shifts of (C) CTAB AuNRs and
(D) MUTAB AuNRs as a func-
tion of the refractive index. Note
that the errorbars (SD of the fit)
are smaller than the data points.
The color scheme specified above
applies to the data points. A lin-
ear fit is shown as a black line.

While the refractive indices of water and PEM were reported to be 1.33 and 1.34, re-
spectively [97,242,243], the refractive index of tubulin is still discussed in the literature
and ranges from values typical for proteins such as 1.48 to unusually high values of up
to 2.90 [242–244]. For further calculations, the refractive index of microtubules was
assumed to be 1.48 but may deviate [244]. From Eq. 3.2, a linear scaling of the L-
LSPR shift with the refractive indices is expected but was not observed for the CTAB
AuNRs (Fig. 3.5C). The unexpected L-LSPR shifts of the CTAB AuNRs and their in-
sensitivity towards the microtubules may be explained by CTAB AuNR aggregation.
This assumption was supported by TEM images of CTAB-AuNR-microtubule incuba-
tions (small inset in Fig. 3.5A) showing only CTAB-AuNR aggregates and no CTAB
AuNRs interacting with microtubules. In these aggregates, the AuNRs maintained their
shape and no bulk metal was formed. Therefore, the AuNRs remained plasmonically
active but were packed closely together, with distances between that are comparable to
the CTAB bilayer thickness. In this distance range, plasmonic coupling of the AuNRs
is still expected and may cause the similar, large peak shifts observed for CTAB AuNRs
in buffer and microtubule solution.

On the contrary, the MUTAB AuNR L-LSPRs shifted with the expected linear depen-
dence on the refractive indices (Fig. 3.5D). A linear fit (black line) was used to determine
the sensitivity of the AuNRs. The fit yielded y = 300.9x− 401.0. The calculated sensi-
tivity of 300.9 nm/RIU was in agreement with literature reported sensitivities for com-
parable gold nanorods [245–248]. Especially with regard to the low SNR in general, the
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additional noise beyond the official measurement limit of 750 nm and the incompletely
recorded and fitted peaks, high errors are expected for the determined L-LSPR peak
positions. The error-prone measurements, a possible underestimation of the refractive
index of the microtubules and the few data points underlying the fit made the estimation
of the sensitivity of the MUTAB AuNRs difficult.

Overall, the results suggested that the MUTAB AuNRs were functional LSPR sensors
and able to detect microtubules. This was in agreement with the TEM images (small
inset in Fig. 3.5B) where single AuNRs interacted with microtubules and rarely formed
aggregates.

3.4.3. Fixed TEM assays suggested that MUTAB AuNRs bound to
microtubules

To investigate whether the polycationic MUTAB AuNRs interacted with the negatively
charged E-hooks (C-terminal regions of tubulins, see Sect. 1.2.3) located at the micro-
tubule surface (Fig. 3.6A), MUTAB AuNRs were mixed with microtubules in physio-
logical buffer and imaged with transmission electron microscopy (TEM, Fig. 3.6B-G).
Most AuNRs colocalized with microtubules (Fig. 3.6B). The AuNRs were expected to
bind with their long axis in parallel to the microtubule, as this orientation would maxi-
mize the interacting area (Fig. 3.6A). However, AuNRs bound in parallel were observed
in only 12% of the colocalizations (N =154 AuNR-microtubule colocalizations in total,
distributed over five batches, Fig. 3.6C) and another 12% were tilted relative to the
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Figure 3.6.: (A) Proposed
electrostatic attraction of the
polycationic coating (brown) of
a MUTAB AuNR (yellow) to
the negatively charged E-hooks
(blue) protruding from the
microtubule (MT) surface. (B)
Overview TEM image of micro-
tubules decorated with AuNRs.
(C)–(G) Close-up views of
AuNR-microtubule colocaliza-
tion sites with case percentages
calculated from N =154 colocal-
ization sites distributed over five
batches indicated in schematic
insets. AuNRs were categorized
to be parallel (C), tilted (D),
tip-bound (E), aggregated (F)
or crosslinking (G).

68



long axis of the microtubule (Fig. 3.6D). 42% of all colocalizations were tip bound
single AuNRs (Fig. 3.6E). The tip binding may have been preferred due to an electro-
static field enhancement at the rod tip within the negative potential of the microtubule
surface. Furthermore, 25% of the colocalizations were AuNR aggregates, containing
more than one single AuNR (Fig. 3.6F). 41% of these aggregates bridged two or more
microtubules—potentially crosslinking them—comparable to the AuNR aggregate in the
middle of Fig. 3.6G. Single AuNRs that bridged two or more microtubules accounted for
9% of the overall colocalizations. Within the resolution of TEM images, AuNR bind-
ing sites occasionally showed small lattice defects, but it is unclear whether the defect
was caused by the AuNR or was there before. Altogether, AuNRs colocalized with mi-
crotubules in different orientations and the data suggested that AuNR binding did not
affect the microtubule structure [121].

3.4.4. MUTAB AuNRs prefered to bind microtubules over tubulin
monomers in fixed TEM assays

Based on the TEM images, the interaction of MUTAB AuNRs with free tubulin mono-
or oligomers may have been the reason for aggregate formation (Fig. 3.6F and 3.7A). In-
deed, when MUTAB AuNRs were incubated with microtubules in a solution containing
200 nM free tubulin, the presence of colocalizing aggregates increased to 54% (N =104
counted colocalizations distributed over 2 batches). The remaining colocalizations were
single AuNRs that were bound in 24% of the cases in parallel, in 14% bridging, in 6%
with the tip and in 2% tilted. Most of the bridging AuNRs were parallel to the micro-
tubule axis and intercalated between two microtubules (Fig. 3.7B). Possibly, the inter-
mediate binding of the AuNRs induced microtubule bundling. Including the microtubule
bridging AuNRs in the orientation percentages, 69% of all single bound AuNRs were
bound in parallel. This percentage is larger compared to the tubulin free samples, but in
agreement with the initial expectation based on the maximized interaction area between
AuNR and microtubule. The addition of depletion forces generated by free tubulin may
explain why the parallel orientation was favoured. Interestingly, AuNRs still colocal-
ized mainly with microtubules instead of with tubulin aggregates. 75% (N =104) of all
AuNRs (Ntotal=138) were bound to microtubules (exemplary images in Fig. 3.7A and
B). This finding may support the proposed electrostatic interaction between polycationic
AuNRs and negatively charged microtubules, as the collective negative electrostatic po-
tential of the microtubule surface may be larger than that of the single tubulins or
tubulin aggregates. Since AuNRs did bind microtubules selectively in a tubulin-crowded

100 nm50 nm

A B Figure 3.7.: (A) Close-up view
of a AuNR cluster potentially
held together by tubulin mono-
or multimers. (B) Microtubule
bundle surrounded by free tubu-
lin but with colocalizing AuNRs.
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environment, MUTAB AuNRs may also bind selectively to other negatively charged
molecules, proteins or organelles in vitro and possibly also in vivo.

3.4.5. Microtubules were attached to glass surfaces via MUTAB AuNRs in
vitro

To rule out that the colocalizations were TEM preparation and fixation artifacts, AuNRs
were incubated with microtubules under physiological buffer conditions in vitro and im-
aged with IRM [101] (Fig. 3.8B). To this end, a MUTAB AuNR solution was incubated in
clean microfluidic glass chambers. AuNRs attached to the negatively charged glass sur-
face most likely due to electrostatic interactions. While microtubules interacted loosely
with untreated glass surfaces, the addition of microtubule solution to an AuNR covered
glass surface yielded microtubules that appeared stably bound to the surface via AuNRs
during video observation (Fig. 3.8B). To fix the microtubules reliably to the surface, this
assay required a high density of AuNRs. Therefore, this assay and was designed rather
as a quick microtubule-AuNR interaction test.

glass

MT

MUTAB
AuNR

BA

1 µm

Figure 3.8.: Schematic (A) and
IRM image (B) of microtubules
bound to the glass surface via
MUTAB AuNRs.

3.4.6. AuNRs were visualized using TIRF microscopy
To achieve a greater experimental flexibility and to introduce a selective marker, AuNRs
were visualized via TIRF microscopy. As the so-far-used AuNRs were not plasmonically
luminescent at the available TIRF excitation wavelength of 561 nm, two options were
explored. First, AuNRs that were not plasmonically excitable with the TIRF laser were
labeled with a fluorescent dye during the MUTAB functionalization. Second, plasmoni-
cally excitable AuNRs were MUTAB functionalized (Fig. 3.9A).

For the fluorescent labeling, a rhodamine B derivative (RH-PEG-SH, Molecule 3 in
Fig. 3.9A) with a positive charge and a 3.4 kDa polyethylene glycol (PEG) linker with
21 nm contour length was chosen to prevent quenching by the AuNRs [155, 158, 213,
249,250]. Due to the cationic nature of the rhodamine derivate, the rhodamine labeling
had no effect on the measured zeta potential of 30± 5mV (mean±SD, N =3). Most
likely due to the rhodamine PEG linker, a small increase in the hydrodynamic radius of
49± 3 nm (mean± SD, N =3) was observed, based on DLS measurements. Compared to
the unlabeled MUTAB AuNRs (grey line in Fig. 3.9C), the rhodamine labeled MUTAB
AuNRs (RL-AuNRs) showed a small shoulder around the absorption maximum of the
rhodamine derivate at 570 nm at the transverse LSPR peak. This shoulder was most
likely due to the rhodamine labeling. Gaussian fits (see Appendix A.4) to the L-LSPRs
revealed that the RL-AuNRs were red shifted by 7.2 nm compared to the unlabeled
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MUTAB AuNRs. This shift suggested that the L-LSPR was sensitive to the rhodamine
label. As the rhodamine label was detected with a longitudinal plasmon mode, the label
was most likely tip bound. In Fig. 3.9, the available laser excitation wavelength of 561 nm
is marked as a vertical magenta line and the red channel, defined by the bandpass filter
described in methods Sect. 3.3.2.2, as a magenta coloured box. The extinction spectra
of the plasmonically excitable MUTAB AuNRs (PE-AuNRs) in water (black line in
Fig. 3.9B) shows that the L-LSPR overlaps with the 561 nm laser (magenta line). Thus,
the plasmon luminescence was expected in the red channel (magenta box). Indeed, both
the RL-AuNRs and PE-AuNRs could be successfully imaged with TIRF microscopy
(Fig. 3.9D and E). However, compared to the RL-AuNRs, the PE-AuNRs required a
10-fold higher excitation laser intensity for the same exposure time (200ms, Fig. 3.9D
and E) or longer exposure times for the same laser intensity (9.6µW, Fig. 3.9F) to
achieve luminescence intensities comparable to the RL-AuNRs. Furthermore, variations
in brightness were observed among the individual AuNRs, that were most likely due to
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the different orientations of the AuNRs relative to the polarized laser light [224,251,252].
Bleaching measurements (Fig. 3.9F) confirmed that the PE-AuNRs (blue line) did not
blink or bleach while RL-AuNRs (black line) showed bleaching steps. 87% (N =201)
of the bleaching steps observed for RL-AuNRs were single steps and 13% were double
steps, suggesting that most AuNRs were labeled with one fluorophore.

3.4.7. Fluorophore labeled AuNRs colocalized with microtubules in vitro
Next, I investigated whether it was possible to localize RL-AuNRs that were bound to
microtubules in vitro and if the nonspecific interactions between these AuNRs and the
surface could be minimized. First, I tested the microtubule immobilization assay based
on hydrophobic interactions already described in Sect. 1.3.6.1 [113,253]. Antibodies were
adsorbed to the surface and, afterwards, the remaining surface was blocked with Pluronic
F127 (Fig. 3.10A). Subsequently, microtubules were attached to the surface and then
incubated with RL-MUTAB AuNRs [121,254]. In this manner, the AuNR concentration
could be optimized. In the IRM image, proteins or AuNRs located close to the surface
appeared as dark signals due to destructive interference [101]. An elongated microtubule
was visible with three colocalizing dark spots (Fig. 3.10B). As both, small microtubule
fragments and impurities, generated dark, point-like IRM signals comparable to AuNRs,
AuNRs could not be clearly identified. Thus, a simultaneous TIRF imaging of the rho-
damine labels was performed (Fig. 3.10C). Two of the microtubule-bound dark IRM
spots colocalized with the TIRF signals (Fig. 3.10D) and were identified as microtubule-
bound AuNRs. The colocalizing dark spot visible in IRM but not in TIRF could be
an impurity or an AuNR missing a rhodamine label. Overall, AuNRs bound micro-
tubules under physiological buffer conditions in vitro, interacted only sparsely with the
passivated surface and were reliably identified using simultaneous IRM and TIRF mi-
croscopy [121].

For WGM measurements, microtubule-bound AuNRs should attach close to the res-
onator surface to keep the AuNR antenna in the near-field of the resonator [158, 181–
183]. However, antibody-attached microtubules were located about 15 nm above the
surface according to Sect. 1.4.2. For an APTES monolayer, a coating thickness of
about 1 nm is expected [255]. In Sect. 1.4.2 it was shown that the APTES attach-
ment reduced the distance between microtubules and the surface partially, compared
to antibody-attachement. At those areas where microtubules were located close to
the APTES surface, the microtubule-bound AuNR nanoantenna may efficiently cou-
ple to a whispering-gallery mode. Therefore, the microtubule-AuNR assay was tested
on APTES-functionalized surfaces (Fig. 3.10E–H). Due to the positive charge of the
APTES surface and the MUTAB AuNRs, it was expected that the electrostatic inter-
action was repulsive between the two. To test whether AuNRs were repelled by the
surface and only attracted by the microtubules, a high concentration of AuNRs was
used. Microtubules were first bound to the surface and then incubated with rhodamine-
MUTAB AuNRs that were concentrated 10-fold higher compared to Fig. 3.10B–D. As
expected, the outline of a microtubule could be marked with a high AuNR decoration
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of single RL-MUTAB AuNRs
bound to a single microtubule.
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IRM-pseudocolor-TIRF overlay
image of multiple RL-MUTAB
AuNRs bound to two single
microtubules.

density (Fig. 3.10G and H). Taking a closer look at the IRM image (Fig. 3.10F), two
microtubules were visible with a homogeneously grey contrast decorated by black spots.
Based on TIRF images, these dark spots are most likely AuNRs (Fig. 3.10G). A high
density of rhodamine labeled AuNRs marks the outline of the microtubules. However,
not all dark areas in the IRM image appeared in the TIRF image as well. Potentially,
these dark areas could be due to a rather inhomogeneous contrast of a microtubule on an
APTES surface (see Sect. 1.4.2) or could indicate AuNRs bound in such close proximity,
that their rhodamine labels are quenched by their neighbours. Importantly, most AuNRs
were bound to microtubules and not to the remaining surface. Microtubule binding may
have been favoured by the polycationic MUTAB AuNRs. Possibly, the few AuNRs that
appeared attached to the surface were bound to microtubule fragments or individual
tubulin molecules.

In summary, microtubules were directly attached to an APTES functionalized surface
and their outline could be visualized in TIRF by colocalizing AuNRs [121].
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3.4.8. Plasmonically excited AuNRs bound to microtubules were detected
using TIRF microscopy

To be independent of fluorescent labels, have blink- and bleach-free probes, the plasmon-
ically excitable MUTAB AuNRs (PE-AuNRs, Fig. 3.9) were incubated with APTES-
attached microtubules (Fig. 3.11A). The exemplary microtubule visible in the IRM im-
age of Fig. 3.11B was unevenly attached to the surface and was partially elevated tens
of nanometers relative to the surface (white sections). The corresponding TIRF image
(Fig. 3.11C) was acquired under the same imaging conditions as Fig. 3.10C and G, and
shows the stimulated plasmon luminescence of PE-AuNRs. The IRM-pseudocolor-TIRF
overlay (Fig. 3.11D) shows that PE-AuNRs also colocalized with microtubules. There-
fore, they can be used as bleach- and blink-free microtubule probes. A closer look at
the IRM image shows dot-like structures along the microtubule that were not visible
in TIRF. Possibly, these could correspond to nonfluorescent impurities. Alternatively,
not all microtubule-bound AuNRs were excited and imaged with the TIRF setup. This
could be due to the different orientations of the AuNRs relative to the polarized laser
light [224,251,252,256]. Additionally, the LSPR of the PE-AuNRs may have been shifted
upon microtubule attachment to other spectral regions and therefore was neither excited
nor detected with the setup. The magnitude of the L-LSPR shift may depend on the
orientation of the AuNR to the microtubule, as well.

Overall, PE-AuNRs colocalized with microtubules and could—at least partially—be de-
tected using IRM and TIRF [121].
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Figure 3.11.: (A) APTES (cyan)
coated surfaces (gray) were incu-
bated with microtubules (blue)
and plasmonically excitable (PE,
magenta star) MUTAB AuNRs.
(B) IRM, (C) TIRF and (D)
IRM-pseudocolor-TIRF overlay
image of single PE MUTAB
AuNRs bound to a single micro-
tubule.

3.4.9. MUTAB AuNRs rarely colocalized with kinesin Kip3
To investigate, whether MUTAB AuNRs interacted strongly with kinesins, the kinesin
Kip3 was incubated with microtubules (Fig. 3.12A). Upon Kip3 addition there was
autofluorescence visible in the red channel. After a washing step, highly concentrated
RL-AuNRs were added. The high concentration increased the chance that the red chan-
nel signals were due to AuNRs. Interestingly, Kip3 moved rather undisturbed along
the microtubule (Fig. 3.12B), while the majority of the AuNRs diffused throughout the
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sample without binding. Note that the kymograph in Fig. 3.12B only shows 1D motion
with a 1 s time resolution suited to image the Kip3 motion, while the AuNRs diffused
much faster in 3D throughout the whole sample. Therefore, only short AuNR colo-
calization events were visible in the rhodamine channel of the kymograph. A stably
bound AuNR shows up as a straight vertical line in a kymograph. Three different po-
sitions are indicated with white arrows that mark potential microtubule-bound AuNRs
(Fig. 3.12B). The fluctuations in the horizontal axis either suggested that the AuNRs
were loosely bound or were due to the superposition of the stably-bound AuNRs with
diffusing AuNRs. However, due to the presence of autofluorescent contamination, sin-
gle events could not be clearly related to AuNRs. MUTAB AuNRs rarely colocalized
with microtubules within this assay which might suggest that ingredients of the kinesin
assay disturbed the AuNR-microtubule interaction. Kinesins were not hindered by the
presence of AuNRs. Bound AuNRs may have been bypassed by stepping sidewards on
the microtubule lattice [235]. In summary, MUTAB AuNRs most likely did not interact
strongly with kinesins beneficial for potential future whispering-gallery-mode measure-
ments.

3.4.10. Whispering-gallery-mode measurements suggested unexpected
surface properties of the resonator

The AuNR-microtubule assays on the whispering-gallery-mode resonator revealed many
additional challenges. To begin with, APTES functionalization of the resonator surface
resulted in a loss of sensing functionality. Most likely, the APTES solution already con-
tained polymers. The deposition of large APTES polymers instead of monomers may
have caused a strong mode broadening accompanied by the loss of the sensing func-
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tionality. Furthermore, the addition of PEM buffer alone to a bare resonator caused
a mode broadening and an increased noise level that made it difficult to perform mea-
surements. Upon addition of other assay components, a rapid mode broadening and
an increase of noise could be observed that finally resulted in the loss of the sensor
functionality. Most likely, the solvents, buffers and ingredients had impurities that ad-
sorbed at the sensor’s surface and perturbed the mode. Using an unfunctionalized sensor
and HEPES buffer, conventionally used for whispering-gallery-mode experiments, made
it possible to observe a mode shift and broadening during the incubation with micro-
tubules (Fig. 3.13A). Interestingly, the resonance wavelength shift ∆λ increased rapidly
until a plateau was reached (Fig. 3.13A). This could possibly indicate, that the concen-
tration of microtubules was high enough to cover the whole surface. After an initial
fast increase, the peak broadened almost linearly (∆FWHM, Fig. 3.13B). In a separate
experiment, MUTAB-AuNRs dissolved in water were incubated to a bare and unfunc-
tionalized resonator. Unexpectedly, the polycationic AuNRs did not bind to the surface
but only shortly interacted with the resonator, as indicated by the peaks in Fig. 3.13C
and D. As the resonator was fabricated from a glass fibre, the negative charge at neutral
pH was expected to repel microtubules and attract the polycationic AuNRs. As the op-
posite behaviour was observed, it could potentially be that the laser-melted material had
a positive net charge. Together, these observations suggested, that the surface chemistry
of the resonator was different than expected.

Many challenges still need to be met. Microtubules need to bind stably, the remaining
surface needs to be passivated sufficiently, the AuNRs need to colocalize with micro-
tubules while being as close as possible to the resonators equatorial surface, and kinesins
need to bypass the most sensitive near-field of the AuNRs. Throughout all functional-
ization steps, the resonator requires to remain functional and sensitive enough to detect
single molecules such as kinesins and ATP. However, every binding molecule contributes
to the broadening of the resonance peak and the reduction of the sensitivity of the sensor.
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3.5. Conclusion & Outlook
Gold nanorods were synthesized and functionalized to generate charge-stabilized, polyca-
tionic MUTAB AuNRs (Fig. 3.3). These AuNRs did bind directly to microtubules under
physiological buffer conditions in TEM and in vitro assays (Fig. 3.6–3.8 and Fig. 3.10–
3.11). Thus, no protein coatings that would block the AuNRs’ plasmonic near-field were
necessary to mediate the interaction between AuNRs and microtubules. Thereby, the
functionality of the AuNRs as LSPR sensor remained intact and refractive index changes,
most likely due to microtubule binding, were observed (Fig. 3.5). TEM analysis revealed
that the MUTAB AuNRs prefered to bind to microtubules over binding to free tubulin
(Fig. 3.7). Furthermore, in vitro assays showed that the polycationic MUTAB AuNRs did
not bind to positively charged APTES surfaces but specifically to the negatively charged
microtubules (Fig. 3.10G and 3.11). Most likely, the AuNR-microtubule binding was due
to electrostatic interactions. The AuNR binding orientations were further investigated
using TEM images (Fig. 3.6 and 3.7B). In the free tubulin containing TEM samples,
microtubule bundling with intercalated AuNRs was frequently observed and the amount
of clusters increased most likely due to free tubulins that crosslinked AuNRs. In pure
buffer without proteins, clustering was rarely observed due to the charge-stabilization
of the polycationic AuNRs. Furthermore, high concentrations of AuNRs could be used
to mark the outline of microtubules (Fig. 3.10). Considering the AuNRs’ preference to
bind to negatively charged microtubules, the AuNRs could potentially be used to mark
other negatively charged molecules, proteins or organelles. While in vitro assays can be
designed to contain only one negatively charged protein or organelle that can be specif-
ically marked with the AuNRs, in vivo experiments would rather employ the AuNRs as
negativity markers that would interact most with negatively charged surfaces. For the
visualization of the AuNRs in TIRF, AuNRs were labeled with rhodamine (Fig. 3.9).
To prevent quenching [155], the positively charged rhodamine derivate was coupled via
a PEG linker to the AuNRs.

Furthermore, the plasmonic luminescence of the AuNRs could be excited and visual-
ized in TIRF without fluorophore labels. The blink- and bleach-free plasmonic micro-
tubule markers allowed the label-free longtime observation of microtubules via TIRF
microscopy. However, comparing the IRM and TIRF images, it appeared likely that
not all microtubule-bound plasmonic AuNRs could be visualized with the used TIRF
settings. It would be interesting to excite the microtubule-bound AuNRs with different
wavelengths and laser polarizations and compare their luminescence response. Poten-
tially, the plasmonic near-field of the AuNRs could interact with other fluorescently
labeled analytes such as kinesins moving along a microtuble. That would enable a colo-
calization with nm precision due to enhancement or quenching of the analytes dye [158].

The AuNRs could potentially serve as roadblocks to investigate how obstacles are over-
come by microtubule-based motors [235,257–259]. When the motor, e.g. a kinesin, walks
into the plasmonic near-field of the AuNR, a transient increase or decrease in fluores-
cence intensity might occur and correlate with a pause or slow down of the translocation
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when the obstacle is bypassed. Preliminary measurements with the kinesin Kip3 and a
high AuNR concentration did not show AuNR-Kip3 colocalizations. This is beneficial
for the potential usage of AuNRs as roadblocks as it suggests that the kinesins may by-
pass AuNR obstacles without binding irreversibly. In the future, MUTAB AuNRs could
potentially be utilized as nanoantennas enhancing the detection of whispering-gallery
modes to allow insight into the molecular machinery of motor proteins. Preliminary
measurements with a whispering-gallery mode resonator showed that the so far devel-
oped assays were not applicable to the resonator’s surface and that most likely, a higher
level of cleanliness would be required for further measurements. Also, to develop a
functional microtubule-AuNR-kinesin assay for whispering-gallery-mode resonators, a
better understanding of the surface properties of the resonator is required. It would be
interesting to measure the zeta potential of the bare resonator surface to understand
the observed microtubule attachment and MUTAB AuNR repulsion. A positive surface
charge of the bare resonator would make a further APTES silanization unnecessary.
Circumventing an APTES functionalization would be beneficial as this functionalization
destroyed the resonator’s sensor functionality. Alternatively, a vapour phase silanization
of a nonpolymerizing silane would succeed in keeping the sensor intact. However, the
best silanization and microtubule attachment strategy remains unclear. The challenge
is to develop a microtubule-kinesin assay, in which microtubules are rigidly and directly
fixed to the surface while keeping the sensing functionality intact. Additionally, the sur-
face requires to be passivated against the binding of kinesin molecules. Any unspecific
kinesin attachment would further broaden the mode and decrease the resonator’s sensi-
tivity. To develop a suited assay, frequent and regular testing of the assay components
and resonator functionality would be required on site in Exeter.
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4. Conclusion & Outlook

Kinesin-microtubule interactions are essential for biological processes such as cell di-
vision and cellular transport [1]. These interactions are typically investigated using
surface-sensitive detection methods. To monitor the native interaction of kinesins and
microtubules, a label-free detection is required. However, kinesins have only been de-
tected when labeled with a fluorescent dye or nanoparticle. Since kinesins are large
molecules, a label-free detection with interferometric scattering microscopy (iSCAT)
may be envisioned. Alternatively, highly sensitive plasmonic near-fields of AuNRs may
detect bypassing kinesins. In combination with whispering-gallery modes, these AuNR
nanoantennas may sense even conformational changes of a kinesin and help to relate con-
formational with chemical changes. For an optimal detection via such surface-sensitive
methods, high-quality surfaces offering a high SBR are required. Microtubule-kinesin
assays yielding sufficiently high SBRs are complex and frequently show issues in repro-
ducibility [6].

Therefore, I developed a reproducible glass surface hydrophobization procedure by com-
bining a new plasma activation approach using PP holders with HMDS silanization
(Chapter 1). XPS control measurements showed that the underlying plasma activation
barely modified the chemical composition of the glass surface. Kinesin-single-molecule
measurements confirmed that microtubules were rigidly attached to the surface with a
high SBR and that the motility of the kinesin remained intact. Interestingly, surfaces
hydrophobic by definition (CA> 90 deg) were not required as stated by literature [18]
but CAs of about 87 deg yielded optimal results. Compared to the original protocol,
the amount of required solvents was reduced by a factor of 3, the active work time was
reduced to a minimum, and reproducibility and surface quality had improved drasti-
cally. Therefore, the protocol was commonly used in our laboratory and is expected
to be beneficial for other laboratories as well. Furthermore, it was shown that anti-
bodies attached most likely in an upright orientation to the hydrophobic surfaces and
that antibody-attached microtubules were located in average about 15 nm above the
surface. Microtubule-attachment via APTES-silanized surfaces partially increased the
microtubule contrast and partially reduced the microtubule-surface distance. The in-
creased SBR may be beneficial for measurements requiring an optimized microtubule
contrast, such as iSCAT measurements, or a closer microtubule-surface distance, such
as WGM measurements.

Another way to increase the label-free contrast of a signal is to reduce the background
by further data processing such as the iSCAT processing (Chapter 2). The ratiometric
imaging incorporated into the iSCAT mode of a custom-written camera program re-
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moved the static background of a sample such that the dynamic features were visible
and more pronounced. Additionally, the direction of movement could be identified from
the black-and-white pattern of the iSCAT signal. Thus, information about movement
and direction could be recorded in a single image without the necessity to record mul-
tiple images over time. While conventionally, iSCAT is performed “blindly” as image
postprocessing after the measurement, the real-time iSCAT imaging enables a direct op-
timization of the sample conditions while imaging. The program performed even faster
than required for the detection of small proteins according to the literature [144]. Most
likely, the program’s performance will be sufficient to image single kinesin molecules.
The combination of simultaneous IRM and iSCAT imaging will be useful, as static mi-
crotubules can be visualized in IRM and the dynamic kinesin movement will be visible
in iSCAT. Probably, the illumination and detection paths of the setup will have to be
optimized further until the desired sensitivities are achieved.

A label-free detection of kinesins with even higher sensitivities can be envisioned to
be based on plasmonics. To bring the plasmonic near field of gold nanorod antennas
close to “walking” kinesins, AuNRs were bound to microtubules. These AuNRs were
MUTAB functionalized to bind the microtubules via electrostatic interactions. In this
manner, no protein coatings to mediate the interaction between AuNRs and micro-
tubules were necessary that would have blocked the sensitive plasmonic near-field of
the AuNRs. Thereby, the functionality of the AuNRs as LSPR sensor remained intact
and refractive index changes were observed, that were most likely due to microtubule
binding. This microtubule-AuNR binding was confirmed via multiple TEM and in vitro
assays under physiological buffer conditions. For TIRF visualization, rhodamine-labels
were introduced or the plasmonic luminescence was excited. At high concentrations,
microtubule outlines could be marked with AuNRs. The data suggested that MUTAB
AuNRs could be used as bleach- and blink-free microtubule markers. Potentially, MU-
TAB AuNRs could also serve as negativity markers for other proteins or organelles. The
MUTAB AuNRs have not been observed to interact with kinesins translocating along
microtubules. Potentially, the kinesin Kip3 can bypass microtubule-bound AuNRs [235].
If such a Kip3-AuNR-microtubule assay was performed on a WGM resonator, a kinesin
bypassing an AuNR potentially may be detected in future measurements. However, the
so far developed assays could not yet be applied to the resonator’s surface. The surface
chemistry of the resonator was different than expected. The incubation of most chem-
icals and assay ingredients did destroy the sensing functionality when applied to the
resonator. To develop a functional assay in the future, frequent experiments directly on
the resonator setup are necessary.

In the future, the reproducible generation of high-quality surfaces is expected to enable
more reproducible results for a variety of microtubule-kinesin experiments. The direct
observation of unlabeled, single kinesins in iSCAT would offer a variety of possibilities.
The motility parameters of an unlabeled, native kinesin may be studied for the first time.
For a mass-calibrated iSCAT, the contrast of kinesins may be related to monomeric or
multimeric states of kinesins without measurement artefacts such as bleaching or blink-
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ing. Potentially, kinesins may be identified that dissociate from microtubules together
with a kinesin-bound tubulin dimer or multimer. Such observations would help to de-
velop models for essential processes such as microtubule aging or depolymerization. An
even more sensitive detection based on AuNR nanoantennas and WGMS may enable
the detection of conformational changes of a kinesin molecule. As such measurement
techniques are able to detect single ions, the conformational changes of the kinesins
may be related with the state of bound ATP. The relation of the ATP state and the
conformational changes may improve the model of the kinesin stepping cycle.
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A. Appendix

A.1. Significance of contact angle differences

Table A.1.: Significances of contact angle (CA) differences determined via ANOVA
(N =432, F =404, α=0.01, confidence interval CI=99%) with Tukey HSD post hoc.
CAs were measured for HMDS silanized glass surfaces with different preceding activa-
tions. The respective CA data can be found in Table A.3.

Group 1 Group 2 Diff p value CI
O2 air 1.70 2.92E-5 [0.47–2.93]
O2 O2 +TE 3.60 6.69E-14 [2.41–4.79]
O2 N2 +TE 4.24 6.69E-14 [3.01–5.47]
O2 O2 +PP 9.23 6.69E-14 [8.01–10.46]
O2 HCl 8.63 2.92E-5 [7.40–9.86]
O2 air+PP 8.83 6.69E-14 [7.61–10.06]
O2 air+TE 1.94 8.47E-7 [0.71–3.17]
air O2 +TE 5.30 6.69E-14 [4.17–6.44]
air N2 +TE 2.54 9.68E-13 [1.37–3.71]
air O2 +PP 7.53 6.69E-14 [6.34–8.70]
air HCl 6.92 6.69E-14 [5.75–8.10]
air air+PP 7.13 6.69E-14 [5.96–8.30]
air air+TE 0.23 1.00 [-0.94–1.40]
O2 +TE N2 +TE 7.84 6.69E-14 [6.71–8.98]
O2 +TE O2 +PP 12.83 6.69E-14 [11.70–13.97]
O2 +TE HCl 12.23 6.69E-14 [11.09–13.36]
O2 +TE air+PP 12.43 6.69E-14 [11.30–13.57]
O2 +TE air+TE 5.54 6.69E-14 [4.40–6.67]
N2 +TE O2 +PP 4.99 6.69E-14 [3.82–6.16]
N2 +TE HCl 4.39 6.69E-14 [3.21–5.56]
N2 +TE air+PP 4.59 6.69E-14 [3.42–5.76]
N2 +TE air+TE 2.31 1.43E-10 [1.13–3.48]
O2 +PP HCl 0.61 0.60 [-0.57–1.78]
O2 +PP air+PP 0.40 0.93 [-0.77–1.57]
O2 +PP air+TE 7.30 6.69E-14 [6.13–8.45]
HCl air+PP 0.21 1.00 [-0.97–1.38]
HCl air+TE 6.69 6.69E-14 [5.52–7.86]
air+PP air+TE 6.90 6.69E-14 [5.73–8.07]
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A.2. Contact angles

Table A.2.: Contact angles (CA) in degree, measured for different cleaning treatments performed in a clean room facility.
Left and right CAs of 12 droplets were acquired for for 3 different samples per batch and 6 to 7 different batches per method.
Mean±SD (N).

No. HCl OTES O2 +TE OTES HCl TMCS O2 +TE TMCS HCl HMDS O2 +TE HMDS
1 86.4± 2.8 (72) 72.3± 3.5 (72) 67.6± 4.5 (72) 28.4± 1.4 (50) 92.6± 0.7 (72) 61.4± 5.4 (62)
2 91.3± 1.2 (72) 85.7± 2.3 (72) 68.1± 4.0 (72) 45.9± 3.3 (72) 84.8± 1.5 (72) 78.6± 3.0 (72)
3 85.6± 0.9 (72) 78.8± 0.8 (72) 70.8± 3.8 (72) 69.7± 2.0 (72) 83.4± 0.8 (72) 84.1± 1.4 (72)
4 85.1± 1.0 (72) 80.6± 2.5 (72) 62.7± 3.6 (72) 39.6± 1.9 (72) 85.3± 0.8 (72) 82.6± 1.3 (72)
5 84.5± 2.0 (72) 77.3± 1.7 (72) 59.3± 1.7 (72) 37.8± 2.7 (72) 90.6± 1.2 (72) 73.5± 4.7 (72)
6 88.3± 1.2 (72) 85.2± 0.9 (72) 59.9± 2.5 (72) 57.3± 1.8 (72) 84.4± 1.3 (72) 82.3± 0.7 (72)
7 - - - - - 58.2± 11.5 (72)
All 86.9± 2.8 (432) 80.0± 5.1 (432) 64.7± 5.6 (432) 47.4± 13.5 (410) 86.9± 3.6 (432) 74.6± 11.1 (494)

Table A.3.: Contact angles (CA) in degree, measured for HMDS silanized glass surfaces that were treated with different
plasmas. Left and right CAs of 12 droplets were acquired for 3 different samples per batch and 6 different batches per
method. Mean±SD (N).

No. O2 Air O2 +PP Air+PP Air+TE N2 +TE
1 76.7± 1.1 (72) 80.0± 1.6 (72) 90.1± 1.5 (72) 89.6± 2.2 (72) 79.8± 2.8 (72) 84.2± 1.3 (72)
2 79.7± 0.9 (72) 82.2± 1.4 (72) 89.1± 1.1 (72) 86.4± 2.5 (72) 78.9± 2.3 (72) 82.6± 1.3 (72)
3 78.7± 1.0 (72) 81.4± 0.8 (72) 89.7± 1.2 (72) 86.3± 3.4 (72) 79.8± 1.7 (72) 82.6± 1.1 (72)
4 79.3± 0.9 (72) 80.0± 0.8 (72) 88.3± 1.5 (72) 87.1± 1.6 (72) 77.8± 1.6 (72) 82.7± 1.1 (72)
5 76.7± 1.5 (72) 77.2± 1.0 (72) 85.1± 1.6 (72) 87.6± 1.0 (72) 82.6± 1.5 (72) 78.8± 1.5 (72)
6 - 78.8± 1.6 (72) 82.6± 2.1 (72) 85.4± 1.0 (72) 82.3± 3.9 (72) 84.0± 0.9 (72)
All 78.2± 1.7 (360) 80.0± 2.1 (432) 87.5± 3.1 (432) 87.1± 2.5 (432) 80.2± 3.0 (432) 82.5± 2.2 (432)
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A.3. Fitting of XPS peaks

Table A.4.: Gaussian fit parameters for Si 2p peaks recorded via XPS. Fit parameter± SD.
f(x;A,µ, σ, C) = Ae−(x−µ

2σ )2 + C

Sample A (counts/s) µ (eV) σ (eV) C (counts/s)
untreated 28665.3± 9.4 102.5± 0.1 0.9± 0.1 571.7± 5.4

air 27811.2± 8.6 102.7± 0.1 0.9± 0.1 539.7± 5.0
air+PP 27662.4± 8.8 102.7± 0.1 0.9± 0.1 406.7± 5.1

Table A.5.: Skewed Gaussian fit parameters for XPS O1s peaks. Fit parameter±SD.
f(x;A,µ, σ, γ, C) = A

σ
√

2πe
−(x−µ

2σ )2(1 + erf(γ(x−µ)
σ
√

2 )) + C.
Sample A (counts/s) µ (eV) σ (eV) γ (eV) C (counts/s)
untreated 31523.1± 0.1 532.7± 0.2 1.4± 0.2 -1.3± 0.3 31523.1± 15.3

air 423281.5± 0.1 532.9± 0.2 1.3± 0.1 -1.3± 0.3 31192.8± 222.0
air+PP 437368.4± 0.1 532.9± 0.2 1.4± 0.2 -1.3± 0.3 31540.8± 15.0

As the skewed Gaussian fits did not inform about the peak center, Gaussian fits were performed additionally. To determine
the peak center properly with a simple Gaussian, the fit region had to be reduced.

Table A.6.: Gaussian fit parameters for O 1s peaks recorded via XPS. Fit parameter±SD.
f(x;A,µ, σ, C) = Ae−(x−µ

2σ )2 + C.
Sample A (counts/s) µ (eV) σ (eV) C (counts/s)
untreated 95078.5± 0.1 532.0± 0.1 0.7± 0.3 113280.1± 0.1

air 83203.2± 0.1 532.2± 0.1 0.6± 0.3 118200.8± 0.1
air+PP 74010.0± 0.1 532.2± 0.1 0.6± 0.3 129296.4± 0.1
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Figure A.1.: Peaks (solid black line), Gaussian fits (solid cyan line), and skewed Gaussian fits (dashed cyan line) of the
untreated (left), air plasma (middle) and air+PP plasma (right) treated glass surfaces. Si 2p peaks are shown in the upper
and O1s peaks in the lower row. The peak center determined by the respective Gaussian is indicated by a vertical black line.
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A.4. Fitting of L-LSPR peaks

Table A.7.: Gaussian fit parameters for UV/Vis extinction spectra L-LSPR peaks of
CTAB AuNRs (C) and MUTAB AuNRs (M) in water (H2O), PEM buffer (PEM) or
PEM-microtubule solution (MTs). Rhodamine labeled AuNRs are indicated with RL.
Batches (B) 1 and 2 contain differently shaped AuNRs. Therefore, only measurements
within one batch are directly comparable. Note that the results for the undiluted and
1:2 diluted C and M H2O AuNRs should be the same but appear different possibly due
to the increased SNR caused by the dilution. Fit parameter±SD.
(x;A,µ, σ, C) = Ae−(x−µ

2σ )2 + C

B dil Sample A (a.u.) µ (nm) σ (nm) C (a.u.)
1 - C H2O 0.50± 0.05 691.5± 0.3 33.1± 0.5 0.003± 0.055
1 - M H2O 0.05± 0.03 703.6± 0.5 47.6± 1.2 -0.006± 0.032
1 1:2 C H2O 0.03± 0.03 698.0± 0.7 44.4± 1.5 -0.001± 0.032
1 1:2 C PEM 0.02,± 0.01 720.2± 1.6 56.5± 4.6 -0.002± 0.001
1 1:2 C MTs 0.02± 0.01 717.0± 1.3 65.8± 10.4 -0.005± 0.004
1 1:2 M H2O 0.03± 0.01 715.6± 0.7 67.4± 4.6 -0.009± 0.003
1 1:2 M PEM 0.02± 0.01 719.8± 1.2 72.4± 13.7 -0.008± 0.006
1 1:2 M MTs 0.02± 0.01 761.6± 2.1 41.7± 1.7 0.001± 0.001
2 - M H2O 0.37± 0.08 783.3± 0.8 60.1± 1.2 -0.002± 0.084
2 - M RL H2O 0.29± 0.05 790.5± 0.9 58.4± 1.0 0.014± 0.055
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CTAB AuNRs + PEM CTAB AuNRs + MTs

MUTAB AuNRs + PEM MUTAB AuNRs + MTs

Batch 1, 1:2 diluted

Batch 2

MUTAB RL-AuNRsMUTAB AuNRs

MUTAB AuNRs + H2O

CTAB AuNRs + H2O

Figure A.2.: UV/Vis extinction spectra (black line) and fits (magenta line) of CTAB and
MUTAB AuNRs. Batch 1 and Batch 2 contain differently shaped AuNRs. Therefore,
only measurements within one batch are directly comparable. For data and fits of
undiluted CTAB and MUTAB AuNRs in H2O, see Fig. 3.3. Note that the recommended
measurement range of the device was 220–750 nm. Thus, increased noise is visible above
750 nm. This noise was very pronounced for the 1:2 diluted samples due to the low
overall signal to noise ratio. To reduce the systematic error introduced by this noise, the
higher wavelengths were excluded from the fits of the 1:2 diluted AuNRs.
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